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Preface 


It is 15 years since the first edition of this book was published and 7 years since the sec¬ 
ond. The interest in angiogenesis, during the intervening time, continues to increase. It 
is a testament to the quality of the chapters included in the first two editions, and contin¬ 
ued expansion of interest in angiogenesis research, that we now have a third edition of 
the book. 

The original concept in writing this was, and still is, to provide angiogenesis researchers 
with a single source of relevant methodologies for cell isolation and assessing angiogenesis 
in vitro and in vivo. As always, inclusivity was key to this endeavor; techniques are described 
in detail and range in difficulty and resource requirements—this ensures that most, if not 
all, interested laboratories can participate in this exciting research area, irrespective oflevels 
of resource and expertise. 

As with the first two editions, the foundations remain firmly in place in the form of 
chapters on cell isolation, assessing angiogenesis in patient samples, and in vitro and in vivo 
assays, techniques that now form part of the canon of angiogenesis literature. A number of 
such chapters continue to be included in the current edition and have been updated to 
reflect changes that may have occurred since the previous edition. Our understanding of 
angiogenesis, and lymphangiogenesis, has moved on and our understanding of the com¬ 
plexities of the various processes involved is much more profound. As a result of this the 
current edition includes an expansion in the number of techniques, with many new chap¬ 
ters being included. There are now 27 chapters reflecting the diverse range of method¬ 
ological approaches available to researchers. 

There are new chapters on assessing leukocyte involvement in angiogenesis, lymphatic 
cell and pericyte isolation techniques, spheroid and ring based in vitro assays, and on peri¬ 
cyte involvement in angiogenesis. New in vivo based chapters include the chorioallantoic 
membrane models, corneal pocket assays to assess angiogenesis and lymphangiogenesis, 
models of muscle angiogenesis, and use of zebrafish embryos to study vascular angiogenesis 
and senescence. 

By expanding the number of chapters we have, inevitably, had to sacrifice certain chap¬ 
ters from the second edition—very difficult decisions. We like to think, however, that this 
volume will continue to provide not only a practical handbook for key techniques but also 
an informative and enjoyable read for all those interested, no matter how directly, in 
angiogenesis. 

Nottingham, UK Stewart G. Martin 

Birmingham, UK Peter W. Hewett 
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Microscopic Assessment 




Chapter 1 


Assessing Tumor Angiogenesis in Histological Samples 

Jia-Min Pang, Nicholas Jene, and Stephen B. Fox 

Abstract 

Tumor neovascularization acquires their vessels through a number of processes including angiogenesis, 
vasculogenesis, vascular remodeling, intussusception, and possibly vascular mimicry in certain tumors. 
The end result of the tumor vasculature has been quantified by counting the number of immunohisto- 
chemically identified microvessels in areas of maximal vascularity, so-called hot spot. Other techniques have 
been developed such as Chalkley counting and the use of image analysis systems that are robust and repro¬ 
ducible as well as being more objective. Many of the molecular pathways that govern tumor neovascular¬ 
ization have been identified and many reagents are now available to study these tissue sections. These 
include angiogenic growth factors and their receptors and cell adhesion molecules, proteases, and markers 
of activated, proliferating, cytokine-stimulated, or angiogenic vessels, such as CD105. It is also possible to 
differentiate quiescent front active vessels. Other reagents that can identify proteins involved in microen¬ 
vironmental influences such as hypoxia have also been generated. Although the histological assessment of 
tumor vascularity is used mostly in the research context, it may also have clinical applications if appropriate 
methodology and trained observers perform the studies. 

Key words Tumor angiogenesis, Microvessel density, Chalkley counts, Angiogenic factors, Hypoxia, 
Vascular grading 


1 Introduction 


Although it has been recognized for many centuries that tumors 
are more vascular than their normal counterpart, it is only since 
Folkmans’ hypothesis on anti-angiogenesis [1] that a more quanti¬ 
tative method for measuring the blood vasculature in tissue sec¬ 
tions has been pursued. Folkman and colleagues recognized that 
quantitation of the tumor vasculature might play an important role 
in predicting tumor behavior and patient management and there¬ 
fore developed a microscopic angiogenesis grading .system, desig¬ 
nated as the MAGS score. The score was calculated by measuring 
vessel number, endothelial cell hyperplasia, and cytology in tinctori- 
aliy stained tissue sections [2]. It was designed to be an objective 
method for quantifying tumor angiogenesis that would yield impor¬ 
tant information on the relationship to other clinicopathological 
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1.1 Mechanisms 
of Tumor 

Neovascularization 


tumor characteristics and aid the testing of anti-angiogenic therapies. 
However, although it was possible to classify tumors into 
“endothelial poor” or “rich,” the technical limitations of sample 
selection, inter- and intra-observer variation, and conceptual bio¬ 
logical problems were such that the technique could not be easily 
applied. Interest in grading tumor angiogenesis was rekindled in 
the 1980s and 1990s with the advent of nonspecific endothelial 
markers [3-5], but it has been only more recendy with the advent 
of more specific endothelial markers that quantitation studies have 
been performed. Most investigators have highlighted endothelium 
using immunohistochemistry and based quantification on a 
method developed by Weidner et al. [6]. This method highlights 
the tumor vasculature with immunohistochemistry and counts 
individual vessels in the most vascular areas (so-called hot spots) of 
the tumor. These studies have shown that an increased microvessel 
density is a powerful prognostic tool in many human tumor types 
(reviewed in [7]). Nevertheless, due to limitations in capillary 
identification and quantitation, not all investigators have been able 
to confirm a relationship between tumor vascularity and prognosis 
(reviewed in [8]). This chapter will briefly discuss the consider¬ 
ations in quantifying tumor angiogenesis by microvessel quantita¬ 
tion in tissue sections and give the current optimal protocol for 
assessment. Since an increased understanding of how tumors 
acquire a neovasculature has emerged over the last few years along 
with the identification of the molecules involved in these processes, 
the pathways involved in tumor neovascularization and the micro¬ 
environmental influence such as hypoxia that profoundly affect the 
vascular program will also be discussed. 

The hypothesis presented by Judah Folkman that tumors are angio¬ 
genesis dependent [9] is likely only to be pardy the case, with the 
tumors using a variety of mechanisms to establish a blood supply. A 
non-angiogenic mechanism of tumor growth that occurs in lung 
carcinomas [10] and in secondary breast cancer metastasis to lung 
[11] is where tumor cells fill the existing structure within the lung, 
i.e., the alveolar spaces, whether primary or metastatic without 
destroying the underlying architecture with the tumor using the 
established blood vessels rather than generating new vessels as occurs 
during angiogenesis. Thus, there is no associated stromal desmopla¬ 
sia, and unlike many solid tumors that are more vascular than their 
normal tissue counterpart, these tumors have a similar vascularity as 
normal lung. A similar co-option model has also been described in a 
brain tumor model whereby early in development, the tumor uses 
the existing blood vessels without eliciting an angiogenic response 
[12, 13]. The co-option model is also likely to occur in other tumor 
types such as colorectal hepatic metastases [14]. Thus in some 
circumstances, tumors are able to “parasitize” the normal stroma 
and sinusoidal vasculature for their metabolic needs. 
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Vasculogenesis, the de novo generation of blood vessels from 
endothelial progenitors, is another method exploited by tumors to 
generate neovessels. This has been reported in animal models and 
in some human tumors such as inflammatory subtype breast tumors 
[15-19]. The importance of this method of tumor vascularization 
may be more relevant in early tumor development since inhibition 
of stem cells or endothelial cell precursor mobilization prevents 
xenografts from inducing the initial angiogenic response [20]. 

Although currently there is a paucity of evidence, it has also 
been suggested that intussusception contributes to the establish¬ 
ment of a tumor blood supply. This is the process by which larger 
vessels within a tumor are divided by columns of tumor cells split¬ 
ting an individual large vessel into two or more channels. Unlike 
conventional sprouting angiogenesis, endothelial cell proliferation 
is not a feature [21, 22]. This may be part of vascular remodeling 
which may be the dominant mechanism in the establishment of the 
tumor vascular bed [23-25]. 

Another somewhat contentious mechanism of neovasculariza¬ 
tion is vascular mimicry [26]. Vascular mimicry has been reported 
in aggressive ocular melanomas and ovarian tumors [26] and to be 
associated with poor survival in several cancers, including colorectal 
carcinoma, hepatocellular carcinoma, melanoma, non-small cell 
lung carcinomas, and sarcoma [27]. This is where the neoplastic 
cells rather than endothelial cells line the blood vessels and conduct 
the blood [28, 29]. The tumor cells acquire both the morphology 
and phenotype of endothelium and co-express some vascular mark¬ 
ers. Partial lining of the blood vessels by tumor cells has been known 
for many years [30] and more recently reported in animal models 
using advanced techniques [31], but in our experience using mor¬ 
phology and double immunohistochemistry, this is not frequently 
observed in the common solid tumors (unpublished data). 


2 Materials 


1. Silane-coated or charged microscope slides (e.g., Superfrost 
Plus®). 

2. Oven at 37 °C/hot plate at 70 °C. 

3. Xylene or xylene substitute (e.g., Citroclear, Histolene). 

4. Graded alcohols (100, 90, and 70 % ethanol). 

5.5% H 2 0 2 in methanol (methanol and 30 % hydrogen peroxide). 

6. IHC reaction buffer: phosphate-buffered saline (PBS), Tris- 
buffered saline (TBS), or commercial preformulated buffer 
(e.g., Ventana reaction buffer). 

7. 10 mM citrate pH 6.0 or commercial products: high-pH TRS pH 
9.0 (Dalco), Cell Conditioning Solution CC1 pH 8.0 (Ventana). 
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8. Pressure cooker or automated platform, e.g., Ventana 
Benchmark Ultra, Leica Bond. 

9. Antibodies to CD31 (JC70; Dako M0823), CD34 
(QBEND10; Dako M7165) for vascular endothelium, and 
D2-40 (D2-40; Dako M3619) and LYVE-1 (Abeam abl4917) 
for lymphatic endothelium. Double immunohistochemistry 
using markers of proliferation such as I<i-67 [32] and BrdU 
[23] can be considered if proliferating endothelium needs to 
be assessed. 

10. Detection system: streptavidin-biotin kit or polymer detection 
systems, e.g., EnVision FLEX (Dako), Ultraview (Ventana). 

11. Chromogens: diaminobenzidine (DAB), Fast Red. 

12. Counterstain: Scott’s Tap Water, Mayer’s hematoxylin. 

13. Mountant, e.g., Pertex, Ultramount. 

14. Microscope cover slips. 

15. Chalkley graticule (25 dot). 


3 Methods 


3.1 Highlighting 
the Vasculature 
in Tissue Sections 


It should be emphasized that time should be devoted to optimiza¬ 
tion and validation of the immunohistochemical staining proce¬ 
dure since quality staining with little background greatly facilitates 
assessment. Consideration should be given to antibody clone 
choice, antigen retrieval methods, primary antibody titration, and 
the choice of detection system. Some chromogens form alcohol- 
soluble end products (e.g., AEC and BCIP/NBT) and care must be 
taken to use an aqueous mountant with these products. Many histo- 
pathology laboratories are well versed in immunohistochemistry 
necessitating only minor adjustments to the in-house protocol. 

Most current diagnostic histopathology laboratories will per¬ 
form all immunohistochemical staining using fully automated 
instrumentation. Several companies offer instruments capable of 
fully automated slide preparation including Ventana Benchmark, 
Leica Bond, and Dako Omnis. The main advantages of running 
immunohistochemistry with an automated platform include 
increased workflow, productivity, and greater consistency in slide 
staining. In busy laboratories, turnaround time and the ability to 
run slides overnight unattended are of high importance. 
Optimization of each individual antibody is initially performed in 
the laboratory using recommended detection reagents specific to 
the instrument. Most automated platforms provide reasonable 
flexibility in protocol optimization; however, most will only oper¬ 
ate using detection reagents provided by the instrument’s manu¬ 
facturer. Once a protocol is validated, slides are sectioned and 
dried, and all other steps are performed onboard the instrument 
excluding clearing and cover slipping. 



Assessing Tumor Angiogenesis in Histological Samples 


7 


All steps performed on an automated system can be performed 
manually in the laboratory; some manual procedures are outlined 
below. 

3.1.1 Manual Staining 1. Cut 3-4 pm formalin-fixed paraffin-embedded sections of the 

Procedure representative tumor block onto silane-coated or charged slides. 

2. If using a fully automated platform, e.g., Ventana Benchmark 
Ultra, all steps following cutting of the tissue section may be 
performed onboard the instrument (excluding cover slipping). 

3. Dry at 37 °C overnight in an incubator or melt for 15 min on 
70 °C hot plate. 

4. Dewax using xylene or substitute for 15 min before passing 
through graded alcohols (100 % ethanol, 100 % ethanol, and 
70 % ethanol) into water. 

5. Place in IHC reaction buffer for 5 min. 

6. Perform antigen retrieval as required, either in a pressure 
cooker or water bath. 

7. Apply primary antibody at room temperature as outlined in 
Table 1. 

8. Block endogenous peroxidase if using a horseradish peroxidase 
(HRP)-detection system. Incubate the slides in 3-5 % hydrogen 
peroxide in distilled water or methanol for 10 min (methanol is 
gender on sections that show poor adhesion to the slides). 

9. Rinse three times in IHC running buffer for 5 min. 

10. Apply the appropriate detection system as outlined below. 
Ensure that detection system takes into account the type of 
primary antibody, i.e., whether mouse monoclonal or rabbit 
polyclonal or rabbit monoclonal. 

3.1.2 Detection Systems The choice of detection system will depend upon the type of pri¬ 

mary antibody and the sensitivity required for the assay. 

Table 1 

Primary antibodies and immunohistochemistry conditions for detection of vascular and lymphatic 

channels in tissues 


Antibody 

Antigen retrieval 

Clone/source 

Dilution 

Incubation 

(min) 

CD31 

(monoclonal) 

Ultra Cell Conditioning 1 
(Ventana), 100 °C for 32 min 

IC70a; Dako (M0823) 

1/50 

30 

CD34 

(monoclonal) 

None 

QBEND10: 

Immunotech (0786) 

1/50 

30 

D2-40 

(monoclonal) 

Pressure cook @ 125 °C for 2 min 
in TRIS/EDTA pH 9 

D2-40: Dako (M3619) 

1/50 

30 

LYVE-1 

(polyclonal) 

Pressure cook @ 125 °C for 2 min 
in 10 mM citrate pH 6.0 

Poly: Abeam (abl4917) 

1/500 

30 





8 


Jia-Min Pang et al. 


3.1.3 Chain Polymer- 
Conjugated Technology 


3.1.4 StreptABC 
(Avldln-Biotin Complex) 


This type of detection system uses an inert dextran backbone that 
has been labeled with multiple copies of HRP to enhance the 
detection system. Most major suppliers offer these detection sys¬ 
tems (e.g., Dalco EnVision FLEX, Ventana Ultraview). The main 
advantage of these systems over older biotin-based detection sys¬ 
tems is that there is no possibility of binding with endogenous tis¬ 
sue biotin. These detection kits give good sensitivity and are more 
rapid than the alkaline phosphatase anti-alkaline phosphatase 
(APAAP) technique as they only require a single step for detection. 
Although some antibodies come already attached to the polymer 
allowing a single-step staining method, many antibodies are not 
available and thus utilize a two-step method where a primary anti¬ 
body is followed by a mouse- or rabbit-labeled dextran-HRP com¬ 
plex. The sensitivity results from the conjugate having 100 s of 
enzyme molecules and multiple secondary anti-mouse (or rabbit) 
antibody molecules per backbone. The chromogen 3,3-diamino- 
benzidine (DAB) forms a brown insoluble end product when it is 
oxidized in the presence of hydrogen peroxide. Other chromogens 
may also be used with these kits, such as Naphthol Fast Red which 
forms a red alcohol-soluble precipitate. Detection kits contain all 
the necessary reagents for each step including blocking if required. 
If double immunohistochemical staining is being considered, the 
technology allows for discrimination using different secondary 
reagents and substrates. 

1. Wash the slides in IHC running buffer after the primary anti¬ 
body incubation. 

2. Incubate the sections with the polymer solution for 30 min. 

3. Rinse the sections three times with IHC running buffer. 

4. Apply the chromogen substrate (e.g., DAB) for 10 min. 

5. Rinse in tap water for 2-3 min. 

6. Counterstain and then wash off excess in running tap water. 

7. Dehydrate, clear, and mount. 

This method uses the high affinity of streptavidin for biotin. It 
requires sequential application of a biotinylated secondary anti¬ 
body followed by a tertiary antibody complex of streptavidin-bio¬ 
tin HRP. The open sites on the streptavidin complex to the biotin 
on the secondary antibody. StreptABC kits may come as predilute 
or ready-to-use reagents or may require titration of the secondary 
antibody. Ensure that the secondary antibody is appropriate for the 
primary antibody. A blocking step for endogenous biotin may be 
required if background binding is observed. Commercial kits are 
available for this purpose. 

1. Apply the secondary antibody for 15-30 min. 

2. Wash the slides in IHC running buffer. 
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3.1.5 APAAP 


3.2 Assessment 
of Tumor Blood 
Vascularity 


3. Apply the streptavidin complex for 15-30 min. 

4. Apply the chromogen substrate for 5-10 min. 

5. Rinse the slides in tap water and counterstain if desired. 

6. Mount in aqueous mountant if using an alcohol-soluble 
chromogen. 

Otherwise, dehydrate in graded alcohols, then clear in xylene, 
and mount with permanent mountant. 

This method uses a soluble enzyme anti-enzyme antibody complex 
(calf intestinal APAAP) to act on new fuchsin substrate. The pri¬ 
mary and final antibody complex are bridged by excess rabbit anti¬ 
mouse antibody that binds to the primary mouse antibody with 
one Fab leaving a Fab site free to bind the tertiary complex. 
Repeated rounds of application with secondary and tertiary anti¬ 
bodies amplify the staining intensity. The enzyme hydrolyzes the 
naphthol esters in the substrate to phenols which couple to color¬ 
less diazonium salts in the chromogen to produce a red color. 
Endogenous alkaline phosphatase is inhibited by the addition of 5 
mM levamisole that does not inhibit calf intestinal alkaline 
phosphatase. 

1. Apply the secondary antibody for 30 min. 

2. Wash the slides in IHC running buffer. 

3. Apply the tertiary complex for 30 min. 

4. Wash the slides in running tap water. 

5. Counterstain if required. 

6. Mount in aqueous mountant if using an alcohol-soluble chro¬ 
mogen. Otherwise, dehydrate in graded alcohols, then clear in 
xylene, and mount with permanent mountant. 

Confirm satisfactory staining using normal entrapped vasculature as 
internal positive control. An optional parallel negative control sec¬ 
tion using an IgG ^ isotype antibody may be used. The three “hot 
spot” areas containing the maximum number of discrete microves¬ 
sels should be identified by scanning the entire tumor at low power 
(x40 and xlOO) (Fig. 1). This is the most subjective step of the 
procedure. It has been demonstrated that the experience of the 
observer determines the success of identifying the relevant hot spots 
[33]. Poor selection will in turn lead to an inability to classify 
patients into different prognostic groups. Therefore it is recom¬ 
mended that inexperienced observers spend time in a laboratory 
where a period of training can be undertaken. Ideally comparisons 
between hot spots chosen by an experienced investigator and trainee 
should be performed and continued on different series until there is 
>90 % agreement. Training can be completed by assessing sections 
from a series which already contains prognostic information [32]. 
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Fig. 1 The tumor is scanned at low power (x40-100) (center), and the three areas that contain the highest 
number of discrete microvessels are selected 


Inexperienced observers tend to be drawn to areas with dilated 
vascular channels, often within the sclerotic body of the tumor. 
These central areas together with necrotic tumor should be 
ignored. Vascular lumina or the presence of erythrocytes is not a 
requirement to be considered a countable vessel, and indeed, many 
of the microvessels have a collapsed configuration. Although the 
hot spot areas can occur anywhere within the tumor, they are gen¬ 
erally at the tumor periphery making it important to include the 
normal-tumor interface in the representative area to be assessed. 
Vessels outside the tumor margin by one x2 00-2 50 field diameter 
and immediately adjacent benign tissues should not be counted. 
The procedure takes 2-5 min. 

3.3 Chalkley Once selected, a 25-point Chalkley point eyepiece graticule [34] at 

Counting x200-250 should then be oriented over each hot spot region so 

that the maximum number of graticule points is on or within areas 
of highlighted vessels (Fig. 2). Particular care should be taken in 
the occasional case (<1 % breast cancers) where an intense plasma 
cell infiltrate can mimic a hot spot and also obscure the underlying 
tumor vasculature. Plasma cells can otherwise be disregarded on 
morphological grounds. The mean of the three Chalkley counts is 
then generated for each tumor and used for statistical analysis. 
The procedure takes 2-3 min. 
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3.4 Intratumoral 
Micro vessel Density 


3.5 Vascular Grading 



Fig. 2 Areas of tumor containing the highest number of discrete microvessels are 
examined at high power (x200-250), and the Chalkley point graticule is then 
rotated in the eyepiece so the maximum number of graticule dots coincides with 
the vessels or their lumens, which are then recorded 


For this index any endothelial cell or endothelial cell cluster 
separate from adjacent microvessel, tumor cells, or matrix elements 
is considered a countable vessel. Those that appear to be derived 
from the same vessel if distinct should also be counted. Again 
vessel lumens and erythrocytes are not included in the criteria 
defining a microvessel. There is no cutoff for vessel caliber. The 
procedure takes 3-6 min. 

To facilitate assessing angiogenesis in tissue sections, akin to semi- 
quantitative tumor grading, a vascular grading based on the sub¬ 
jective appraisal by trained observers over a conference microscope 
has been assessed [6, 35]. Significant correlations were demon¬ 
strated between vascular grade and both microvessel density 
(^=0.002) and Chalkley count (^=0.0001). Although the method 
is reproducible [36], delineating criteria is difficult due to the sub¬ 
jective nature of the system, and a considerable investment in time 
would be required to align the cutoffs required for multicenter 
studies. However, although there is some loss of power associated 
with translation of numerical to categorical data, the overall time 
savings engendered by this make it an attractive proposition. 
Nevertheless, further validation in a large series of randomized 
patients is warranted to determine its prognostic utility before its 
application can be considered in such studies. 
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3.6 Novel Angiogenic 
Antigens 


3.6.1 CD 105 (Endog I in) 


3.6.2 Nestin 


3.7 Tumor Vascular 
Architecture 


Instead of highlighting all the tumor-associated endothelium, an 
alternative approach would be to selectively identify only the vas¬ 
culature that is undergoing active neovascularization. This might 
be valuable not only in more accurately quantifying tumor angio¬ 
genesis but might also have important implications for anti-vascu- 
lar targeting [37]. A number of antibodies have been identified 
which recognize antigens that have been reported to be upregu- 
lated in tumor-associated endothelium compared with normal tis¬ 
sues and include EN7/44, endosialin, endoglin (CD105), and 
nestin [32, 38]. 

CD 105 is an accessory receptor for transforming growth factor 
beta, upregulated in proliferating endothelial cells and believed to 
be more specific to newly formed vessels compared with CD31 and 
CD34. CD105-derived microvascular density has been found to 
be more closely associated with prognosis in several forms of can¬ 
cer, including astrocytoma, glioblastoma, upper urinary tract uro¬ 
thelial carcinoma, non-small cell lung cancer, hepatocellular 
carcinoma, and breast carcinoma, compared with CD31 and CD34 
[39-42], and is more closely correlated with VEGF expression 
compared with CD31 [40]. 

CD 105 can be expressed in tumor cells in addition to endo¬ 
thelial cells [43-45], complicating its use with automated image 
analysis. 

Phase I and II clinical trials are in progress examining the use 
of TR105, an anti-CD105 antibody, in combination with bevaci- 
zumab (vascular endothelial growth factor (VEGF) monoclonal 
antibody) or VEGF receptor (VEGFR) tyrosine kinase inhibitors 
in several cancer types, including the relationship between CD105 
expression and clinical response [46]. 

Nestin is an intermediate filament protein, present in proliferating 
endothelial progenitor cells but not mature endothelial cells [47]. 
Nestin expression in endothelial cells has been reported to be cor¬ 
related with expression of proliferation markers Ki-67 and PNCA 
[48-50] and to be more closely associated with prognosis than 
CD34 in colorectal carcinoma [48]. In breast cancer, co-expression 
of nestin and Ki-67, as a marker of microvessel proliferation, was 
associated with aggressive phenotypic features and poor survival 
[51]. As with CD 105, nestin can also be expressed in tumor cells 
themselves [49] and expressed in association with inflammation. 

The vascular morphology of tumors is different within tumors of 
similar and different histological types [30]. It has been suggested 
that particular vascular patterns might both help distinguish benign 
from malignant lesions [52, 53] and be a prognostic marker; in 
ocular melanomas, a closed back-to-back loop vascular pattern was 
associated with death from metastasis [54], and in lung carcinoma 
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3.8 Computer-Aided 
Image Analysis 


distinct patterns of neovascularization might potentially respond 
differently to anticancer treatments [55]. In addition, it has been 
recendy reported that the distribution of lymphatic vessels near the 
tumor edge in carcinoma of the cervix was associated with the pres¬ 
ence of lymphovascular invasion and lymph node metastases [56]. 

We and others have attempted to automate the counting proce¬ 
dure by using computer image analysis systems [4, 33, 57-67]. 
These systems have several drawbacks not including the capital and 
running costs notwithstanding over those shared with manual 
methods. An endothelial marker that gives sensitive and specific 
capillary staining is essential to reduce background signal. 

Computer simulation of Chalkley counting using ImageJ, a 
public-domain image processing program, has been demonstrated 
to show high correlation with traditional Chalkley counts, but this 
still requires operator input to select hot spots for analysis [68]. 
Currently, there is no software available that can identify hot spots 
but, when developed, the requirement for motorized stages will 
add further expense. Although partially automated systems with 
area and shape filters using defined color tolerances are available, 
most systems are not fully automated, require a high degree of 
operator interaction, and like manual counting suffer from observer 
bias. Currently computer image analysis is more costly, time con¬ 
suming, and no more accurate than a trained observer, and these 
factors make it unsuitable to routine diagnostic practice. In addi¬ 
tion, correlation between image analysis-determined microvascular 
density and manual microvascular density assessment and associa¬ 
tion of image analysis-determined microvascular density with clini¬ 
cal outcome are yet to be established. Hansen et al. reported poor 
correlation between image analysis and manual determination of 
microvascular density using miRNA-126 and CD 3 4 [69], while 
Mohammed et al. reported acceptable correlation of microvascular 
density between the two methods, but the image analysis-derived 
microvascular densities were not associated with clinical outcome 
in patients with invasive breast cancer [70]. 

Computer image analysis systems do however have the advan¬ 
tage of being able to quantify the whole section rather than hot 
spots, but the prognostic implications of whole tumor vascularity 
will need to be established. Computer-aided image analysis also 
allows 3D-reconstructions of vessel systems, such as that per¬ 
formed by Asioli et al. who demonstrated the spatial organization 
of pre-lymphatics in breast tissue [71]. In addition, more complex 
calculations of vessel parameters are able to be determined than by 
the human eye alone. This is useful as vasculature, like most natural 
objects, have non-Euclidean geometry [72]. Computer-aided 
image analysis can be used to determine fractal parameters [72]; 
however, the utility of these as predictive and prognostic markers is 
yet to be fully determined. 
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Nevertheless, data from these studies have demonstrated that 
most vascular indices including microvessel density, vessel perime¬ 
ter, and vascular area are significantly correlated suggesting that 
they are equivalent indices of angiogenesis [59]. However, previ¬ 
ously it had been hypothesized that microvessel density might not 
be the most important vascular parameter, since a large vascular 
perimeter or area might be a better measure of angiogenesis since 
these may reflect the functional aspects of endothelial surface and 
volume of blood available for interaction with the tumor [59]. 
Open-source software, such as AngioTool [73], have been devel¬ 
oped to determine morphological and spatial parameters of vascu¬ 
lar networks and validated in preclinical models. In human tumors, 
high vessel complexity and large vessel size have been reported to 
be associated with poor survival in breast cancer patients, which 
the study authors hypothesize is related to the functional implica¬ 
tions of these vessels [74]. 


4 Notes 


1. Since endothelium is highly heterogeneous [75], the choice of 
antibody profoundly influences the number of microvessels 
available for assessment. Many such as those directed to vimen- 
tin [57], lectin [4, 76], alkaline phosphatase [3], and type IV 
collagen [58, 77] suffer from low specificity and are present on 
many non-endothelial elements. Others including antibodies 
to Factor VHI-related antigen and the marker used in most 
studies [6, 35, 78-83] identify only a proportion of capillaries 
and also detect lymphatic endothelium. The most specific and 
sensitive endothelial marker currently available is CD 31 which 
is present in most capillaries and is a reliable epitope for immu- 
nostaining in routinely handled formalin-fixed paraffin-embed¬ 
ded tissues [84]. CD34 has been recommended by the Second 
International Consensus on the Methodology and Criteria of 
Evaluation of Angiogenesis Quantification in Solid Human 
Tumors. However, care is required when interpreting staining 
since some stromal cells also express this antigen, particularly 
in breast [32]. 

Once the tumor vasculature has been immunohistochemi- 
cally highlighted, the tumor is scanned at low magnification 
(x40-100) to identify angiogenic hot spots [6, 35]. The num¬ 
ber of vessels is then quantified at high magnification (x200- 
400; field area 0.15-0.74 mm 2 ) in these regions. These areas 
of high vascularity are chosen on the basis that these are the 
tumor regions which are likely to be biologically important. 
A high magnification (which will identify more microvessels by 
virtue of increased resolution [85]) used over a too small an 
area will always give a high vessel index, whereas a low magni¬ 
fication over too large an area will dilute out the “hot spot.” 
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Further, tumors naturally have a limited number hot spots 
which would be diluted if too many were counted. Thus, 
although the number of hot spots assessed varies from 1 to 5 
[6, 35, 78, 79, 86-88], most studies have examined three from 
a single representative tissue block. Nevertheless, both the 
magnification used and its corresponding tumor field area will 
determine the vessel number derived from each hot spot. It is 
thus recommended that three regions are examined using a 
microscope magnification of field area of between x200 and 
400 (corresponds to areas of approximately 0.15-0.74 mm 2 
depending on the microscope type) [32, 59]. 

Although less subjective than identifying angiogenic hot 
spots [32], the process of counting vessels has also resulted in 
significant variation in published series. This has been empha¬ 
sized in the study of Axelsson et al. [89] where the authors, after 
an initial training period with Weidner, who defined the criteria 
as to what constituted individual microvessels (see Subheading 3), 
did not observe a correlation between microvessel density and 
patient survival. Even experienced observers occasionally dis¬ 
agree as to what constitutes a microvessel. To overcome these 
problems, after selection of each hot spot, a 2 5-dot Chalkley 
microscope eyepiece graticule [34] has been used to quantify 
tumor angiogenesis (see Subheading 3). This method is not only 
objective, since no decision is required as to whether adjacent 
stained structures are separate, but is rapid (2-3 min per section) 
and reproducible and gives independent prognostic information 
in breast [59, 90, 91] and bladder [92] cancers. Thus, it is cur- 
rendy the preferred method contained in a multicenter discus¬ 
sion paper [32]. 

The final consideration in quantifying angiogenesis is the 
difference in the value used for stratification into different study 
groups. This alone will result in different conclusions being 
drawn from the same data set. Studies have used the highest, 
the mean, the median [85], tertiles [59], mean count in node¬ 
negative patients with recurrence [81] or variable cutoffs given 
as a function of tumor area [6, 35], or microscope magnifica¬ 
tion [88]. The use of the median and tertile groups avoids 
strong assumptions about the relationship between tumor vas¬ 
cularity and other variables including survival and is therefore 
useful clinically. However, there is some loss of information 
making it optimal to use continuous data where possible. 


5 Other Measures of Tumor Vascularity 

5.1 Other Measures The microvessels highlighted by immunohistochemistry in a 
of Angiogenesis tissue section are the conclusion of a dynamic multistep process. 

The evolving neovasculature is the result of a complex interplay 
between extracellular matrix remodeling, endothelial cell migration 
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5.2 Angiogenic 
Factors and Receptors 


and proliferation, capillary differentiation, and anastomosis [93, 
94]. Although it may soon be possible to measure these continu¬ 
ous processes in vivo, human tissue measurement of molecules 
involved in these events might be surrogate end points of angio¬ 
genesis. Thus partly due to many of the inherent and method¬ 
ological difficulties of vascular counts, these alternative strategies 
for quantifying tumor angiogenesis have also been pursued. 

Angiogenesis is the result of the net change in the balance of angio¬ 
genic stimulators and inhibitors (i.e., gain of promoters and/or 
loss of inhibitors). There are now numerous reports documenting 
upregulation of several angiogenic factors and their receptors at 
the rnRNA and protein level using a variety of techniques in a 
range of histological tumor types including breast [95-102]. 

The prototypical factor is vascular endothelial growth factor 
(VEGF). Bevacizumab, a monoclonal antibody against VEGF, and 
several small-molecule inhibitors of vascular endothelial growth 
factor receptors (VEGFRs) have been approved for clinical use in 
several types of cancer [103, 104]. Bevacizumab (Avastin) is cur¬ 
rently approved by the FDA for treatment of metastatic colorectal 
carcinoma, metastatic renal cell carcinoma, non-small cell carci¬ 
noma of the lung, and glioblastoma [105]. Previous approval for 
the treatment of metastatic HER2-negative breast cancer was 
withdrawn in 2011 due to the lack of demonstrated clinical benefit 
[106]. Small-molecule inhibitors of VEGFRs currently in clinical 
use include sorafenib, used in the treatment of advanced renal cell 
carcinoma, unresectable hepatocellular carcinoma, and recurrent 
or metastatic differentiated thyroid carcinoma refractory to radio¬ 
active iodine therapy, and sunitinib, used to treat metastatic renal 
cell carcinoma, gastrointestinal stromal tumor, and pancreatic neu¬ 
roendocrine tumors [103, 107, 108]. 

A significant relationship between tumor VEGF levels and 
microvessel density has been shown in breast tumors [109-111]. 
Furthermore, some studies demonstrated that tumor VEGF 
expression levels gave prognostic information in breast carcinomas 
[112-117] that the power of which may be improved by combin¬ 
ing it in a ratio with soluble fit-1 [118]. Studies have also demon¬ 
strated the association of VEGF with prognosis in other cancer 
types, including soft tissue sarcomas [119], prostate carcinoma 
[120], colorectal carcinoma [121], pancreatic adenocarcinoma 
[122], and glioblastoma [123]. 

However, this is a complex pathway with four direct members 
VEGF-A, VEGF-B, VEGF-C, and VEGF-D with the VEGF-A and 
VEGF-C genes generating additional isoforms through alterna¬ 
tive splicing. These variably bind to three receptors, VEGF receptor 
(VEGFR)-l, VEGFR-2, and VEGFR-3, with the latter largely 
restricted to lymphatic endothelium in normal tissues. VEGF-C and 
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VEGF-D are expressed in areas of lymphatic sprouting during 
embryonic development, and some studies have shown a correlation 
between VEGF-C levels [124, 125] or VEGFR-3 [124] and lymph 
node metastases. Other family ligand members and co-receptors 
such as placenta growth factor and neuropilins, respectively, further 
complicate the pathway. However, not all studies have shown asso¬ 
ciations with clinicopathological factors [124-126]. It is also 
unknown for human breast tumors what is the dominant factor or 
isoforms at different stages of neoplastic progression. Some studies 
ofVEGF-D expression in breast, colon, and endometrium have sug¬ 
gested that this may also be an independent prognostic marker 
[127-129]. It has been further suggested that VEGF-D may be par¬ 
ticularly important in inflammatory breast cancer [130]. 

However, in our experience, the assessment of VEGF in histo¬ 
logical sections by immunohistochemistry is not straightforward 
due to the presence of widespread nonspecific staining. 

Thymidine phosphorylase (TP) is another angiogenic factor 
that appears to be important in human cancer. This migratory 
rather than mitogenic angiogenic factor is expressed in in situ 
[131], and invasive breast cancer [132] has also been associated in 
some studies with microvessel density [132, 133] and patient sur¬ 
vival [134-137]. 

Different tumors use different angiogenic factors during the 
various phases of their development (breast carcinomas co-express 
VEGF and TP [138] whereas they are reciprocally expressed in 
bladder cancers [139, 140]), and it is likely that determining spe¬ 
cific profiles for individual tumor types might assume greater 
importance in quantitative tumor angiogenesis. Nevertheless, 
some sera investigations may be compromised by the high VEGF 
levels present in platelets and not reflect tumor-derived VEGF, 
suggesting plasma measurement may be more accurate [141]. 

5.3 Endothelial Cell 

Proliferation 


It is now possible to measure endothelial cell proliferation in tissue 
sections using double immunohistochemistry with antibodies to 
endothelial markers to discriminate endothelial cells from other tis¬ 
sue elements in conjunction with antibodies to proliferation mark¬ 
ers. We have used combinations of CD 31 orCD34 (for endothelium) 
and BrdU and Ki67 (MIB-1) (as proliferation markers) with good 
results, but some of the newer cell cycle markers that can also be 
used on archival tissue, such as minichromosome maintenance pro¬ 
teins 2 and 5, may also be of use [142, 143]. Tins technique allows 
simultaneous assessment of tumor and endothelial cell prolifera¬ 
tion. High vascular proliferation index has been associated with 
aggressive features and poorer survival in breast cancer [51] and 
may aid the stratification of patients for novel therapies. Studies of 
lymphatic endothelial cell proliferation using lymphatic markers 
and proliferation markers can also be undertaken. 
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5.4 Vessel 
Maturation Index 


5.5 Cell Adhesion 
Molecules 


A late event in the establishment of a tumor blood supply, which 
accompanies downregulation of endothelial cell proliferation, is 
pericyte recruitment and secretion of a basement membrane. This 
basement membrane is irregular and is composed of abnormal 
ratios of fibronectin, laminin, and collagen depending on the mat¬ 
uration state of the capillary. Although many studies have docu¬ 
mented the heterogeneity, few studies have assessed the significance. 
Nevertheless, some studies have examined the ratio of endothelial 
cells with a pericyte [144] or basement membrane [25] cover as a 
surrogate of vessel maturation. There is great variation between 
tumor types [144, 145], but studies in breast carcinomas have 
shown that the vessel maturation index (VMI) gives a different 
measure to that of microvessel density. There is continual remodel¬ 
ing of vessels in normal breast, a subset of patients can be identified 
who have an elevated risk of node recurrence, and the vessel matu¬ 
ration index potentially gives more functional information [25]. 

Increasing evidence suggests that many of the endothelial cell 
adhesion molecules (CAMs) of the immunoglobulin, cadherin, 
selectin, and integrin superfamilies, which have physiological roles 
in immune trafficking and tumor metastasis, also play a major role 
in angiogenesis [146]. In particular, differential VE-cadherin 
expression, thought to be controlled by VEGF and Notch signal¬ 
ing, has recently been shown to play an important role in the 
proper formation of vessels during sprouting angiogenesis. Under 
high VEGF conditions, such as in tumors, VE-cadherin expression 
is dysregulated and differential endothelial cell movement is 
impaired resulting in abnormally formed vessels [147]. 

Some clinical studies indicated that melanoma patients with 
upregulated CAMs on endothelium have a significantly worse 
prognosis and these studies validated the interest in CAMs and 
their cognate ligands in tumor angiogenesis [148, 149]. Indeed 
soluble CAMs are readily identified in sera of cancer-bearing 
patients, although their relationship to tumor angiogenesis is yet 
unknown [150, 151]. Similarly integrins, including b3av, also 
appear to be upregulated in human breast carcinomas compared to 
normal or benign breast and might also be a potential surrogate 
marker for angiogenesis [152, 153]. Therefore cell adhesion mol¬ 
ecules are potential targets for anticancer therapies. These targeted 
agents include intetumumab, a monoclonal antibody to ravp 1, 
(i\j)3, otvp5, and ocvp6 integrins, and cilengitide, an inhibitor of 
integrins oevp3 and oevp5. These agents have been evaluated in 
phase II clinical trials in a variety of cancers including prostate cancer 
[154], non-small cell lung carcinoma [155], melanoma [156,157], 
and glioblastoma [158]. However, recently, a phase III clinical trial 
of cilengitide in addition to standard treatment in glioblastoma 
reported no survival benefit [159]. 
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5.6 Proteolytic 
Enzymes 


5.7 Hypoxic Markers 


Several studies have demonstrated that proteolytic enzymes includ¬ 
ing the plasminogen activators and the matrix metalioproteinases 
that are important in tumor cell invasion and migration are also 
important in angiogenesis [160-165]. Although no correlation 
was observed between microvessel density and both uPA and 
PAI-1 [166], the poor prognosis in tumors [167-173] associated 
with elevated levels of the uPA system are likely to be partly due to 
the angiogenic activity of these tumors. Thus measurement of pro¬ 
teases, particularly components of the urokinase system, might 
give some indication of the angiogenic activity of a tumor. 

Once a tumor vasculature has been established, there is still con¬ 
tinued remodeling of vessels. The remodeling process is likely to 
be related to an exaggerated stress response and therefore is pro¬ 
foundly influenced by the tumor microenvironment. Hypoxia has 
been frequently reported despite the increased microvessel density 
in tumors. The hypoxia may be due to a reduction in blood flow 
from structural differences in blood vessels [30, 174] or from the 
influence of permeability factors such as VEGF-A [175] or from 
shunting of blood across the tumor vascular bed as reported in 
several tumor types [176]. In any of these scenarios, tissue 
hypoxia results in stabilization of the hypoxic inducible factors 
that mediate transcription of angiogenic pathways thereby enhanc¬ 
ing tumor angiogenesis. A pivotal pathway is the regulation by 
hypoxia of VEGF through the transcription factor hypoxia-inducible 
factor (HIF). 

Hypoxia-inducible factor la (and 2a) binds to the aryl- 
hydrocarbon nuclear translocator (ARNT) (HIF-ip), which then 
binds a specific DNA hypoxia response element increasing rnRNA 
transcription. In normoxia the HIF-a units are unstable and are 
rapidly degraded by the proteasome pathway through ubiquitin E3 
ligase complex, the recognition component of the von Hippel- 
Lindau (VHL). This is regulated through enzymatic hydroxylation 
of either two critical prolyl residues within the oxygen-dependent 
degradation domains of HIF-a subunits by prolyl hydroxylase-1, 
hydroxylase-2, and hydroxylase-3 (PHDs) and dioxygen as a co¬ 
substrate which results in one oxygen incorporated into the prolyl 
residue of HIF-a, the other into 2-oxoglutarate to yield succinate 
and carbon dioxide. However, in hypoxic conditions, since no oxy¬ 
gen is available for hydroxylation, the HIF-a subunit is stabilized 
and translocated to the nucleus where it binds to HIF-p. The com¬ 
plex then recruits co-activators and binds a specific DNA hypoxia 
response element (HRE) resulting in increased mRNA transcrip¬ 
tion (reviewed in [177]). A further level of control is mediated by 
factor inhibitor of HIF (FIH) that interferes with coactivator 
binding. 

Many HIF target genes are beneficial to the tumor including 
those involved in iron metabolism (transferrin and ceruloplasmin). 
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5.7.1 Assessment 
of Lymphangiogenesis 


angiogenesis (VEGF, VEGFR-1, TP, Ang2), glucose metabolism 
(glucose transporters), proliferation (IGF II), endothelial adhe¬ 
sion, and pH regulation (carbonic anhydrase IX). Antibodies to 
both HIFs [178] and carbonic anhydrase IX [179] have been 
shown to be surrogates of hypoxia [180] and associated with a 
poor prognosis [181, 182]. Thus measurement of the factors 
involved in the regulation of the hypoxic response may be clinically 
important in patient management [183, 184]. 

Indeed, HIF-la immunohistochemistry has been reported to 
correlate with microvascular density [123], VEGF-C expression 
and lymphatic microvascular density [185, 186], and overall and 
disease-free survival in breast cancer patients [186]. 

Nevertheless, these techniques require a degree of quantita¬ 
tion and are currently unsuitable for a general diagnostic pathology 
laboratory. The presence of a fibrotic focus as a surrogate marker 
of hypoxia is being examined. This is defined as a scar-like area, 
consisting of fibroblasts and collagen fibers in the center of an inva¬ 
sive ductal carcinoma of the breast. It was first proposed in 1996 by 
Hasebe et al. as an indicator of tumor aggressiveness [187-190], 
and the presence of a fibrotic focus is associated with a higher 
microvessel density [191] and more latterly a marker of intratu- 
moral hypoxia. Thus a fibrotic focus may be a useful surrogate 
marker of hypoxia-driven ongoing angiogenesis [192]. 

In recent years, there has been considerable interest in the role of 
the lymphatics in solid tumors. Previously thought to act as passive 
conduits in the dissemination of malignancy, it is now realized that 
lymphatic vessels actively modulate tumor progression [193]. 

The lymphatic vascular system consists of a hierarchical 
arrangement of vessels. The smallest lymphatic channels through 
which interstitial fluid and cells enter are known as the initial lym¬ 
phatics. These drain into pre-collecting lymphatics which in turn 
drain into collecting lymphatics. The collecting lymphatics then 
transport the lymphatic fluid to the lymph nodes [193]. 

Similar to blood vessels, the lymphatics can also be highlighted 
with immunohistochemical markers, the most commonly used being 
the monoclonal antibody D2-40, which targets podoplanin, and 
LYVE-1, which targets endothelial hyaluronan receptor-1. D2-40 is 
expressed by endothelial cells of all lymphatic vessel subtypes, while 
FYVF-1 is expressed in small lymphatic vessels but not by collecting 
lymphatics [193]. TYVE-1 polyclonal antibodies have been reported 
to be more sensitive than FYVE-1 monoclonal antibodies in detec¬ 
tion of lymphatic vessels in breast cancer tissue [194]. Both D2-40 
and FYVF-1 require a degree of operator input in using computer¬ 
ized image analysis systems as D2-40 also stains myoepithelial cells 
and certain tumors [195], while FYVF-1 also stains the endothelial 
cells lining hepatic sinusoids [196], pulmonary capillaries, and pul¬ 
monary arteries [195], and its expression is affected by inflammatory 
processes [197]. 
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Assessment of lymphatic vessels is similar to that of blood vessels. 
Hot spots are identified by low-power magnification scanning of 
sections immunohistochemically stained with D2-40 or another 
lymphatic marker. Lymphatic vessels in these hot spots are then 
counted over several high-power fields and the counts averaged to 
generate a lymphatic microvascular density score. High lymphatic 
microvascular density has been associated with poorer survival in 
breast cancer, non-small cell carcinoma of the lung, and pancreatic 
adenocarcinoma [198-200] and the presence of lymph node 
metastases in microinvasive ductal carcinoma in situ [201] and 
colorectal carcinoma [202]. However several other studies did not 
observe correlation of lymphatic microvascular density with clinical 
outcome [203-205]. 


6 Notes 


1. The tumor block should be selected by examining hematoxylin 
and eosin stained slides. 

2. If using TMAs the periphery of the tumor should be selected 
since this is the area where angiogenesis is most active; addi¬ 
tionally it is likely that at least three tissue cores should be 
examined. 

3. 8 pm cryostat sections can also be used but the area of tumor 
assessed is less representative. 

4. If sections continually float off after antigen retrieval, drying at 
56 °C overnight or using distilled water when cutting sections 
will increase tissue adherence. 

5. Conjugated polymers or APAAP methodology is preferred in 
tissues such as liver and kidney that contain high endogenous 
biotin. 

6. PBS works well for chain polymer-conjugated or StreptABC 
methodologies, and Tris-buffered saline (TBS) works well for 
alkaline phosphatase anti-alkaline phosphatase (APAAP). 

7. Chalkley graticule can be obtained from Graticules Ltd, Morely 
Road, Botany Trading Estate, Tonbridge Wells, Kent, TN9 
1ZN, UK. NB. The size of the graticule required will depend 
on the eyepiece diameter of the microscope lens. 

8. Studies using a magnification of x200-400 and field areas of 
between 0.74 and 0.15 mm 1 2 3 4 5 6 7 8 9 10 have derived prognostic 
information. 

9. One block is justified by the prevailing evidence that shows a 
high concordance in vessel number between different blocks 
[78,206,207], 

10. Stromal cell immunoreactivity may interfere with microvessel 
counts if using CD 34 as a vascular marker. 
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7 Tissue Microarrays (TMAs) and Their Assessment of Staining 

Tissue microarrays (TMAs) have become an important tool for the 
high-throughput assessment of candidate markers. They have also 
helped standardize testing across samples where it was previously 
difficult to ensure reproducibility when using cohorts of individual 
slides. They have also enabled more accurate correlation analyses 
since the same part (core) of the tumor is being examined across 
markers in contrast to the use of whole tissue sections when differ¬ 
ent parts of so-called positive tumors were being compared. 
Interestingly for several markers such as estrogen receptor in breast 
tumors, the use of a single core is representative of the whole 
tumor. 

An important consideration when using TMAs for quantifying 
vessel density is that vessels may not be evenly distributed through¬ 
out the tumor, and as such, sampling may not include vascular hot 
spots which typically occur at the tumor periphery. Nonetheless, 
good correlations of micro vascular density between TMAs and 
whole sections have been reported [70, 208]. 

Most TMAs use the core system pioneered by Kononen et al. 
[209] where cores of tissue from donor blocks are arrayed at high 
density into a recipient block using a dedicated instrument. These 
may hold many hundreds of tumor cores and give 150 serial sec¬ 
tions. When constructing TMAs we usually take four cores of 
tumor and two cores of normal all arrayed in separate recipient 
blocks to give six TMAs that are representative of normal and 
tumor taking into account any heterogeneity that may be apparent 
for some novel markers. More recently this technology has been 
extended to cutting edge matrix assembly arrays that maximize 
array density [210]. 

There is no single correct method for the scoring of immunohis- 
tochemistry in tissue sections. Although some authorities do not use 
intensity in their system, we use a combination of both intensity and 
proportion of cell staining when assessing tissue microarrays. 
However, the range of intensity scores is dependent on the dynamic 
range of the antibody. Thus, for most epitopes, we use the standard 
0 (no staining), 1 (weak staining), 2 (moderate staining), and 3 
(strong staining), but for the HIFs, we use 0, 1, and 2 since these 
demonstrate a narrower range of staining in our hands. For the pro¬ 
portion of cells staining, we use the broad categories of 0, 1-10 %, 
11-50 %, 51-80 %, and 81-100 % that are reproducible in our 
hands. For analysis we have used the product of intensity and pro¬ 
portion of cells staining with variable cutoff depending on the distri¬ 
bution of cases. We have tended to use medians and tertiles to avoid 
assumptions on what level of staining is significant. 

The analysis of data derived from TMAs has proved challenging. 
Akin to the bioinformatic analysis of cDNA microarrays, similar 
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algorithms of interrogation are required. We have used several 
methods including multivariate logistic regression and the elastic 
net method [211], but others are also available [212, 213]. 


8 Summary 

Continuing research into angiogenesis using quantitative data will 
not only broaden our understanding of the angiogenic process but 
will have several potential clinical applications beyond its use for 
prognosis [38]. It might help in stratifying patients for cytotoxic 
therapy [214], aid monitoring, and prediction of their response 
[215], and, with the advent of anti-angiogenesis and vascular tar¬ 
geting, treatment could be stratified and altered based on these 
angiogenic measurements. The next few years will provide the data 
as to the reliability of quantitation of angiogenesis in tissue sections. 
During this time it is also probable that basic research will describe 
several candidate molecules that might become objective, sensitive, 
and specific enough to supersede the presendy used assays. 
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Chapter 2 


Immunohistochemical Methods for Measuring 
Tissue Lymphangiogenesis 

Daniel J. Royston, Steven Clasper, and David G. Jackson 

Abstract 

The field of lymphatic research has benefited enormously front the discovery of “marker” proteins that 
permit not only the identification and quantitation of lymphatic vessels in tissue sections for tumor pathol¬ 
ogy but also the isolation of primary lymphatic endothelial cells for basic research. This chapter focuses on 
the use of these markers for the immunohistochemical analysis of lymphangiogenesis in both frozen and 
paraffin-embedded tissue sections and discusses current protocols including newer versions employing 
biotin tyramide amplification and their associated problems. 

Key words Lymphatic, Lymphangiogenesis, LYVE-1, Podoplanin, Immunofluorescence, Peroxidase, 
Chalkley grid 


1 Introduction 


The measurement of lymphangiogenesis is of great significance in 
understanding the role of this process during many pathological 
conditions. Clearly the most prominent example has been cancer, 
specifically the metastatic spread of tumors through lymphatic ves¬ 
sels; other examples include lymphedema, wound healing, and 
inflammation [1, 2]. The measurement of lymphangiogenesis 
within a tissue is usually approached by assessing the density of 
lymphatic vessels, although in the case of tumor vessels, it should 
be borne in mind that isolated measurements of this kind can mask 
artifactual increases that are caused by tissue compression and for¬ 
tuitous growth next to preexisting lymphatic networks as well as 
genuine proliferation [3], 

Traditionally the microscopic identification of lymphatic vessels 
has relied on the skilled analysis of morphology, absence of red 
blood cells within the lumen, and negative staining for blood vascu¬ 
lar markers. However, the ready availability of lymphatic marker 
proteins has simplified this task [3-5]. Here we describe the use of 
two of these markers, LYVE-1 [6, 7] and podoplanin [8], to 
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2 Materials 
2.1 General 


2.2 Frozen Sections 


2.3 Paraffin Sections 

2.4 Immunohisto- 
chemistry 


identify lymphatic vessels in frozen or paraffin sections of the human 
tissue. The level of lymphangiogenesis itself is determined by mea¬ 
surement of lymphatic vessel density (LVD) either throughout the 
tissue specimen or within vessel “hot spots” using the Challdey 
point graticule method (see refs. 9, 10), combined with estimation 
based on markers of nuclear division [3]. In addition, we outline 
the use of a particularly sensitive immunostaining technique (Dako 
CSA kit) that can be used to detect extremely low levels of these or 
other novel target antigens expressed by lymphatic vessels [11]. 


1. Slide staining tray with lightproof lid. 

2. Coplinjars. 

3. PBS. 

4. Hydrophobic pen (Abeam). 

5. Normal goat serum. 

6. Fetal calf serum. 

7. Polyclonal rabbit antihuman LYVE-1 (Abeam, R&D Systems, 
Reliatech). 

8. Mouse monoclonal antihuman podoplanin D2-40 (Signet 
Laboratories). 

9. Mouse monoclonal antihuman I<i-67 (BD Pharmingen). 

10. D2-40 (Dako, Abeam, Thermo Scientific). 

11. Clear nail varnish. 

12. Chalkley eyepiece graticule. 

1. Acetone. 

2. Paraformaldehyde. (Dissolve 8 g of paraformaldehyde in 90 ml 
water on a heated stirring block in a fume hood. Add a few 
drops of 10 M NaOH to help the powder dissolve. Return the 
solution to neutral pH using 1 M HC1 and an indicator paper. 
Store at -20 °C in small aliquots. To use, melt the solution in 
a heated water bath then add an equal volume of 2x PBS.) 

1. Microwave-safe dish and slide rack. 

2. Citroclear® (HD Supplies). 

3. Ethanol. 

4. 10 mM sodium citrate pH 6.0/Dako target retrieval solution. 

1. Bovine serum albumin. 

2. EnVision kits (HRP anti-mouse, HRP anti-rabbit, and G|2 
doublestain) (Dako). 
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2.5 Immuno¬ 
fluorescence 


3 Methods 


3.1 Pretreatment 
of Frozen Sections 

3.1.1 Fixing 


3.1.2 Blocking 


3.2 Pretreatment 
of Paraffin Sections 

3.2.1 Dewaxing 


3. Catalyzed Signal Amplification (CSA) System (Dalto K1500). 

4. Aquamount (BDH). 

1. Goat anti-rabbit IgG Alexafluor 488 conjugated (Molecular 
Probes). 

2. Goat anti-mouse IgG Alexafluor 568 conjugated (Molecular 
Probes). 

3. Streptavidin, Alexafluor 488/568 conjugated (Molecular 
probes). 

4. Vectashield with Dapi (Vector Laboratories). 


1. Allow slides of sections of approximately 10 pm thickness to 
equilibrate to room temperature. 

2. Label slides with a pencil noting specimen and primary 
antibody(s) to be used. 

3. (a) If the podoplanin antibody D2-40 is to be used, then 

cover section with 4 % paraformaldehyde for 10 min. Rinse 
slides carefully over a sink using a wash bottle of PBS ( see 

Note 1). 

(b) If D2-40 is not being used, then place slides in a coplin jar 
containing 100 % acetone for 2 min to fix and then remove 
and air-dry. 

4. Place slides in a jar of PBS for approximately 5 min to allow 
embedding compound around the sections to dissolve. 

1. Carefully dry the slides using tissue or paper towel and draw 
around each specimen with a hydrophobic pen to retain the 
small antibody volumes on the section. 

2. Place slides in a staining tray and block nonspecific antibody¬ 
binding sites by applying approximately 200 pi of 5 % v/v goat 
serum in PBS to each section and incubating for 20 min ( see 

Note 2). 

3. Rinse slides carefully over a sink using a wash botde of PBS ( see 
Note 1) and place in a jar of PBS for 5 min. 

4. Proceed to the appropriate section for either immunohisto- 
chemistry or immunofluorescence. 

1. Label slides with a pencil noting the specimen and primary 
antibody(s) to be used. 

2. Place slides in a coplin jar containing Citroclear® for approxi¬ 
mately 5 min. Remove and drain. 




38 


Daniel J. Royston et al. 


3.2.2 Antigen Retrieval 


3.2.3 Blocking 


3.3 Immunohisto- 
chemistry 

3.3.1 Dako EnVision 
Staining 

Primary Antibody 


3. Place slides in a second coplin jar containing Citroclear® for 
approximately 5 min. Remove and drain (see Note 3). 

4. Place slides in a coplin jar containing 100 % ethanol for approx¬ 
imately 5 min. Remove and drain. 

5. Place slides in a second coplin jar containing 100 % ethanol for 
approximately 5 min. Remove and drain. 

6. Place slides in a coplin jar containing 50 % v/v ethanol for 
approximately 5 min. Remove and drain. 

7. Place slides in a coplin jar containing water for approximately 
5 min. Remove and drain. 

1. Preheat a covered microwave-safe dish containing enough 10 
mM citrate buffer (pH 6.0)/Dako antigen retrieval buffer to 
cover a rack of slides to 100 °C in a microwave. 

2. Place the rack of slides into the heated buffer, re-cover, and 
simmer for 10 min. 

3. Place sections in a jar of PBS for approximately 5 min to cool. 

1. Carefully dry the slides using tissue or paper towel and draw 
around each specimen with a hydrophobic pen to retain the 
small antibody volumes on the section. 

2. Place slides in a staining tray and block nonspecific antibody¬ 
binding sites by applying approximately 200 pi of 5 % v/v goat 
serum in PBS to each section and incubating for 20 min (see 

Note 2). 

3. Rinse slides carefully over a sink using a wash botde of PBS [ 1 ] 
and place in a jar of PBS for 5 min. 

4. Proceed to the appropriate section for either immunohisto- 
chemistry or immunofluorescence. 

1. Carefully dry slides and place in the staining tray. 

2. Apply peroxidase block from the Dako EnVision kit (blocks 
endogenous peroxidase activity that is present in certain tis¬ 
sues) to cover each section. Incubate for approximately 5 min. 

3. Rinse slides carefully over a sink using a wash bottle of PBS and 
place in a jar of PBS for 5 min. 

4. Carefully dry slides and place in the staining tray. 

5. Apply primary antibody (anti-LYVE-1 or D2-40) at 5 pg/ml 
in 1 % w/v BSA in PBS. Use approximately 200 pi per section. 
Incubate for 30 min [4]. 

6. Rinse slides carefully over a sink using a wash bottle of PBS and 
place in a jar of PBS for 5 min. 
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Secondary Antibody 
and Mounting 


1. Carefully dry slides and place in the staining tray. 

2. Apply enough of the appropriate Dalco EnVision secondary 
HRP conjugate to cover each section (anti-rabbit for LYVE-1, 
anti-mouse for D2-40). Incubate for 30 min. 

3. Rinse slides carefully over a sink using a wash bottle of PBS and 
place in a jar of PBS for 5 min. 

4. Mix the EnVision peroxidase substrate as per the instructions 
and apply to each section. Incubate for 5-10 min. 

5. Wash slides using distilled water from a wash botde. 

6. Place slides in a jar of hematoxylin solution for approximately 
2 min. 

7. Wash slides with normal tap water. 

8. Carefully dry slides and place in the staining tray. 

9. Apply a few drops of Aquamount medium to each section and 
place a coverslip on top. 

10. Invert each slide and press down firmly on a flat pile of paper 
towels to evenly spread the mounting medium. 

11. Seal each slide by painting around the edge of the coverslip 
with clear nail varnish. 


3.3.2 Dako Catalyzed 
Signal Amplification (CSA) 
Staining 


1. Carefully dry slides and place in staining tray. 

2. Apply peroxidase block from Dalco CSA kit (blocks endoge¬ 
nous peroxidase activity that is present in certain tissues). 
Incubate for approximately 5 min. 

3. Place in a fresh buffer (0.05 M Tris-HCl pH 7.6 containing 
0.3 M NaCl and 0.1 % w/v Tween 20). 

4. Apply protein block solution from Dako CSA kit. Incubate for 
5 min, but do not rinse off protein block solution. 

5. Tap off excess protein block solution and apply primary anti¬ 
body. Use approximately 200 pi per section and incubate for 
15 min. 

6. Rinse gently with buffer and place in up to three fresh buffer 
baths for 3-5 min. 

7. Apply Link antibody (anti-mouse or anti-rabbit) from Dako 
CSA kit. Incubate for 15 min. 

8. Repeat step 6. 

9. Apply streptavidin-biotin complex (prepared 30 min in advance 
as per CSA instructions) and incubate for 15 min. 


The Dako CSA System offers a more sensitive immunohistochemi¬ 
cal (IHC) staining procedure for the detection of extremely low 
levels of marker antigen. The method involves the peroxidase-cat¬ 
alyzed oxidation and deposition of biotinylated tyramide, followed 
by a secondary reaction with streptavidin peroxidase. 



40 


Daniel J. Royston et al. 


10. Repeat step 6. 

11. Apply amplification reagent from Dalto CSA kit and incubate 
for 15 min. 

12. Repeat step 6. 

13. Apply streptavidin peroxidase from Dako CSA kit and incubate 
for 15 min. 

14. Repeat step 6. 

15. Apply substrate-chromogen (prepared in advance as per CSA 
instructions) and incubate for 5 min. Rinse gently for 5 min in 
distilled water. 

16. Place slides in a jar of hematoxylin solution for approximately 
2 min. 

17. Wash slides with normal tap water. 

18. Carefully dry slides and place in the staining tray. 

19. Apply a few drops of Aquamount medium to each section and 
place a coverslip on top. 

20. Invert each slide and press down firmly on a flat pile of paper 
towels to evenly spread the mounting medium. 

21. Seal each slide by painting around the edge of the coverslip 
with clear nail varnish. 


3.4 Immunofluo¬ 
rescence 

3.4.1 Standard Immuno¬ 
fluorescence Staining 

Primary Antibodies 


1. Carefully dry slides and place in the staining tray. 

2. Apply primary antibodies (anti-LYVE-1 and D2-40) at 10 pg/ 
ml each in 5 % v/v FCS/PBS. Use approximately 200 pi per 
section. Incubate for 30 min (see Note 4). 

3. Rinse slides carefully over a sink using a wash bottle of PBS and 
place in a jar of PBS for 5 min. 


Secondary Antibodies 
and Mounting 


1. Carefully dry slides and place in the staining tray. 

2. Dilute both fluorescendy labeled secondary antibodies together 
1 in 500 in 5 % v/v FCS/PBS and apply approximately 200 pi 
to each section. Incubate for 30 min, ensuring that the light¬ 
proof lid is in place for this step. 

3. Rinse slides carefully over a sink using a wash bottle of PBS and 
place in a jar of PBS for 5 min. 

4. Carefully dry slides and place in the staining tray. 

5. Apply a few drops of Vectashield to each section and place a 
coverslip on top. 

6. Invert each slide and press down firmly on a flat pile of paper 
towels to evenly spread the mounting medium. 

7. Seal each slide by painting around the edge of the coverslip 
with nail varnish. 

8. Store slides at 4 °C in a lightproof box. 
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3.4.2 DakoCSAKit 
Immunofluorescence 
Staining 


3.5 Identification 
of Lymphatic l/esse/s 

3.5.1 Detection of 
Lymphatic Vessels 


3.5.2 Confirmation of 
Lymphatic Identity 


1. Perform steps 1-12 as for Dako CSA kit immunohistochemistry. 

2. Add fluorescendy labeled streptavidin 1 in 200 in 5 % v/v 
FCS/PBS and apply approximately 200 pi to each section. 
Incubate for 30 min, ensuring that the lightproof lid is in place 
for this step. 

3. Rinse slides carefully over a sink using a wash bottle of PBS and 
place in a jar of PBS for 5 min. 

4. Carefully dry slides and place in the staining tray. 

5. Apply a few drops of Vectashield to each section and place a 
coverslip on top. 

6. Invert each slide and press down firmly on a flat pile of paper 
towels to evenly spread the mounting medium. 

7. Seal each slide by painting around the edge of the coverslip 
with nail varnish. 

8. Store slides at 4 °C in a lightproof box. 

Note: For double immunofluorescent labeling of slides using 
the Dako CSA kit, a second compatible antibody of a different spe¬ 
cies that does not require significant amplification can be added 
after step 3. The protocol oudined in Subheading 3.4 for conven¬ 
tional immunofluorescence staining should then be followed. 

Lymphatic vessels should be clearly visible as stained structures 
within the tissue. However there may be a wide variation in size 
and morphology. Initial lymphatics may appear as small structures 
(diameter range 10-50 pm), while larger capillaries may appear as 
elongated structures, sometimes with a collapsed lumen (diameter 
range 100-200 pm). Tumor-associated lymphatic vessels may 
appear as small basketlike structures within the tumor mass or as a 
continuous endothelium surrounding a tumor embolus [12]. 
Figure 1 shows typical lymphatic morphologies in normal and 
tumor tissue detected by immunohistochemistry with antiserum 
against LYVE-1. Additionally the contrast in morphology between 
a lymphatic and a blood vessel can be seen. 

Positive staining of a structure for a single lymphatic marker pro¬ 
tein should not be regarded as definitive proof of lymphatic iden¬ 
tity. For sections stained with antibodies to LYVE-1 and podoplanin 
by immunofluorescence, it is a simple matter to check the co¬ 
expression of marker proteins. For specimens stained by immuno¬ 
histochemistry, we recommend the staining of consecutive serial 
sections with each antibody to confirm identification. Two-color 
staining is also possible using immunohistochemistry, for example, 
by combining peroxidase and alkaline phosphatase-conjugated 
antibodies. However, it is this author’s opinion that the procedure 
is more satisfactory for mutually exclusive staining of distinct cell 
types or for cases where the two markers localize to different 



Fig. 1 Immunohistochemical staining of lymphatic vessels in soft tissue. Patent lymphatic vessels of the nor¬ 
mal human tongue show strong staining of LYVE-1, while the erythrocyte-containing blood vessel (red arrow/) 
shows no staining and atypical thickened vessel wall (x32 objective) (a). Abundant LYVE-1 positive lymphatic 
vessels can be seen beneath the epithelium (xl 0 objective) (b). LYVE-1 positive intratumoral lymphatic vessels 
within squamous carcinoma of the tongue (x20 objective) (c). Adapted from Beasley et al. [12] 
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regions of the same cell as described later. Regardless of whether 
immunohistochemistry or immunofluorescence staining is chosen, 
the results should still be interpreted with caution (tee Note 5). 
Discrimination between lymphatic vessels and blood vessels is 
rarely a problem when using these markers together (see Note 6). 


3.5.3 Vessel Hot Spots In normal tissue, e.g., the dermis, lymphatic vessels may be evenly 
distributed. However, in tumors these vessels may be concentrated 
within discrete areas termed “hot spots” induced by agents 
enriched in the local microenvironment such as lymphangiogenic 
growth factors (VEGF-C, VEGF-D, PDGF, etc.). Hot spots rather 
than randomly chosen areas are frequently targeted for tumor ves¬ 
sel counts in the assessment of lymphangiogenesis, although the 
validity of this practice has been disputed (see, e.g., ref. 13). 


3.6 Measurement 
of Mean Lymphatic 
Vessel Density 


This method relies upon the ability of the observer to distinguish 
discrete lymphatic vessels and count them within a known area, 
thus giving an actual measurement of lymphatic vessel density 
within the plane of the section. 


3.6.1 Calculation of Area Consult the microscope manufacturer’s handbook to obtain the 

of View field of view distance in mm for each objective lens to be used. Use 

this number to calculate the area of view with the formula: 

Area(mm 2 ) = n (field of view / 2) 2 


3.6.2 Counting 
of Lymphatic Vessels 


1. Using a low power objective, a field of view containing lym¬ 
phatic vessels (e.g., hot spot) should be identified, and a suitable 
objective lens should be chosen to magnify this area. This size of 
objective should be constant throughout all of the samples. 

2. Each discrete individual stained lymphatic structure (see 
above), irrelevant of size, is counted as a vessel, and the total 
within the area of view is recorded. 

3. A different region within the same section is then chosen and 
the vessel number again recorded. This is repeated at least 
three times and the mean vessel number is calculated. 

4. The process is repeated for each section, making sure to keep 
the objective lens constant. 


3.6.3 Calculation 1. The vessel density is calculated for each section: 

of Lymphatic Vessel 

Density 

Lymphatic vessel density (mm " 2 ) = mean vessel number / area of view (mm 2 ) 


2. The application of a suitable statistical method can be used to 
compare mean vessel densities between tissues and hence levels 
oflymphangiogenesis (tee Note 7). 
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3.7 Chalkley 
Counting 


3.7.1 Determining 
the Chalkley Count 


3.8 Lymphatic 
Endothelial Cell 
Proliferation 


3.8.1 For Frozen 
Sections 


This method does not rely on the observer’s assessment of indi¬ 
vidual vessels, but instead effectively measures the area covered by 
vessels [9]. A Chalkley eyepiece graticule is required to fit the 
microscope. This is a rotatable graticule marked with 25 randomly 
placed spots. Due to the requirement to be able to see the graticule 
markings against the background of the illuminated slide, this 
method is only suitable for sections stained by immunohistochem- 
istry, not immunofluorescence. 

1. Using a low power objective, a field of view containing lym¬ 
phatic vessels (i.e., hot spot) should be identified, and a suit¬ 
able objective lens should be chosen to magnify this area. This 
size of objective should be constant throughout all of the 
samples. 

2. The graticule is carefully rotated until the maximum number 
of dots overlaps lymphatic vessels (note that these do not 
need to be separate vessels), and the number of these dots 
(maximum score 25) is recorded. See Fig. 2 for an example 
of this. 

3. The procedure is repeated a minimum of three times using dif¬ 
ferent regions within the same section. 

4. The mean number of dots overlapping lymphatic vessels on a 
section is the Chalkley count. 

5. The application of a suitable statistical method can be used to 
compare Chalkley counts between tissues (applying cutoffs 
where appropriate) and hence levels oflymphangiogenesis (see 

Note 7). 

The basis of this method is that by co-staining with both a lym¬ 
phatic marker and a proliferation marker, it allows identification of 
actively dividing lymphatic endothelial cells and hence an accurate 
measurement of ongoing lymphangiogenesis at the time the tissue 
was taken. As this method requires two-color staining, it is per¬ 
haps most suitable for immunofluorescence; however two-color 
immunohistochemistry may be used as the lymphatic marker, and 
proliferation marker proteins are located on the cell surface and 
nucleus, respectively. Extreme care must be taken in the identifica¬ 
tion of lymphatic vessels as only a single lymphatic marker anti¬ 
body is used. 

1. Frozen sections must be fixed and permeabilized to allow access 
to the nuclear compartment. Follow the instructions described 
in Subheading 3.1.1 for fixing with paraformaldehyde. 

2. Before blocking, rinse the section and incubate for 5 min with 
0.5 % (w/v) Triton X-100 in PBS. 

3. Rinse with PBS and proceed to blocking. 
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Fig. 2 The Chalkley counting method for estimating lymphatic vessel density. Intratumoral lymphatic vessels 
of tongue squamous carcinoma stained for expression of LYVE-1 (a) are overlayed with a representation of a 
Chalkley grid (b). Dots which overlap lymphatic vessels are highlighted in red (x20 objective). Adapted from 
Beasley et al. [12] 
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3.8.2 Immunofluo¬ 
rescence 


3.8.3 Immunohisto- 
chemistry 


The protocol for frozen or paraffin sections should be followed 
with the exchange of the podoplanin D2-40 antibody with a mouse 
monoclonal raised against the proliferation marker I<i-67. 

The Dako EnVision G|2 Doublestain system should be used with 
anti LYVE-1 and anti Ki-67 according to the manufacturer’s 
instructions. 


3.8.4 Evaluation 1. Proliferating lymphatic vessels will contain cells which are 

of Staining stained positively for both LYVE-1 and Ki-67 expression (see 

Fig. 3). The observer should be aware that tumor tissue and 
areas of inflammation or wound healing are likely to contain an 
abundance of proliferating non-lymphatic cells. 

2. Mean proliferating lymphatic vessel density may be calculated 
in a way analogous to the calculation of mean lymphatic den¬ 
sity as described in Subheading 3.6 when only vessels contain¬ 
ing proliferating cells are scored. 

3. Irnmunohistochemistry may be combined with a Chalkley 
graticule to give a Chalkley count for proliferating vessels. 



Fig. 3 Immunohistochemical measurement of lymphatic vessel proliferation. Newly dividing intratumoral lym¬ 
phatic vessels are detected by double staining for the Ki-67 proliferation antigen (brown nuclear staining) and 
LYVE-1 (pink membrane staining). Panels (a-d) show examples of dividing LYVE-1/Ki-67 double-positive small 
lymph vessels (black arrows) surrounded by large numbers of LYVE-1-negative/Ki-67-positive squamous car¬ 
cinoma cells. Panel (a) x20 objective, panels (b) and (c) xlOO objective, and panel (d) x40 objective. Adapted 
from Beasley etal. [12] 
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4. Using either method, a measurement of the ratio of proliferat¬ 
ing to nonproliferating vessels gives an insight into the degree 
of lymphangiogenesis in the tissue. 


3.9 Measuring 
Lymphangiogenesis 
in Mouse Tissues 


While the analysis of lymphangiogenesis within human tissue sam¬ 
ples is clearly important in a diagnostic and prognostic role, it is 
appreciated that experimental models are widely used both during 
the study of adult disease and embryonic development. The tech¬ 
niques above are equally valid using mouse tissues providing the 
correct antibodies are used (see Note 8). However, the lack of a 
Dalco EnVision kit for rat antibodies limits the immunohistochem¬ 
istry that can be performed using the particular protocols described 
above. As an alternative, we suggest use of the Vector Laboratories 
ImmPRESS™ HRP Anti-Rat IgG, Mouse adsorbed (Peroxidase) 
Polymer detection kit (Catalogue no. MP-7444). 


4 Notes 


1. Use a wash bottle with a wide bore spout. Hold the slide 
almost vertically and aim the jet at a point above the section, 
allowing the PBS to gently flow down over the section. 

2. It is beneficial from this stage onward to ensure that the sec¬ 
tions do not dry out. Therefore the slides should be dried in 
small batches before adding the next solution. 

3. When processing large numbers of slides, it may be easier to 
place the dewaxing solutions in individual small glass tanks and 
transfer the slides in a rack from tank to tank. Dewaxing solu¬ 
tions may be stored and used for several cycles before replace¬ 
ment with fresh solutions. 

4. The use of a negative control antibody is necessary to confirm 
the validity of the staining. This should either be an isotype- 
matched antibody or a preimmune serum from the relevant 
species. 

5. LYVE-1, while being a widely used marker protein for lym¬ 
phatic endothelium, is expressed by other cell types including 
certain macrophages, liver sinusoidal endothelium, and certain 
lung alveolar cells. In light of this, single cells staining positive 
for LYVE-1 should be identified with care, while the use of 
LYVE-1 as a marker for hepatic lymphatic endothelium is not 
recommended. It is also worth noting that the expression of 
LYVE-1 on lymphatic endothelium is downregulated during 
inflammation. This may clearly lead to an underestimation of 
lymphatic vessel density during inflammatory conditions. 
Similarly, podoplanin is expressed by several different cell types 
(e.g., epithelia and fibroblasts) in addition to lymphatic endo- 
thelia and is present in several tumor types, particularly at the 
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invasive front. Care is therefore required in the interpretation 
of tumor lymphangiogenesis using this marker. Should prob¬ 
lems be encountered with the specificity of LYVE-1 and podo- 
planin expression in the chosen tissue, antibodies to other 
marker proteins may be tried. These include the nuclear tran¬ 
scription factor Proxl and VEGFR3, although again it should 
be borne in mind that these proteins are also not exclusively 
expressed by lymphatic endothelium, the former being 
expressed by hepatocytes and the latter by macrophages and 
blood vessels associated with tumors and wound healing. 

6. Identification of blood vessels in human tissues can be con¬ 
firmed by positive staining with the antibody PAL-E. 

7. It is recommended that all slides are evaluated either single- or 
double-blindedly by two independent observers to prevent bias. 

8. Polyclonal antisera to mouse LYVE-1 are commercially avail¬ 
able (R&D Systems, Reliatech, etc.) as is a hamster monoclo¬ 
nal antibody to podoplanin. Most rabbit antisera to human 
Proxl appear to cross-react with the mouse protein. The rat 
antibody MECA32 works well as a mouse blood endothelial- 
specific marker. 
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Chapter 3 


Immunohistochemical Assessment of Leukocyte 
Involvement in Angiogenesis 

Narmeen S. Ahmad, Stewart G. Martin, and Sarah J. Storr 

Abstract 

Angiogenesis is a hallmark of cancer and is important for tumor growth, development, and metastasis. 
Leukocytes, including neutrophils, eosinophils, basophils, lymphocytes, and monocytes, are found invad¬ 
ing many solid tumors, and this inflammation is often associated with tumorigenesis. Tumor-associated 
macrophages have been shown to be involved in tumor migration and metastasis and are modulators of 
tumor vascularization. Tumor-associated macrophages are a source of angiogenic factors, and pro-inflam¬ 
matory cytokines involved in angiogenesis, lymphangiogenesis, and metastasis. Here we describe a method 
of quantifying the number of macrophages and their class within tumor tissue which can be compared with 
tumor blood and lymphatic microvessel density as a measure of angiogenesis and lymphangiogenesis. 
Although not described in depth, application of the methodology is described for other leukocyte popula¬ 
tions, such as tumor-infiltrating lymphocytes. 

Key words Angiogenesis, Tumor-associated macrophages, CD68, CD 163 


1 Introduction 


Angiogenesis and lymphangiogenesis are essential for tumor 
growth and metastasis, and leukocytes, including neutrophils, 
eosinophils, basophils, lymphocytes, and monocytes, are linked 
with these processes [1], Macrophages are produced by the dif¬ 
ferentiation of monocytes and have been characterized as key regu¬ 
lators of tumor vascularization through the release of numerous 
growth factors, proteolytic enzymes, cytokines, chemokines, and 
inflammatory mediators that can regulate tumor growth, angio¬ 
genesis, lymphangiogenesis, invasion, and metastasis [2-5]. 
Macrophages can release a number of well-characterized growth 
factors such as vascular endothelial growth factor (VEGF) [6], 
basic fibroblast growth factor (bFGF), epidermal growth factor 
(EGF), and transforming growth factor-a (TGF-a). VEGF secreted 
by macrophages is a potent angiogenic factor that enhances endo¬ 
thelial cell proliferation and has been observed in tumors with high 
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micro vessel density [7-9]. In addition, the inflammatory cyto¬ 
kines, tumor necrosis factor (TNF)-a, interleukin (IL)-6, and IL-8, 
are produced by macrophages and have been shown to be associ¬ 
ated with elevated microvessel density [10-13]. The quantitation 
of macrophages and leukocytes within tissue is becoming increas¬ 
ingly important due to their importance in various clinical patholo¬ 
gies [4, 14, 15], with others interested in tumor-infiltrating 
lymphocytes and their assessment by multispectral imaging 
approaches [16]. The focus of this chapter is the quantification and 
classification of macrophages and the type of macrophage. 
Macrophages can be polarized into either classically activated mac¬ 
rophages (type 1) or alternatively activated macrophages (type 2). 
Type 1 macrophages are pro-inflammatory and can activate type 1 
T-helper cells (Thl), whereas type 2 express anti-inflammatory 
cytokines and can activate type 2 T-helper cells (Th2). Type 2 mac¬ 
rophages can function in tissue remodeling, wound healing, and 
tumor angiogenesis and are regarded as tumor-associated macro¬ 
phages [17, 18]. 

Here we describe the use of two markers to identify macro¬ 
phages within human tissue: the first marker being CD68, which is 
expressed by monocytes, macrophages, myeloid cells, dendritic 
cells, and fibroblasts, among others [19, 20], which has been used 
to stain cells of the monocyte lineage in numerous tissue types [3, 
4], and the second marker being CD 163 which is also expressed 
on cells of the monocyte lineage and functions as a hemoglobin/ 
haptoglobin scavenger receptor which appears to play a role in the 
anti-inflammatory function of type 2 macrophages [15, 21-23]. 
The use of these two markers allows discrimination of macrophage 
polarization in tissue by determining levels of total macrophages 
and type 2 macrophages. Quantification of macrophages is achieved 
using the Chalkley overlap morphometric technique. These meth¬ 
odologies should be used in combination with methods to deter¬ 
mine tumor micro vessel density (blood and lymphatic), which are 
described in other chapters to allow any relationships between the 
two to be investigated, and, by default, involvement in angiogen¬ 
esis and lymphangiogenesis, respectively. Although parallel section 
staining is described using chromogens, double immunohisto- 
chemistry can be performed using fluorescence. Although we 
describe methodology for type 1 and type 2 macrophages, a range 
of markers can be used for other leukocyte populations such as 
CD3 and CD8 for tumor-infiltrating lymphocytes. 


2 Materials 


1. Pencil or pen (xylene and ethanol resistant). 

2. Hot plate. 

3. Coplinjars. 
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4. Microwave oven. 

5. Sequenza trays and Shandon (Sequenza) cover plates. 

6. Glass coverslips. 

7. Chalkley graticule: A 25-dot Challdey graticule microscope 
eyepiece to quantify macrophages within tissue. 

8. Industrial methylated spirit (IMS)/ethanol. 

9. Xylene. 

10. Antigen retrieval buffer: 10 mM sodium citrate buffer pH6.0. 
Dissolve 2.94 g sodium citrate tribasic dihydrate in 1 L dH 2 0. 

11. TBS: Tris-buffered saline, pH 7.6. 

12. Peroxidase blocking solution: Add 10 % (v/v) H 2 0 2 in 
methanol. 

13. Blocking solution: Add 2 % (v/v) horse serum in TBS. Prepare 
on the day of use. 

14. Antibodies to CD68 (e.g., clone KP1; Abeam) and CD163 
(e.g., clone 10D6, Thermo Scientific). 

15. Avidin-biotin complex (ABC) staining kit (e.g. Vectastain Elite 
ABC kit; see Note 1) and appropriate biotinylated secondary 
antibodies. ABC should be prepared 30 min prior to use by 
adding 1:100 reagent A and 1:100 reagent B to TBS. 

16. Chromogen: Add diaminobenzidine (DAB) at 2 % (v/v) in 
substrate buffer (Dalco). Prepare prior to use ( see Note 2). 

17. Gills formula hematoxylin. 

18. DPX mounting agent. 

19. Tissue sections: Cut consecutive 4 pm sections of formalin- 
fixed paraffin-embedded (FFPE) tissue on glass slides. 


3 Methods 

Here we describe the use of CD68 and CD 163 to detect macro¬ 
phages in consecutively cut breast cancer FFPE tissue. Additional 
consecutive sections can be cut to determine angiogenesis or lym- 
phangiogenesis if direct correlations between markers are required. 
It should be noted that other tissue types may require optimization 
of antibody dilution, antigen retrieval, and/or general immunohis- 
tochemical procedure. 

3.1 Dewaxing 1. Label slides with a pencil or pen (xylene and ethanol resistant), 

noting specimen details and primary antibody to be used (see 

Note 3). 

2. Place 4 pm formalin-fixed paraffin-embedded sections on a 
60 °C hot plate for 10 min. 

3. Allow to cool and place in slide rack. 
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3.2 Antigen Retrieval 


3.3 Blocking 


3.4 Primary 
and Secondary 
Antibodies 


3.5 Staining 


4. Sections should be dewaxed and dehydrated by 5 min incuba¬ 
tion in each of the following series of solutions in coplin jars: 
(1) xylene, (2) xylene, (3) ethanol/IMS, (4) ethanol/IMS, 
and (5) ethanol/IMS. 

5. Slides should be placed in water for 5 min ( see Note 4). 

1. Place the sections in microwave-safe dish containing enough 
antigen retrieval buffer to fully cover the slides (see Note 5). 

2. Heat the slides in a microwave at 750 W for 10 min, followed 
by 10 min at 450 W. 

3. Slides should slowly be cooled under running tap water. 

1. Working in large bath of tap water, load slides onto the Shandon 
cover plates, and then place in Sequenza trays (see Note 6). 

2. Add 100 pL of peroxidase blocking solution per slide and incu¬ 
bate for 10 min. 

3. Wash the slides three times for 5 min with TBS (each wash 
should be 5 min). 

4. Add 100 pL of blocking solution to each slide and incubate for 
30 min (see Note 7). 

1. Apply 100 pL primary antibody (1:100 anti-CD68 or 1:35 
anti-CD163 in blocking solution) per slide, and incubate at 
room temperature for 1 h (see Note 8). 

2. Wash the slides three times for 5 min with TBS. 

3. Dilute secondary antibody (1:50) in blocking solution and add 
100 pL per slide. Cover and leave at room temperature for 1 h. 

4. Wash the slides three times for 5 min with TBS. 

1. Add 100 pL of ABC per slide and incubate for 30 min. 

2. Wash the slides three times for 5 min with TBS. 

3. Add 100 pL diluted chromogen to each slide and incubate for 
5 min (see Note 2). 

4. Wash slides three times for 5 min with water. 

5. Add 100 pL hematoxylin per slide and incubate for 1 min. 

6. Rinse the slides immediately with water, remove from Shandon 
cover plates, and place slides into a slide rack. 

7. Slides should be placed for 5 min in each of the following series 
of solutions: (1) water, (2) ethanol/IMS, (3) ethanol/IMS, 
(4) ethanol/IMS, (5) xylene, and (6) xylene. 

8. Apply one or two drops of DPX to glass coverslips. 

9. Place the slides tissue face down onto the coverslips and allow 
the weight of the slide to spread the DPX mounting agent. 

10. Allow slides to dry overnight 
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3.6 Selection of Hot The Chalkley overlap morphometric technique has been success- 
Spots and Chalkley fully implemented to measure microvessel density in an objective 

Overlap Morphometric manner and is also suitable for quantifying macrophages [24, 25]. 

Technique Other methods can be used such as computer-aided image analysis 

or counting macrophage in fields of view, which may be more suit¬ 
able if fluorescent staining is to be employed as is not possible the 
Chalkley graticule with immunofluorescence [26, 27]. 

1. Following the staining of two consecutive sections with anti- 
CD68 and anti-CD 163 antibodies, the tumor areas should be 
scanned at low magnification (40x) and divided subjectively 
into two areas: the intratumoral (IT) area represents 2/3 of 
the tumor area, and the peripheral area (PP) represents 1/3 of 
the outer tumor area (see Fig. 1). 

2. The tissue is scanned to identify possible “hot spot” areas at 
lOOx magnification. 

3. The eyepiece graticule is orientated on the tissue so that the 
maximum number of dots overlap stained macrophages at 
200x magnification; the macrophages should then be counted 
(Fig. 2a, b) (see Note 9). 

4. This should be done three times in different regions within the 
same intratumoral and peripheral tumor areas. 

5. The macrophage count is the mean number of macrophages 
counted in the three “hot spots” for each area. 



Fig. 1 Representative photomicrograph of breast cancer tissue stained with anti-CD68 antibody with a repre¬ 
sentation of how tumor sections are divided into two areas to quantify macrophages; intratumoral (IT) and 
peripheral tumor (PP) areas are shown (x40 magnification) 
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Fig. 2 Representative photomicrograph of breast cancer tissue stained with anti-CD68 antibody: (a) 
Macrophages have been stained with anti-CD68 antibody (arrow), (b) Illustration showing how the Chalkley 
graticule is used for counting macrophages (x200 magnification). A 25-dot Chalkley graticule is orientated 
over each “hot spot” so that the highest number of dots on the graticule overlaps stained macrophages 
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4 Notes 


1. Many ABC staining kits are commercially available; however 
we have successfully used the Vectastain Elite ABC kit, Vector 
Laboratories, USA with this method. 

2. Once prepared DAB solution should be kept in the dark and 
used within 6 h. 

3. In each run a positive and negative control must be included 
to confirm that the experiment has been successful. For posi¬ 
tive control, lymph node sections can be used for CD68 and 
CD 163 staining. For negative controls, sections are stained 
following the same procedure but omitting primary antibody. 

4. Once the tissue has been deparaffinized and rehydrated, it 
must not be allowed to dry as this may interfere with 
staining. 

5. Optimization of antigen retrieval buffer and microwave time 
may be required for different tissue types and should be deter¬ 
mined empirically. In addition, antigen retrieval should be 
optimized for all new antibodies. 

6. Fill the Sequenza reservoir half full widi TBS to rinse the slides, 
and watch it flow through to ensure there are no air bubbles 
(as this will impair staining). If the TBS runs through a 
Sequenza plate either very quickly or very slowly, this indicates 
an air bubble, in which case the slide must be reloaded into the 
plate. Humidity trays can be used instead of the Sequenza sys¬ 
tem; however the use of humidity trays will require more anti¬ 
body and reagents. 

7. Make up sufficient buffer to also dilute the primary and sec¬ 
ondary antibodies. 

8. The concentration of primary antibody should be optimized to 
ensure ideal staining; in addition, the specificity of primary anti¬ 
body should be confirmed which can be done using techniques 
such as Western blotting or by blocking binding of the antibody 
with a neutralizing peptide prior to immunohistochemistry. 

9. To confirm the scoring of the first assessor, a percentage of 
slides should be evaluated by an independent assessor, blinded 
to the first assessor’s data and clinicopathological criteria of the 
patients. 
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Part II 


Cell Isolation Techniques 




Chapter 4 


Isolation and Culture of Human Endothelial Cells 
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Peter W. Hewett 


Abstract 

The endothelium from different vascular beds exhibits a high degree of phenotypic heterogeneity. 
Endothelial cells (EC) can be harvested easily from large vessels by mechanical removal or collagenase 
digestion. In particular, the human umbilical vein has been used due to its wide availability, and the study 
of ECs derived from it has undoubtedly greatly advanced our knowledge of vascular biology. However, the 
majority of the body’s endothelium (>95 %) forms the microvasculature, and it is these cells providing the 
interface between the blood and tissues that play a critical role in the development of new blood vessels. 
This has led to the establishment of techniques for the isolation of microvascular ECs (MEC) from differ¬ 
ent tissues to provide more physiologically relevant in vitro models of angiogenesis and EC function. 

In this chapter the use of superparamagnetic beads (Dynabeads) coated with anti-PECAM-1 (CD31) 
antibodies (PECA-beads) to culture MECs from human adipose tissue is described along with the standard 
methods used to characterize them. Adipose tissue is an ideal source of MECs as it is composed mainly of 
adipocytes with a very rich microvasculature and is easy to disaggregate. Furthermore, it can be obtained 
in large quantities during plastic surgery procedures. Adipose obtained at reduction mammoplasty or 
abdominoplasty is first dissected free of the connective tissue, minced finely, and subjected to collagenase 
type II digestion. The adipocytes are removed by centrifugation to obtain a microvessel rich pellet, which 
is further disaggregated with trypsin/EDTA solution. Following filtration to remove fragments of the con¬ 
nective tissue, the pellet is incubated with PECA-beads and microvessel fragments/ECs and washed and 
harvested using a magnet. In addition, the adaptation of this basic technique for the isolation of the human 
lung and stomach MECs is also described along with common methods for the preparation of large vessel 
endothelial cells. 

Key words Endothelial cells, Microvascular, Adipose, Dynabeads, PECAM-1/CD31, von Willebrand 

Factor, E-selectin 


1 Introduction 


Human ECs derived from large vessels including the aorta and 
umbilical [1] and saphenous veins have proven an abundant and 
convenient tool for the investigation of many aspects of endothelial 
biology. However, the endothelium demonstrates a high degree of 
functional, morphological, biochemical, and molecular diversity 


Stewart G. Martin and Peter W. Hewett (eds.), Angiogenesis Protocols, Methods in Molecular Biology, vol. 1430, 
DOI 10.1007/978-1 -4939-3628-1 _4, © Springer Science+Business Media New York 2016 

61 



62 


Peter W. Hewett 


between organs and within the different vascular beds of a given 
organ [2-6]. This phenotypic heterogeneity has highlighted the 
need for reliable techniques for MEC isolation and culture from a 
variety of tissues in order to establish more realistic in vitro models. 

Many techniques have been developed to enrich ECs from tis¬ 
sue homogenates, either directly or after a period in culture [6]. 
Most methods use as their starting point tissue homogenization 
and digestion and are often hampered by low EC yield and prob¬ 
lems of contaminating cell populations that readily adapt to cul¬ 
ture. Some tissues are inherently better suited to MEC isolation 
such as the brain and adipose, which have high microvascular den¬ 
sities, and can be disaggregated easily [2, 6-9]. Wagner and 
Matthews [7] were the first to utilize adipose tissue from the rat 
epididymal fat pad for the isolation of microvascular endothelium. 
The major advantage of this tissue is the difference in buoyant 
densities between the adipocytes and stromal component allowing 
their separation by centrifugation. 

The development of superparamagnetic beads (Dynabeads™) 
coupled to endothelial-specific ligands represented a major advance 
in the purification of MECs from mixed-cell populations. The orig¬ 
inal technique described by Jackson and colleagues [10] employed 
the lectin Ulex europaeus agglutinin-1 ( UEA-1), which binds spe¬ 
cifically to a-fucosyl residues of EC glycoproteins. However, 
UEA -1 also binds to some epithelial and mesothelial cells [1, 11]. 
We refined this technique by coupling antibodies raised against 
platelet EC adhesion molecule-1 (PECAM-1/CD31) [12], a pan- 
endothelial marker [3, 4], to Dynabeads (PECA-beads), and have 
used these to prepare MECs from various human tissues [13, 14]. 
Similarly, other endothelial markers, including CD34, have been 
used to isolate MECs. However, the majority of EC markers, 
including PECAM-1 and CD34 cross-react with subpopulations of 
hematopoietic cells which share common developmental origins. 
However, hematopoietic cells do not usually represent a significant 
problem for MEC isolation due to their limited viability in culture. 
Mesothelial cells exhibit similar morphology and share common 
markers with ECs and so represent a potentially difficult contami¬ 
nant of EC cultures isolated from tissues surrounded by a serosal 
layer, such as the omentum and lung. [6, 11]. However, the 
absence of constitutive PECAM-1 expression in these cells means 
that the use of PECA-bead selection should eliminate mesothelial 
cell contamination of endothelial isolates [11]. 

In this chapter we describe in detail the use of PECA-beads to 
isolate MECs from human adipose tissue and methods for the rou¬ 
tine culture of these cells. In addition, the adaptation of this puri¬ 
fication technique for the culture of MECs from the human lung 
and stomach [13, 14] is provided alongside routine methods for 
the preparation of large vessel endothelial cells from the umbilical 
vein and aorta. 


Isolation of Human Endothelial Cells 


63 


2 Materials 

2.1 Solutions 
for MEC Isolation 
and Culture 


All solutions should be warmed to 37 °C prior to use: 

1 . 10 % BSA solution: Dissolve 10 g of bovine serum albumin 
(BSA) in 100 ml of calcium-magnesium-free Dulbecco’s phos¬ 
phate-buffered saline (PBS/A), 0.22 pm filter sterilize and 
store at 4 °C. 

2. Antibiotic/antimycotic solution: Dilute lOOx anti biotic/anti¬ 
mycotic solution (Sigma) in PBS/A to give final concentration 
of 100 U/ml penicillin, 0.1 mg/ml streptomycin, and 
0.25 pg/ml amphotericin B. Aliquot and store the lOOx stock 
solution at -20 °C. 

3. Collagenase solution: Dissolve type II collagenase (Sigma) at 
2000 U/ml in Hank’s balanced salt solution (HBSS) contain¬ 
ing 0.5 % (w/v) BSA, 0.22 pm filter sterilize, aliquot and store 
at -20 °C. 

4. Trypsin/EDTA solution: Dilute lOx stock solution of porcine 
trypsin (2.5 %) in PBS/A, and add 1 mM (0.372 g/L) ethyl- 
enediaminetetraacetic acid (EDTA), 0.22 pm filter sterilize, 
aliquot and store at -20 °C. 

5. Gelatin solution: Dilute stock (2 %) porcine gelatin solution in 
PBS/A to give a 0.2 % (v/v) solution and store at 4 °C. To 
coat tissue culture dishes, add 0.2 % gelatin solution and incu¬ 
bate for 1 h at 37 °C or overnight at 4 °C. Remove the gelatin 
solution from the flasks immediately prior to plating the cells. 

6. Growth medium: Many different growth media have been 
described for maintaining EC in culture (see Note 1). 
Supplement M199 (with Earle’s salts) with 14 ml/L of 1M 
A-[2-hydroxyethyl] piperazine-A r '-[2-hydroxy-propane] sul¬ 
fonic acid (HEPES) solution, 20 ml/L of 7.5 % sodium hydro¬ 
gen carbonate solution, and 20 ml/L 200 mM 1-glutamine 
solution and mix 1:1 with Ham F12 nutrient mix. To 680 ml 
of medium M199/Ham F12 solution, add 20 ml of penicillin 
(100 U/ml (/streptomycin (100 pg/ml) solution, 1500 U/L 
of heparin, 300 ml of iron-supplemented calf serum (CS) (see 
Note 2), 1 pg/ml hydrocortisone, 5 ng/ml basic fibroblast 
growth factor (bFGF/FGF-2), and 20 ng/ml epidermal 
growth factor (EGF) (PeproTech EC Ltd, London, UK) (see 
Note 3). Store growth medium at 4 °C. 

7. Cryopreservation medium: Growth medium containing 10 % 
(v/v) tissue culture grade dimethyl sulfoxide. 

8. Dispase solution: Dissolve 2 U/ml dispase in medium M199 
containing 20 % CS, 0.22 pm filter sterilize, aliquot and store 
at -20 °C. Note: This is only required for the isolation of 
human lung MEC. 
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2.2 Preparation 
of PECA-Beads 


2.3 Equipment for EC 
Isolation 


2.4 Antibodies for EC 
Characterization 


Mix 0.1-0.2 mg of mouse anti-PECAM-1 monoclonal antibody 
(e.g., clone 9G11 R&D Systems) in sterile PBS/A containing 
0.1 % BSA (PBS/A+0.1 % BSA) per 10 mg of Dynabeads-M450 
(Thermofisher Dynal AS— see Note 4) pre-coated with pan anti¬ 
mouse IgG 2 {see Note 5). Incubate on a rotary stirrer for 16 h at 
4 °C. Remove free antibody by washing four times for 10 min and 
then overnight in PBS/A+0.1 % BSA. PECA-beads maintain their 
activity for more than 6 months if sterile and stored at 
4 °C. However, it is necessary to wash the beads with PBS/A + 
0.1 % BSA to remove any free antibody prior to use. 

A class II laminar flow cabinet is essential for all procedures involv¬ 
ing the handling of tissue and cultured cells to maintain sterility 
and protect the operator. 

Scalpels, scissors, and forceps are required for the isolation 
procedures and should be sterilized by autoclaving at 121 °C for 
30 min. 

100 pm nylon filters: Cover the top of a polypropylene funnel 
~10 cm with 100 pm nylon mesh and sterilize by autoclaving 
{see Note 6). 

Magnet: A suitable magnet is required for the magnetic cell selec¬ 
tion system employed which accepts 15 ml tubes {see Note 7). 

Disposable Sterile Plastics 

1. 25 and 75 cm 2 tissue culture flasks. 

2. Large plastic dishes (e.g., bioassay dishes, Nunc, Naperville, 
IL, USA). 

3. 30 ml universal tubes. 

4. 50 ml centrifuge tubes. 

5. Multiwell glass chamber slides. 

6. 20 ml Luer-Lock syringes. 

7. Luer-Lock three-way stopcocks. 

There are many commercial antibodies available against endothe¬ 
lial markers: 

1. Monoclonal antibodies against human PECAM-1, E-selectin, 
and vWL (e.g., clone L8/86; Dalco, High Wycombe, Bucks, 
UK). 

2. Lluorescein isothiocyanate (LITC)-conjugated anti-mouse 
secondary antibodies. 

3. Nuclear counterstain: Dissolve Hoechst 33342 (Sigma) in 
PBS/A 10 pg/ml to give a 10 pg/ml solution, aliquot and 
store at -20 °C. 
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3 Methods 

3.1 Isolation 

and Culture of Human 
Adipose MECs 

3.1.1 Collection of Tissue 

3.1.2 Isolation of Adipose 
MECs 


A suitable large sterile container is required for the collection of 
adipose tissue obtained during breast or abdominal reductive sur¬ 
gery (see Note 8). The fat can be processed immediately or stored 
for up to 48 h at 4 °C. 

1 . Working under sterile conditions in a class II cabinet, place the 
tissue on a large sterile dish (e.g., bioassay dish. Nunc) and 
wash with 2 % antibiotic/antimycotic solution. Avoiding areas 
of dense (white) connective tissue (that are often prevalent in 
breast tissue) and visible blood vessels, scrape the fat free from 
the connective tissue with two scalpel blades. 

2. Chop the fat up finely and aliquot 10-20 g into sterile 50 ml 
centrifuge tubes. Add 10 ml of PBS/A and 5-10 ml of the type 
II collagenase solution. Shake the tubes vigorously to further 
break up the fat and incubate with end-over-end mixing on a 
rotary stirrer at 37 °C for approximately 1 h. Following diges¬ 
tion the fat should have broken down and no spicules should 
be evident. 

3. Centrifuge the digests at 500 for 5 min, discard the fatty 
(top) layer, and retain the cell pellet with some of the lower 
(aqueous) layer. Add PBS/A, and recentrifuge 500 xjj for 
5 min. 

4. Resuspend the cell pellet in 10 % BSA solution and centrifuge 
(200 xyr, 10 min). Discard the supernatant and repeat the cen¬ 
trifugation in 10 % BSA solution. Wash the pellet with 50 ml of 
PBS/A. Viewed under the light microscope, the tissue digest 
should contain obvious microvessel fragments in addition to 
single cells and debris. 

5. Resuspend the pellet obtained in 5 ml of trypsin/EDTA solu¬ 
tion and incubate for 10-15 min with occasional agitation at 
37 °C. Add 20 ml HBSS containing 5 % CS (HBSS+5 %CS) 
and mix thoroughly to neutralize the trypsin. We have found it 
advantageous to break up the microvessel fragments and cell 
clumps further with trypsin/EDTA as this reduces the number 
of contaminating cells co-isolated with the ECs during PECA- 
bead purification. 

6. Filter the suspension through 100 pm nylon mesh to remove 
fragments of sticky connective tissue. Centrifuge the filtrate at 
700 x^, for 5 min, and resuspend the resulting pellet in 
~l-2 ml of ice-cold HBSS+5 %CS. 

7. Add approximately 50 pi of PECA beads and incubate for 
~20 min at 4 °C with occasional agitation (see Note 9). Add 
HBSS+5 %CS to a final volume of ~12 ml, mix thoroughly, and 
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3.1.3 Adipose MECs 
in Culture 


3.1.4 Subculture 
of Adipose MEC 


3.1.5 Microcarrier Beads 


select the microvessel fragments/ECs using a suitable magnet 
(see Note 7) for 3 min. Repeat the cell selection process a fur¬ 
ther three to five times by washing the magnetically separated 
material in ~12 ml of HBSS+5 %CS and reselecting the 
microvessel fragments with the magnet. 

8. Suspend the magnetically separated cells in growth medium 
(see Note 10) and seed at high density onto 0.2 % gelatin- 
coated 25 cm 2 tissue culture flasks and incubate at 37 °C in a 
humidified atmosphere of 5 % C0 2 . 

Following the PECA-bead selection procedure, small microvessel 
fragments and single cells coated with Dynabeads should be evi¬ 
dent under light microscopy (see Note 11). After 24 h the cells 
adhere to the flasks and start to grow out from the microvessel 
fragments present to form distinct colonies. Human mammary 
microvessel EC (HuMMEC) isolated using this technique grow to 
confluence forming contact-inhibited cobblestone-like monolayers 
within 10-14 days depending on the initial seeding density. We 
have successfully cultured these cells to passage 8 without observ¬ 
able change in their morphology, but routinely use them in experi¬ 
ments between passages 3-6. 

Maintain the MECs at 37 °C, 5 % C0 2 changing the medium every 
3-4 days. When confluent EC can be passaged using trypsin/ 
EDTA solution, onto 0.2 % gelatin-coated dishes at a split ratio of 
1:4 as follows: 

1. Discard the old medium and wash the cell monolayer twice 
with 5-10 ml of PBS/A. Add a few ml of trypsin/EDTA solu¬ 
tion, wash it over the cell monolayer, remove the surplus leav¬ 
ing the cells just covered, and incubate at 37 °C for 1-2 min. 
Monitor the cells regularly under the microscope until they 
round up and detach (see Note 12). Striking the flask sharply 
helps to dislodge the cells and break up cell aggregates. 

2. Add sufficient growth medium to achieve a split ratio of ~1:4 
and plate the cells onto gelatin-coated flasks. 

Microcarrier beads can be used to continuously culture EC with¬ 
out the need to use trypsin. Following hydration and sterilization 
according to the manufacturer’s instructions, add the gelatin- 
coated Cytodex 3™ microcarrier beads (Sigma) to the medium and 
allow the EC to crawl onto and attach to the microcarriers. Agitate 
the flasks occasionally to facilitate seeding carriers over a period of 
2-3 days. Remove the beads and place into a fresh gelatin-coated 
flasks containing growth medium and allow the cells to attach to 
the flask agitating occasionally to ensure good distribution of the 
cells. Once sufficient cells have attached, the beads may be removed 
and placed into a fresh flask and the process is repeated. 
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3.1.6 Cryopreserv 
ation of EC 


3.1.7 Maintaining 
the Purity of MEC Cultures 


3.2 Characteriz 
ation of ECs 

3.2.1 EC Morphology 
in Culture 


3.2.2 Key EC Markers 


Following trypsinization (see Subheading 3.1.4), suspend ECs at 
~2xl0 6 / m l in the cryopreservation medium and dispense into 
suitable cryovials. Cool the vials to -80 °C at 1 °C/min and store 
under liquid nitrogen. 

It may be necessary to reselect the ECs with PECA-beads and/or 
perform minor manual “weeding” to maintain the purity of cul¬ 
tures. Reselection with PECA-beads can be performed as described 
above (see Subheading 3.1.2, step 7) following removal of the cells 
from flasks using trypsin/EDTA solution (see Subheading 3.1.4). 
Provided that there are clear morphological differences between 
contaminating cell populations and the ECs (see Note 13), it is 
relatively straightforward, although time consuming, to physically 
remove them. Manual weeding should be performed with the 
stage of a phase contrast microscope within a class II cabinet to 
ensure sterile conditions. A needle or Pasteur pipette is used to 
carefully remove contaminating cells from around EC colonies. 
The medium is discarded and the adherent cells washed with sev¬ 
eral changes of sterile PBS/A to remove the dislodged contaminat¬ 
ing cells. 

Cobblestone morphology is very typical of ECs derived front many 
tissues, and they are usually readily distinguished from the typical 
fibroblastoid contaminating cell populations. However, a more 
elongated morphology has been reported for human MEC derived 
from some tissues, and similar elongated phenotypes forming 
“swirling” monolayers are often observed following stimulation of 
ECs with growth factors. EC will form “capillary-like” tube net¬ 
works within few hours of plating on matrices such as growth fac¬ 
tor-reduced Matrigel™. This phenomenon also occurs in many 
types of MECs if cultures are left for several days at confluence 
(Fig. 1). However, the formation of “capillary-like” structures is 
not an exclusive property of ECs in culture. 

There are many criteria in which EC identification may be based 
which have been reviewed extensively (see refs. 2-4, 6). Many 
endothelial markers/properties are not unique to ECs and several 
may be required to confirm endothelial identity. ECs isolated from 
different vascular beds may also display phenotypic heterogeneity, 
and lack of a particular marker may not preclude the endothelial 
origin of isolates [2], It is often useful to demonstrate the absence 
of markers characteristic of potential contaminating cell popula¬ 
tions such as smooth muscle a-actin-positive stress fibers and the 
intermediate filament protein, desmin, which are expressed by 
smooth muscle cells and pericytes [15]. 

A number of good endothelial markers have been identified, 
including endothelial cell adhesion molecule (ICAM-2/CD102), 
endothelial cell-selective adhesion molecule (ESAM), and vascular 
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Fig. 1 Photomicrograph of MEC isolated from the human mammary adipose (at 
passage 2) demonstrating typical cobblestone morphology and tube formation 
on the surface of the post-confluent EC monolayer 

endothelial cadherin (VE cadherin) [4]. Here we focus on von 
Willebrand factor (vWF), PECAM-1 [12], and E-selectin (endo¬ 
thelial-leukocyte adhesion molecule-1/CD62E) [16] that we 
believe to be useful for the rapid identification of ECs. 

vWF is only expressed at significant levels in ECs, platelets, 
megakaryocytes, and the syncytiotrophoblast of the placenta. In 
ECs it is stored in the rod-shaped Weibel-Palade bodies, which 
produce characteristic punctate perinuclear staining. These organ¬ 
elles are present in large vessel EC but have been reported to be 
scarce or absent in the capillary endothelium of various species 
[1-4, 6]. However, typical granular perinuclear staining for vWF 
has been reported in cultured human kidney, dermis [10], 
synovium, lung [13], stomach [14], decidua, heart, adipose [9, 
13], and brain [8] MECs. 

PECAM-1 is constitutively expressed on the surface of ECs 
(>10 6 molecules/cell) and to a lesser extent in platelets, granulo¬ 
cytes, and a subpopulation of CD8+ lymphocytes [6, 12]. 
PECAM-1 staining of ECs in vitro is characterized by typical 
intense membrane fluorescence at points of cell-cell contact (see 
Fig. 2). 

E-selectin: Strong expression of E-selectin following stimula¬ 
tion with pro-inflammatory cytokines appears to be a unique char¬ 
acteristic of ECs [13]. It is not expressed constitutively by the 
majority of ECs, but stimulation with tumor necrosis factor-a 
(TNF-a) or interleukin-1 p (IL-ip) leads to intense E-selectin stain¬ 
ing of the EC plasma membrane reaching a maximum after 4-8 h 
(see Fig. 3). 
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3.2.3 Immunocytofluo 
rescent Characterization 
of ECs 



Fig. 2 Immunofluorescent staining of platelet endothelial cell adhesion mole¬ 
cule-1 (PECAM-1/CD31) in the human mammary adipose MEC 



Fig. 3 Intense immunofluorescent staining of E-selectin (CD62E) detected in the 
human mammary microvessel MEC following 6 h exposure to 10 ng/ml tumor 
necrosis factor-a (TNF-a), which is absent in unstimulated control cells (inset) 


Outlined below is a simple protocol for the immunofluorescent 
detection of EC markers: 

1. Preparation of ECs on glass slides. Multiwell glass chamber slides 
are extremely useful for this purpose as multiple tests can be 
performed on the same slide conserving both reagents and cells. 
ECs are cultured on chamber slides that have been pretreated 
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3.2.4 Other Properties 
of Human Adipose MECs 


for 1 h with 5 (tg/cm 2 bovine fibronectin (Sigma) in PBS/A or 
0.2 % gelatin. When sufficient cells are present, discard the 
medium and wash twice with PBS/A prior to fixation. Different 
fixatives can be employed depending on the activity of the anti¬ 
body used. Acetone fixation is suitable for most antibodies: 
Place the slides (see Note 14) in cold acetone (-20 °C, 10 min), 
air dry and store frozen at -80 °C. Alternatively, fix cells in 
3.7 % formaldehyde solution for 30 min at room temperature. 
Formaldehyde does not permeabilize the plasma membrane, 
and further treatment wkh 0.1 % Nonidet P-40 or Triton X-100 
is required to detect cytoplasmic/nuclear antigens. 

2. Immunocytoflourescent staining. Warm up slides to room tem¬ 
perature and wash with PBS/A (2x5 min). Block slides for 
20 min with 10 % normal serum from the species in which the 
secondary antibody was raised to prevent nonspecific binding 
of the secondary antibody. 

3. Incubate slides with a predetermined or the manufacturer’s 
recommended concentration of primary antibody in PBS/A 
for 60 min at room temperature. 

4. Wash slides with PBS/A (3x5 min) and incubate with the 
appropriate FITC-labeled secondary antibody at 1:50 dilution 
in PBS/A for 30 min to 1 h at room temperature and protect 
direct light. 

5. Counterstain cells with Hoechst 33342 (10 pg/ml) in PBS/A 
for 10 min to facilitate assessment of EC purity. 

6. Wash slides in PBS/A (3x5 min), mount in 50 % (v/v) glyc¬ 
erol in PBS/A. Stained slides can be stored for several months 
in the dark at 4 °C. 

Controls: To avoid false positives generated by nonspecific bind¬ 
ing of secondary antibodies, it is essential to include negative con¬ 
trols of cells treated as described above, but with an isotype-matched 
control antibody and/or PBS/A substituted for the primary anti¬ 
body. It is also useful to include as controls of other cell types such 
as fibroblasts, smooth muscle cells, and previously characterized 
ECs to act as negative and positive control cells, respectively. 

E-selectin: Cells are incubated with 1-10 ng/ml TNF-a or 
IL-lp in growth medium for 4-6 h prior to fixation to induce 
E-selectin expression. Unstimulated cells should be used as 
controls. 

These cells possess typical EC characteristics including scavenger 
receptors for acetylated low-density lipoprotein, expression of the 
transforming growth factor-p co-receptor, endoglin (CD 105), and 
high levels of angiotensin-converting enzyme activity. All the EC 
types that we have cultured also express the vascular endothelial 
cell growth factor (VEGF) receptors Flt-1, Flt-4, and KDR/Flk-1 
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3.3 Isolation of MECs 
from Other Vascular 
Beds 


3.3.1 MECs 
from the Human Lung 


3.3.2 Human 
Stomach MECs 


[17] and proliferate and express tissue factor in response to 
VEGF. Similarly, the angiopoietin receptor, Tie-2/Tek and Tie-1, 
are also expressed by these cells. 

We have adapted the basic method for the selection of adipose 
MECs to isolate ECs front other tissues. Here we outline briefly 
the modifications that have been made for the isolation of the 
human lung [12] and stomach MECs [18]. 

Although it has a high microvascular density, the lung is composed 
of many diverse cell types that readily adapt to culture and is gener¬ 
ally more difficult to obtain than adipose tissue. We have success¬ 
fully isolated EC front the normal lung from transplant donors and 
diseased tissue from transplant recipients [ 13 ]. To ensure that MECs 
are harvested, a thin strip of tissue at the periphery of the lung is 
used. As the amount of tissue available is usually limited, and we 
have found that the yield of cells following direct Dynabead selec¬ 
tion is low, it is better to allow the cells to proliferate in culture for 
a few days and then perform the magnetic purification with PECA- 
beads before they became overgrown with contaminating cells: 

1. Cut small peripheral sections of the lung (3-5 cm long ~1 cm 
from the periphery) and wash in antibiotic/antimycotic 
solution. 

2. Dissect the underlying tissue from the pleura and chop it up 
very finely between scalpel blades or by using a tissue 
chopper. 

3. Wash the minced tissue above sterile 20 pm nylon mesh (pre¬ 
pared as described under Subheading 2.3, see Note 6) to filter 
out blood cells and fine debris. 

4. Incubate the retained material overnight in a dispase solution 
on a rotary stirrer at 37 °C overnight. 

5. Pellet the digest, resuspended in ~5 ml of trypsin/EDTA solu¬ 
tion, and incubate at 37 °C for 15 min. 

6. Add growth medium and remove fragments of undigested tis¬ 
sue by filtration through 100 pm nylon mesh. 

7. Pellet and resuspend the cells in growth medium and plate 
onto gelatin-coated dishes. 

8. Monitor the cultures daily, trypsinize, and select the ECs using 
PECA-beads before they became overgrown by contaminating 
cells (see Subheading 3.1.7). 

MECs can be cultured from stomach mucosa obtained from biop¬ 
sies or organ donors [14]: 

1. Expose the stomach mucosa washed with antibioitic/antimy- 
cotic solution. 
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3.4 Human Large 
Vessel EC Isolation 

3.4.1 Preparation 
of HUVEC 


2. Dissect the mucosa from the underlying muscle, chop into 
2-3 mm pieces, and incubate in 1 mM EDTA in HBSS at 
37 °C in a shaking water bath for 30 min. 

3. Transfer the pieces of mucosa to collagenase type II solution 
for 60 min, and then trypsin/EDTA solution for 15 min, in a 
shaking water bath at 37 °C. 

4. Using a blunt dissecting tool, scrape the mucosa and submu¬ 
cosa from the white fibrous tissue. 

5. Suspend the mucosal tissue in HBSS+20 % CS and wash 
through 100 pm nylon mesh. 

6. Centrifuge the filtrate (700 x^, 5 min) and resuspend the pel¬ 
let in ~12 ml of HBSS+5 %CS. Proceed with PECA-bead selec¬ 
tion ( see Subheading 3.1.2, step 7). 

The umbilical vein provides an abundant source of large vessel EC, 
which have been used extensively due to the availability of this post- 
natally redundant tissue and ease with which pure HUVEC prepara¬ 
tions can be obtained. The procedure given below has been adapted 
from the method originally reported by Jaffe and colleagues [1]: 

1. Collect umbilical cords in a suitable covered container and 
store at 4 °C (see Note 15). 

2. Working over a large dish or tray to contain any spills, wash off 
any blood from the surface of the cord with antibiotic/antimy¬ 
cotic solution and inspect the cord very carefully for the pres¬ 
ence of clamp marks and damaged areas, which must be 
avoided to prevent smooth muscle cell contamination. Cut a 
length (>20 cm) of cord free of clamp marks using cord scis¬ 
sors (see Note 16). 

3. Cannulate the umbilical vein using a three-way disposable 
Luer-Lock stopcock and secure using ligature. The umbilical 
vein with its larger and thinner walls is relatively easy to distin¬ 
guish from the two narrow umbilical arteries surrounded by 
the smooth muscle. 

4. Attach a syringe to the stopcock and wash the cord through gen¬ 
tly with ~30 ml of PBS/A until all the residual blood is removed. 

5. Perfuse the cord with -5-10 ml of 0.1 % (v/v) type I collage¬ 
nase (e.g., CLS collagenase, Worthington) solution in HBSS 
(prepared as described for type II collagenase— see 
Subheading 2.1) carefully displacing any residual air, and clamp 
off the free end. 

6. Place the cord on a large plastic tray (e.g.. Nunc bioassay dish), 
cover and place in a humidified incubator at 37 °C for -15 min. 

7. Gently massage the cord and collect the collagenase solution 
from the vein into a 30 ml universal tube. Wash through with 
-20 ml of HBSS+5 % CS. Centrifuge at 200 xjj for 10 min and 
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3.4.2 Human Aortic ECs 


4 Notes 


resuspend the pellet in growth medium (see Note 1 ) and plate 
cells onto gelatin-coated 25 cm 2 flasks. Under the phase con¬ 
trast microscope sheets of ECs in addition to many single cells, 
red blood cells and debris should be apparent. 

8. Allow cells to attach to the flask for at least 4 h, or overnight, and 
then wash the cells twice with PBS/A to remove non-adherent 
cells and debris. Add fresh growth medium and incubate the 
flask at 37 °C, in a humidified 5 % C0 2 incubator changing the 
medium every 2-3 days until the cells reach confluence. Passage 
the cells at a one-to-three ratio as described above (see 
Subheading 3.1.4). HUVEC dedifferentiate quite rapidly in cul¬ 
ture and we do not routinely use them beyond passage 4. 

A relatively simple method for the isolation of human aortic ECs 
(HAEC) is outlined below as described previously [18]. It is also 
possible to physically remove the EC by gently scraping of the 
luminal surface of the aorta rather than using collagenase digestion 
(see Note 17). This method can be directly applied to isolate EC 
from the aortas of other large mammals: 

1. Wash sections of human thoracic aorta obtained at postmor¬ 
tem are thoroughly in antibiotic/antimycotic solution. 

2. Cut the vessel open longitudinally to expose the surface of the 
luminal endothelium and lay flat on a sterile petri dish. Add 
collagenase solution (see Note 17) over the exposed luminal 
surface, cover with lid, and incubate at 37 °C for ~15 min in a 
humidified incubator. 

3. Wash the surface of the aorta with ~5 ml of HBSS+5 % CS, 
drain and collect into a 30 ml universal tube. Centrifuge at 
200 xjj for 10 min, resuspend the cell pellet in ~5 ml of growth 
medium and plate onto gelatin-coated T25 flasks, and incu¬ 
bate in a 37 °C, in a humidified 5 % C0 2 incubator. 

4. After 12-24 h, discard the medium, wash twice with PBS/A 
(10 ml), and add fresh medium and subculture the cells as 
described above passaging with trypsin at confluence (see 
Subheading 3.1.4). 


1. Many different growth media have been described for the cul¬ 
ture of ECs. Some MECs have very specific requirements such 
as the presence of human serum, while large vessel ECs tend to 
be far less fastidious in their growth requirements. This medium 
M199/Ham F12 nutrient mix-based recipe is relatively inex¬ 
pensive and works well for a range of ECs, but researchers may 
wish to optimize their media further. MCDB 131 [19] con- 
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taining the supplements described (Subheading 2.1, Item 6) 
represents an excellent alternative and can be used with lower 
concentrations of serum. There are now also several commer¬ 
cial sources of optimized EC media that are based on MCDB 
131. For example EGM™-l/2 and EGM™-MV-2 from Lonza 
(Lonza, San Diego, CA, USA) and although more expensive, 
they are very convenient and provide reliable support. 

2. Iron-supplemented bovine calf serum (CS) provides an eco¬ 
nomical alternative to FBS and in our hands supports the pro¬ 
liferation and survival of the EC well (see Note 1). However, it 
is necessary to batch test all bovine sera to ensure optimal 
growth of ECs—some MECs such as those isolated from decid- 
ualized endometrium are reported to require the presence of 
human serum or specific growth factors such as VEGF [20]. 

3. We use recombinant FGF-2 and EGF routinely, but VEGF 
(5-10 ng/ml) can also be added and provides excellent sup¬ 
port for the majority of cultured EC, but is more expensive. 
These growth factors may also be substituted with EC growth 
supplement (ECGS) derived from bovine brain, which is rich 
in acidic and basic FGF and can be obtained from various 
suppliers. 

4. There are alternatives to the use of Dynabeads, for example, 
the Miltenyi Biotec MACS system. These use composite iron 
oxide and polysaccharide beads (50 nm diameter) and require 
a MACS separation system comprising a disposable filtration 
column which is placed in a magnetic field. They offer the 
advantage that they are small and so do not interfere with cell 
attachment and subsequent use of the cells in procedures such 
as flow cytometry. 

5. Precoated Dynabeads (and CELLection™ beads —see Note 10) 
carrying various secondary antibodies (e.g., pan anti-mouse) 
are available from Dynal and are very convenient. However, 
anti-immunoglobulin-coated beads can be prepared as follows: 
Incubate the secondary antibody (150 pg/ml) in 0.17 M 
sodium tetraborate buffer (pH 9.5; 0.22 pm sterile filtered) 
with tosyl-activated Dynabeads-M450 for 24 h on a rotary stir¬ 
rer at room temperature. Wash the beads 4x for 10 min and 
then overnight in PBS/A+0.1 % BSA on a rotary stirrer at 4 °C 
before proceeding to coat them with the primary antibody as 
described (see Subheading 2.2). Although we have found selec¬ 
tion of MECs to be more reliable using anti-PECAM-1 anti¬ 
bodies [13], UEA -1 lectin can be used directly conjugated to 
tosyl-activated Dynabeads as described above. 

6. There are now several commercial suppliers of sterile dispos¬ 
able cell strainers that provide a very convenient alternative. 
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7. The MPC-1 magnet that we have used for many years is no 
longer manufactured, but suitable alternatives are available 
from Invitrogen Dynal AS in the DynaMag range which will 
accept 15 ml to 50 ml tubes. 

8. Omental adipose tissue obtained through general abdominal 
surgery can also be used. However, care should be taken to 
remove the fat from the omental membranes that are covered 
with a layer of mesothelium prior to dissection. Using PECA- 
bead selection, we have not found mesothelial cell contamina¬ 
tion of MEC cultures to be a problem. 

9. The cell PECA-bead suspension is incubated at 4 °C during 
the purification steps to minimize nonspecific phagocytosis of 
Dynabeads. 

10. We do not routinely remove Dynabeads following cell selec¬ 
tion. However, it may be necessary to remove the Dynabeads 
if you are using the cells to perform techniques such as flow 
cytometry. CELLection™ Dynabeads (Dynal) coated with the 
anti-PECAM-1 antibody can be used to select the MECs. In 
this system antibodies are conjugated to the Dynabeads via a 
DNA linker that can be cleaved with DNase-1 to release the 
beads from the cells following selection. 

11. Dynabeads are internalized within ~24 h of selection and are 
diluted to negligible numbers/cell by the first passage, through 
cell division. Consistent with the original observations of Jackson 
and colleagues [10] using LTH-1-coated Dynabeads, we have 
not observed any adverse effects on the adherence, proliferation, 
or morphology of EC following PECA-bead selection [12]. 

12. To maintain cell viability, it is important to rapidly remove the 
endothelial cells from the flasks as they are very sensitive to tryp¬ 
sin exposure. The use of a trypsin inhibitor to neutralize the 
tryptic activity immediately following detachment from the flask 
has been reported to prolong the viability of EC cultures. Mung 
bean trypsin inhibitor (Sigma) can be used for this purpose, 
although we have not assessed its effect on endothelial viability. 

13. The major contaminating cell population observed in 
unselected adipose MEC cultures demonstrates a distinct 
fibroblastic morphology. 

14. The plastic wells must be removed from the multiwell chamber 
slides as the acetone will rapidly dissolve the plastic. Depending 
on the type used, it may be possible to retain the gasket to 
make it easier to keep reagents on individual wells separate 
during the staining procedure. 

15. In our hands storage of the umbilical cords at 4 °C for up to 
48 h after delivery does not appear to adversely affect the yield 
or viability of the isolated cells. 
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16. Specialized umbilical cord scissors can be obtained cheaply 
from a number of suppliers and make the task of cutting 
lengths of cord a lot easier and safer than using scalpels. 

17. The luminal surface of the aorta can be simply scraped very 
gently to remove the aortic EC. However, we have observed 
greater contamination of cultures with smooth muscle cells 
from the underlying intima using this approach compared with 
collagenase digestion. Following isolation of EC, smooth mus¬ 
cle cells can be explanted from the aortic segments. 
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Chapter 5 


Isolation, Identification, and Culture of Human 
Lymphatic Endothelial Cells 

Zerina Lokmic 


Abstract 

A protocol describing the isolation of foreskin lymphatic endothelial cells (LECs) and lymphatic malformation 
lymphatic endothelial cells (LM LECs) is presented herein. To isolate LECs and LM LECs, tissues are 
mechanically disrupted to make a single-cell suspension, which is then enzymatically digested in dispase 
and collagenase type II. LECs and LM LECs, in the resulting single-cell suspension, are then sequen¬ 
tially labeled with antibodies recognizing fibroblast and endothelial cell surface antigens CD34 and 
CD 31 and separated from the remaining components in the cell suspension by capture with magnetic 
beads. Viable LECs and LM LECs are then seeded and expanded on fibronectin-coated flasks. LEC and 
LM LEC purity is determined immunohistochemically using cell surface markers CD31, CD34, podo- 
planin, VEGFR-3 and nuclear marker PROX-1. Cells whose purity is >98 % are used for experiments 
between passage 4 and 6. 

Key words Human lymphatic endothelial cells, Isolation, Foreskin, Lymphatic malformation, 

Magnetic beads, Cell culture 


1 Introduction 


As a part of a healthy lymphatic system, lymphatic endothelial cells 
(LECs) play a role in reabsorption of lymph, an excess tissue fluid 
containing macromolecules, white and occasionally red blood cells, 
and facilitate the passage of lymph to general blood circulation. 
LECs are found on the luminal surface of initial and colleting lym¬ 
phatic capillaries, lymphatic veins, and lymphatic valves which are 
found throughout the lymphatic system. As part of the initial lym¬ 
phatic capillary which has discontinuous basement membrane, the 
LECs are attached to extracellular matrix via short anchoring fila¬ 
ments and are connected by discontinuous button-lilce cell junc¬ 
tions [ 1 ]. LECs that are part of collecting lymphatics and lymphatic 
veins are also surrounded by other cell types, such as lymphatic 
vascular smooth muscle cells and fibroblasts, have continuous base¬ 
ment membranes, and form lymphatic vessel valves [2], Disruption 
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of the lymphatic system occurs in a variety of diseases, such as pri¬ 
mary and secondary lymphedema, lymph node metastatic cancers, 
and developmental conditions such as primary lymphedema, aris¬ 
ing from mutations in VEGFR-3, FOXC2, and SOX-18 genes [3], 
and lymphatic malformations (FMs) [4]. 

Healthy human FECs express a variety of cell surface markers 
that collectively enable EEC to be distinguished from vascular 
endothelial cells. These include the pan-endothelial cell marker 
CD31, a lymphatic vessel endothelial receptor-1 (FYVF-1), a tran¬ 
scription factor PROX-1 and a vascular endothelial growth factor 
receptor-3 (VEGFR-3). However, LECs do not express CD34, a 
vascular endothelial cell marker [5]. It is this property of being 
CD34-negative (CD34 Ncg ) and CD31-positive (CD31 Pos ) that is 
used to isolate these cells from the tissue. We recently showed that 
human lymphatic malformation endothelial cells (LM LECs) can 
also be isolated using this selection strategy [6]. 

One limitation to understanding human LEC biology and 
pathology in vitro is the source of normal LECs used as controls in 
experiments. Foreskin LECs are not representative of all LECs 
found in the human body. Therefore, they cannot represent all 
LEC functions and responses to external stimuli and pathological 
challenges that might occur in different LECs in different tissues. 
Researchers are also limited in obtaining other sources of human 
LECs due to lack of access to a continuous supply of different tis¬ 
sue types in sufficient quantities to enable sufficient cell yield. In 
contrast, foreskin tissue is easier to obtain due to elective circumci¬ 
sions. The size of obtained foreskin tissue dictates how many LECs 
can be isolated. Mostly, following in vitro expansion, sufficient 
quantities are available by passage 3 to commence experiments. 

This chapter will describe the magnetic bead selection method 
used in our laboratory to isolate foreskin LECs and LM LECs 
while reducing the presence of contaminating vascular smooth 
muscle cells, mesenchymal cells, and fibroblasts. The method is 
modified from method published by Hiralcawa et al. [7]. 


2 Materials 


All reagents are stored and prepared as per manufacturer’s instruc¬ 
tions. Prepare enzyme solutions on the day of cell isolation. Warm 
the endothelial cell media, cell culture buffers, and enzyme solu¬ 
tions at 37 °C for 30 min prior to use. All solutions stored at 4 °C 
as per manufacturer’s instructions should be warmed to room tem¬ 
perature only for the time needed to use them. All materials should 
be disposed of after use as specified by one’s own institutional 
safety guidelines. 
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2.1 Culture Medium 
and Solutions 


2.2 Enzymatic 
Digestion 


1. Endothelial cell media: EGM-2 MV Bullet Kit (Lonza, cata¬ 
logue number cc-3202) supplemented with 50 ng/mL 
VEGF-C (R&D, 2179-VC-025). The kit contains human 
EGF, hydrocortisone, gentamicin (GA-1000), fetal bovine 
serum, VEGF, human FGF-b, R 3 -IGF-1, and ascorbic acid. 
The media is prepared by warming EGM-2 media and gently 
thawing the kit components. Once thawed, the individual 
components are added to 500 mL EGM-2 media bottle in the 
laminar flow cell culture hood. Add VEGF-C last. Aliquot 
endothelial cell media into 50 mL sterile tubes, and store at 
4 °C until use. This medium is used for tissue collection, cell 
isolation, and in vitro cell propagation. 

2. Calcium and magnesium-free phosphate-buffered saline (PBS): 
Prepare PBS by dissolving 8.752 g NaCl, 1.416 g 
Na 2 HP0 4 • 2H 2 0, and 0.395 g KH 2 P0 4 in 1000 mL of water. 
Adjust pH to 7.4. Filter sterilize PBS and store at 4 °C. Prior 
to use, add 100 U/rnL penicillin and streptomycin. 

3. Human fibronectin (Sigma-Aldrich, catalogue number 
F2006): Dissolve 1 mg of fibronectin in 10 mL of sterile 
H 2 0. Store reconstituted solution in 100 pL aliquots at 
-20 °C. On the day of use, add 10 mL of PBS to 100 pL of 
fibronectin aliquot (to give a final working concentration of 10 
pg/mL). For 25 cm 2 flasks, use 1 mL of fibronectin solution to 
coat the flask; for 75 cm 2 , use 4 mL to coat the flask; and for 
150 cm 2 , use 7 mL to coat the flask. Note that 10 pg/mL 
fibronectin solution can be reused as the sterile reconstituted 
solution is stable at 4 °C for 1 month. 

4. StemPro® Accutase® Cell Dissociation Reagent (Life 
Technologies, Gibco®, catalogue number All 105-01): This 
reagent is used to detach cells during passaging as it preserves 
CD34 and CD31 expression and cell viability better than tryp¬ 
sin-based detachment agents. 

5. 0.4 % trypan blue solution (Life Technologies, Gibco®, cata¬ 
logue number 15250-061). To count cells, 10 pL of cell sus¬ 
pension is mixed with 90 pL of trypan blue. 10 pL of this 
suspension is used in hemocytometer counting. 

6. Dimethyl sulfoxide (DMSO, Sigma Aldrich, catalogue number 
D4540). 

1. The following enzymes are required: Dispase II (Roche 
Applied Biosciences, catalogue number 4942078001), 
Collagenase Type II (Worthington Lab, catalogue number 
4176) and DNAse I (Roche Applied Biosciences, catalogue 
number 11284932001). Based on tissue weight, prepare an 
appropriate volume of enzyme media containing 0.04 % dis¬ 
pase II, 0.25 % collagenase II, and 0.01 % DNase I in sterile 
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2.3 Magnetic Bead 
Cell Isolation 


2.4 In Vitro Cell 
Characterization 
and Microscopy 


2.5 Equipment 


PBS. Ten mL of enzymatic media is required per 1 g of tissue. 
First, weigh required weight of dispase and collagenase into a 
sterile 50 mL tube, then add the required volume of PBS, and 
incubate for 30 min with shaking at 37 °C to dissolve. Once 
dissolved, filter sterilize (0.22 pm filter) dispase/collagenase 
solution, and in the laminar flow hood, aseptically add the 
required amount of DNase I. The enzymatic media is always 
prepared on the day of use and kept at 37 °C until use. 

In addition to columns (see equipment), the following Miltenyi 
Biotec reagents are required: CD31 Multisort kit (catalogue num¬ 
ber 130-091-935), CD34 Multisort kit (catalogue number 130- 
056-701), anti-fibroblast beads (catalogue number: 130-050-601), 
MACS BSA stock solution (catalogue number 130-091-376), and 
MACS rinse buffer (catalogue number 130-091-222). Aseptically 
combine MACS BSA stock solution and MACS rinse buffer prior 
to use. Avoid causing bubbles, and degas the solution to remove 
existing air bubbles and store at 4 °C. 

1. Cell fixative: 10 % neutral-buffered formalin. 

2. Antibodies and immunohistochemistry reagents: Protein block 
solution (DAKO Carpinteria, USA). Primary antibodies: 
mouse anti-human podoplanin antibody (clone D2-40; 
DAKO), rabbit anti-PROX-1 (ab38692. Abeam) goat anti¬ 
human VEGFR-3 (AF349, R&D Systems), and mouse anti¬ 
human CD31 (clone JC70A, DAKO). Secondary antibodies: 
biotinylated goat anti-mouse antibody (DAKO) to detect 
podoplanin and CD31, swine anti-rabbit IgG (DAKO) to 
detect PROX-1, and rabbit anti-goat IgG (DAKO) to detect 
VEGFR-3. Detection of bound antibody complex: 
Streptavidin-HRP (DAKO) and diamino benzidine (DAB, 
Sigma-Aldrich, catalogue number D0426). Mounting media: 
DPX (Sigma-Aldrich, catalogue number 06522). 

3. Immunohistochemistry buffer: lOx Tris-buffered saline 
(TBS)/0.5 % Tween buffer: Dissolve 24 g Tris-HCl, 5.6 g Tris 
base, 88 g NaCl, and 5 mL Tween-20 in 950 mL distilled 
water. Check that the pH is 7.6 at room temperature. If pH is 
basic, adjust with concentrated HC1, and if acidic, adjust with 
NaOH. Then add distilled water to a final volume of 1 L. 

4. Cell counterstain. Harris’ modified hematoxylin solution 
(Sigma-Aldrich, catalogue number HHS128). Scott’s tap 
water: dissolve 20 g of MgS0 4 -7H 2 0 and 3.5 g NaHC0 3 in 
1 L of distilled water. 

All procedures are done aseptically in a Class II laminar flow safety 
hood equipped with UV light for decontamination. Dissection equip¬ 
ment should be thoroughly washed, cleaned in 70 % ethanol, and 
autoclaved at 121 °C for 20-30 min (depending on the system used). 
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3 Methods 

3.1 Tissue Collection 


3.2 Tissue 
Processing and Cell 
Isolation 


Additional equipment: 

1.25 cm 1 2 and 75 cm 2 tissue culture flasks and 90 mm petri dishes. 

2. Sterile 5 mL and 10 mL tissue culture pipettes. 

3. 15 and 50 mL sterile centrifuge tubes. 

4. 100 pm and 70 pm cell strainers (BD Biosciences). 

5. 0.22 pm filtration membranes for solutions. 

6. Vacuum pump to aid filtration process. 

7. 3 mL sterile syringe plunger with black rubber tip. 

8. Scalpel handle, scalpel blades, forceps, and small scissors with 
straight ends. 

9. Hemocytometer. 

10. 8-Well cell culture slides. 

11. Water bath or incubator with a shaker and temperature 
control. 

12. MACS MultiStand (Miltenyi Biotec). 

13. MidiMACS Separator (Miltenyi Biotec). 

14. MACS LS Columns (Miltenyi Biotec). 

15. Centrifuge suitable to hold 15 mL and 50 mL tubes. 

16. Cell culture incubator with temperature and gas composition 
control. 

17. Phase contrast microscope and bright field microscope. 

18. Plastic container for cell staining. 


Prior to collecting the tissue specimen, pre-weigh sterile container 
with medium into which the specimen will be collected. Foreskin 
and LM tissues are collected at the time of surgery into a sterile 
container containing known amount of endothelial cell media and 
transported to the laboratory on ice. The amount of media used 
depends on the tissue size. For foreskin samples, 5 mL of media is 
used, for LMs 10 mL of media is used. The tissue is transported to 
the laboratory on ice and processed immediately. In the laboratory, 
weigh the container with the specimen, and then subtract the 
weight of the empty container and the amount of media in the 
container to obtain tissue weight. Add 1 mL of enzyme media per 
100 mg of tissue. 

1. Decontaminate the laminar hood with UV light and clean the 
working space with 70 % ethanol. 

2. Transfer tissue into a 90 mm petri dish, and using sterile for¬ 
ceps and scalpel (or scissors), mince the tissue into 1-2 mm 
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pieces. This is a critical step as better enzyme digestion is 
achieved with finely minced tissue (see Notes 1 and 2). 

3. Transfer minced tissue aseptically into a sterile 50 mL tube, 
and add 1 rnT of enzyme media (0.04 % dispase II, 0.25 % col- 
lagenase II, and 0.01 % DNase I) per 100 mg of tissue. Place 
the tube at 37 °C with shaking for 30-90 min. Neonatal fore¬ 
skin samples require approximately 30 min, fibrotic LMs need 
60-90 min. To judge if the incubation is sufficient, simply 
examine the solution for the amount of undigested tissue 
present. 

4. Following incubation, pass the cells through a 100 pm cell 
strainer placed in a sterile 50 mL tube, and then use a sterile 3 
mL syringe black with rubber plunger to grind down the 
remaining tissue until only traces of extracellular matrix remain. 

5. Wash the cell strainer with 10 mT of endothelial cell media 
(1:1 ratio to enzyme media used) to recover cells attached to 
the sieve and to inactivate the enzymes in cell suspension. 

6. Spin the cells at 300 for 5 min, remove the supernatant, 
then wash the cells three times in sterile PBS/PenStrep, each 
time discarding the supernatant and gently disrupting the cell 
pellet prior to a new wash. 

7. Add endothelial cell media to resuspended cells (5 mT for 
25 cm 2 flask, 10 mT per 75 cm 2 flask, and 20 mT for 150 cm 2 
flask), and pass the suspension through a 70 pm strainer to 
remove cell debris. Seed up to 5 x 10 5 cells in a 25 cm 2 flask, 
2 x 10 6 cells per 75 cm 2 flask, and 5 x 10 6 cells in 150 cm 2 flasks. 

8. Plate the cells in flasks and incubate at 37 °C, 5 % C() 2 . and 
21 % 0 2 in a humidified incubator. Check cells after 24 h to 
determine cell attachment. 

9. After 24 h, wash away unbound cells (3x5 min PBS/PenStrep) 
and add new endothelial cell media. Return to the incubator. 
Change the media every second day (see Note 3). When cells 
are approximately 80 % confluent, cell-specific isolations can 
commence. 


3.3 Magnetic Bead 
Cell Selection 

3.3.1 Fibroblast 
Depletion 


We follow the Miltenyi Biotec manufacturer’s instruction with this 
procedure. However, in addition, we repeat purification on a fibro¬ 
blast and CD 34 column twice to ensure maximum removal of 
fibroblasts and CD34 Pos cells from the cell suspension (see Note 4). 

1. Remove the media from the flask and wash the cells three times 
with sterile PBS/PenStrep. To prepare the cell suspensions, 
add pre-warmed Accutase® to each flask. For 25 cm 2 flask use 
1 mL, for 75 cm 2 use 5 mL, and for 150 cm 2 use 7 mL to coat 
the flask. Generously cover the cells with Accutase® to ensure 
complete cell detachment from the fibronectin-coated flask. 
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The cells are incubated for 5 min (maximum 7 min) at 37 °C 
in Accutase®. Examine under the polarized microscope, and if 
the cells are not completely detached, carefully tap the flask 
three to four times to detach them. 

2. Add endothelial cell media to the flask (3:1 ratio of media to 
Accutase®) to inactivate Accutase®. The cell suspension is 
drawn up and down a sterile cell culture pipette three to four 
times before transfer to a new sterile 15 mL centrifuge tube. 

3. Centrifuge the cells at 300 for 5 min, remove the superna¬ 
tant, and resuspend the cells in 2 mL of endothelial cell media. 
Count the cells using 0.1 % trypan blue and a hemocytometer 
(at 1:10 ratio of cells to dye). 

4. To deplete fibroblasts from the cell suspension, centrifuge the 
suspension at 300 xjj for 5 min. Aspirate the supernatant com¬ 
pletely. Resuspend the cell pellet in 80 pL of MACS buffer per 
10 7 total cells, and avoid introducing air bubbles as this slows 
down the cell isolation. 

5. Add 20 pL of anti-fibroblast beads per 10 7 total cells. Mix well 
with a pipette and incubate for 30 min at room temperature. 
During this time, prepare the LS column by inserting it into 
the magnetic field separator. Place a new 15 mL sterile tube at 
the tip of the column to collect the rinse buffer. Rinse the col¬ 
umn with 3 mL of MACS buffer to prepare the column for 
use. Place a new 15 mL sterile tube at the tip of the column to 
collect the flow through. The columns will not dry out while 
you are waiting for the incubation to be completed. 

6. At the end of incubation, add 2 mL MACS per 10 7 cells to 
wash away unbound beads and centrifuge at 300 xjj for 10 min. 
Aspirate supernatant completely then resuspend cells in 500 
pL of MACS buffer. 

7. Apply the cell suspension to the column. Do not introduce air 
bubbles as this will either block the column and the sample will 
be lost, or it will slow the elution and prolong the isolation 
process. The flow through is collected as it contains fibroblast- 
depleted cells. Once the flow has ceased, wash the column 
three times with MACS buffer. Continue to collect the flow 
through. 

8. On the final wash, place the flow through into the centrifuge, 
spin at 300 xjj for 5 min, and then repeat the process for cell 
suspension and column purification. This step will minimize 
the fibroblast contamination. Again collect the flow through, 
centrifuge and remove the supernatant, and resuspend in cell 
media to count the cells. Depending on the tissue sample, typi¬ 
cal yield is 2 x 10 5 -5 x 10 5 cells at this stage. To prepare the cells 
for CD 34 depletion, centrifuge and remove the supernatant. 
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3.3.2 CD34 Depletion 


3.3.3 CD31 Positive 
Selection on Fibroblast 
and CD34-Depleted Cells 


1. Resuspend the cell pellet in 80 pL of buffer then add 20 pL of 
Anti-CD 34 MicroBeads. Mix well with a 100 pL pipette, then 
incubate at 2-8 °C for 30 min. During this time prepare the 
column for CD34 separation as described above. 

2. At the completion of incubation, add 2 mL of MACS buffer to 
the cells to facilitate removal of the unbound beads then cen¬ 
trifuge at 300 xjj for 5 min. 

3. Remove the supernatant and add 500 pL of MACS buffer to 
the cell pellet. Gently resuspend cells with 1 mL pipette and 
load the cells onto the column to deplete CD34 Pos cells. Collect 
the flow through. 

4. Once the cell suspension has gone through the column, wash 
the column three times using 3 mL of MACS buffer, each time 
continuing to collect the flow through. The flow through con¬ 
tains CD34 Neg cells. 

5. Once the CD34 Neg cell fraction is collected, centrifuge the cells 
at 300 xyr, remove the supernatant, resuspend the cells in 1 mL 
of buffer, and then repeat the column purification to remove 
any remaining CD34 Pos cells that might have “squeezed” 
through. This step further reduces CD34 Pos cells, which also 
include CD34 Pos nonvascular cells. 

6. After the second column purification, centrifuge the CD34 Neg 
negative fraction cells at 300 xjj for 5 min, remove the super¬ 
natant, and proceed with CD31 purification. At this stage, the 
cell yield is about 10,000-50,000 cells (depending on the ini¬ 
tial specimen size). 

1. Following CD34 depletion, resuspend the cell pellet in 80 pL 
of MACS buffer using 100 pL pipette being careful not to 
introduce air bubbles. 

2. Add 20 pL of Anti-CD31 MicroBeads. Mix well with pipette 
then incubate at 2-8 °C for 15 min. During this time prepare 
the MACS column as described above. 

3. After the incubation is completed, add 1 mL of MACS buffer 
to the cells to wash unbound beads then centrifuge at 300 xjj 
for 5 min. 

4. Remove the supernatant and resuspend the cells in 500 pL of 
MACS buffer prior to loading them onto the column to collect 
CD31 Pos cells. This time, the flow through is not needed since 
when examined microscopically there are too few cells in the 
flow through to warrant an additional column isolation. Once 
you have loaded the cells on to the column, wash the column 
three times using 3 mL of MACS buffer each time. 

5. Once the CD31 Neg fraction has been collected, remove the col¬ 
umn from the separator and place it on a new 15 mL sterile 
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tube to collect cells. Pipette 5 mL of buffer onto the column, 
and using the column plunger provided, immediately flush out 
the magnetically labeled cells (CD31 Pos traction) by firmly and 
quickly pushing the plunger into the column. 

6. Centrifuge the cells at 300 x^, remove the supernatant, then 
gently resuspend the cells in 5 mL of endothelial cell media, 
and plate the cells in a fibronectin-coated 24-well plate in total 
volume of 500 pi. per well for 24 h. Because any cell purifica¬ 
tion at any given time will contain a very low percentage of 
unwanted cells, by seeding the LECs and LM LECs in 24-well 
plate, just by random chance, some wells will contain pure 
LECs or LM LECs, and some will contain a mixture of LECs 
and unwanted cells. Using a 24-well plate maximizes the likeli¬ 
hood of obtaining pure target cells. 

7. After 24 h, wash away unbound cells and continue culturing 
cells until 80 % confluent. At this point it is important to be 
ruthless in deciding to cull contaminated cultures (see Note 5). 
Any well containing fibroblasts and/or vascular smooth mus¬ 
cle cells should be immediately discarded as these cells can 
quickly overwhelm the LEC cultures. In my experience, LECs 
do not require these contaminating cells to survive. 

8. Once the cells reach 80 % confluence in the 24-well fibronectin- 
coated dish, detach them from the wells with Accutase® (300 
pL per well) and culture into 25 cm 2 flasks with media change 
every 48 h. 

9. When the cells are about 80 % confluent in 25 cm 2 flask, they 
are passaged and immunophenotyped by culturing 100 cells 
per well in an 8-well slide for staining with LEC markers. The 
cells can then usually be further subcultured or cryopreserved. 

3.4 Phenotyping Due to low LEC number present at the initial isolation, the cell 

Cells characterization takes place when the cells are first passaged to sec¬ 

ond or third passage after isolation. In vitro, confluent monolayers 
of LECs and LM LECs have a cobblestone morphology (Fig. 1). 
To confirm LEC identity, seed the cells in 8-well slides and grow to 
70-80 % confluency. Remove the cell media and directly add 10 % 
neutral buffered formalin for 5 min. Once the neutral buffered 
formalin is removed wash cells in PBS three times prior to staining. 
As a negative control for antibody staining, cells are incubated in 
IgG isotype controls. For each step, 200 pL of reagent and 500 pL 
per well of TBS/Tween wash buffer are used. 

1. Remove cell culture medium and wash the cells in TBS buffer 
three times. Remove buffer and fix cells in 500 pL per well 
10 % buffered formal saline for 5 min. Other fixatives such as 
4 % paraformaldehyde, acetone, and methanol can also be used 
to do the immunopheno typing. After fixation, wash cells in 
TBS/Tween buffer three times for 5 min each time. 
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A - B - 

Fig-1 Foreskin LEC (a) and LM LEC (b) monolayers have cobblestone morphology. Note the difference in size 
and shape of two cell types. Scale bar = 100 pm 


2. Remove TBS/Tween buffer and block cells in protein block 
solution for 20 min at room temperature. 

3. Remove excess protein solution and add primary antibody 
(diluted in TBS/Tween buffer) into each well. Antibodies are 
used at the following concentrations for 12 h at 4 °C: mouse 
anti-human podoplanin antibody (clone D2-40; working con¬ 
centration 13.9 pg/ml.), rabbit anti-PROX-1 (5 pg/mF), 
goat antihuman VEGFR-3 (1.5 pg/rnL), or mouse antihuman 
CD 31 (clone JC70A, 21 pg/mL). 

4. Following incubation, remove the unbound primary antibody 
and wash cells in three changes of TBS/Tween buffer. 

5. Prepare complimentary biotinylated secondary goat anti¬ 
mouse antibody (2.6 pg/mF) to detect podoplanin and CD31, 
swine anti-rabbit IgG (2.1 pg/mF) to detect PROX-1, and 
rabbit anti-goat IgG (5.3 pg/mF) to detect VEGFR-3. 

6. Following 45 min incubation, the unbound secondary anti¬ 
body is removed and cells washed three times in TBS/Tween 
buffer. 

7. To detect the bound secondary antibodies, the TBS/Tween 
buffer is removed and streptavidin-HRP (1.8 pg/mF, diluted 
in TBS/Tween buffer) added to each well for 30 min. 

8. To visualize bound streptavidin-HRP, the excess volume is 
removed and cells washed in TBS/Tween buffer and then 
incubated in diaminobenzidine (DAB) for 2-5 min. Unbound 
DAB is washed away in water. At this point the gasket can be 
removed and the glass slides transferred to a slide rack for 
counterstaining in hematoxylin. 

9. Counterstain cells in hematoxylin (2-3 min). Excess hematox¬ 
ylin is washed off in three changes of tap water. The hematoxy¬ 
lin is blued in Scott’s tap water (1 min) until the nuclei are blue 
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3.5 Subculturing 
Human LECs 


3.6 Cryopreservation 
of Cells (See note 7) 


and slides washed in three changes of tap water. Dehydrate 
slides in graded ethanol (5 min in 50 %, 75 %, and two changes 
of 100 %) and two changes of xylene (5 min per solution). The 
slides are then cover slipped in DPX and examined 24 h later 
with an optical microscope under x20 or x40 magnification. 
The expected results are shown in Fig. 2. 

Once LEC and LM LECs reach 80 % confluency in 25 cm 2 flask, 
they can be passaged into 25 cm 2 or bigger flasks. The cells are split 
at a ratio of 1:3 (see Note 6). 

1. Remove cells from the incubator and aseptically wash them 
three times in warm (37 °C) PBS/PenStrep. 

2. Warm Accutase® solution is then added to cover the cells. 
Return the flask to the cell culture incubator for 5-7 min with 
a first check for cell detachment at 5 min. Examine the flask 
under a phase contrast microscope to determine if the cells 
have detached. If the cells have not detached, the flask can be 
tapped gently to dislodge the cells. If the cells are still attached 
to the flask, return the flask to the cell culture incubator for a 
further 2 min. 

3. Following cell detachment add 5 mL of endothelial cell media 
to stop the Accutase® reaction. The cell suspension should be 
passed two to three times through sterile 5-10 mL cell culture 
pipette and then transferred to a sterile 15 mL centrifuge tube. 

4. Centrifuge the tube at 300 xfj for 5 min, remove the superna¬ 
tant, and resuspend the cells in 15 mL of endothelial cell 
media. Draw the cells up and down in the pipette before trans¬ 
ferring 5 mL of cell suspension to new 25 cm 2 fibronectin- 
coated flasks for further culture. Change the media every 2 
days. LECs take about 7-10 days to reach confluency, whereas 
LM LECs take between 3 and 5 days. 

To cryopreserve LECs and LM LECs, detach the cells as described 
in Subheading 5 . Once the cells are resuspended in endothelial cell 
media, count the number of cells. 

1. Centrifuge the cells at 300 xjj for 5 min, remove the superna¬ 
tant, and resuspend the cell pellet in 90 % FCS/10 % DMSO 
(v/v) freezing media. We cryopreserve 100,000 cells per mL 
of freezing media. 

2. The cell/freezing media suspension is aliquoted into cryovials 
and stored at 4 °C for 1 h, followed by -20 °C for 1 h then 
-80 °C overnight before transfer to liquid nitrogen for long¬ 
term storage. 

3. To thaw cells, warm the cryovial at 37 °C for 1-2 min, just 
enough for the frozen content to turn to a slurry. Then trans¬ 
fer the tube contents into 5 mL of warm endothelial cell media. 


Foreskin LECs LM LEC 


PROX-1 


CD31 


CD34 


PDPN 


VEGFR-3 



Fig. 2 In vitro, foreskin LEC and LM LEC maintain their CD31 Pos podoplanin, Pos VEGFR-3, and Pos CD34 Ne8 pheno¬ 
type (passage 4 shown here). CD34 Pos cells are rarely observed in foreskin LEC and LM LEC cell culture. Note 
variable expression of podoplanin (PDPN) and PROX-1 in both foreskin LECs and LM LECs. Scale bar = 50 pm 
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4. Centrifuge the suspended cells at 300 xcf for 5 min, remove the 
supernatant containing DMSO, then resuspend the cells in 
fresh 5 mL of endothelial cell media. 

5. Seed the cells into 25 cm 2 fibronectin-coated flasks for 24 h. 
On the following day, change cell media to remove nonadher¬ 
ent cells. Note that there will be 20-30 % of dead cells floating 
after 24 h of culture. 


4 Notes 


1. The LEC yield will depend on foreskin age. Neonatal skin 
aged <3 months gives a greater cell yield than foreskin aged >6 
months. LM LEC yield will depend on the amount of fibrosis 
present in the affected tissue. 

2. Always prepare fresh enzyme media as this works better when 
the tissue is more fibrotic. 

3. Change the media every second day as longer times between 
media changes favor survival of fibroblasts and/or vascular 
smooth muscle cells, even if they are present in small quantities 
(2-5 %). 

4. Podoplanin is not a good marker for isolating LM LECs as LM 
LECs from macrocystic LM LECs do not uniformly express 
podoplanin (as detected by clone D2-40) [6]. 

5. Discard all LEC or LM LEC cultures if they are contaminated 
with smooth muscle cells or fibroblasts as these cells are detri¬ 
mental to LEC and LM LEC cultures. Typically, about 75 % of 
LEC and LM LEC isolations are >95 % purity. The remaining 
isolations are about 85-90 % pure. Purity of 85-90 % is not 
sufficient to stop the contaminating cells from overwhelming 
the LEC and LM LEC cultures by passage 4. 

6. Do not use primary foreskin LECs or LM LECs beyond pas¬ 
sage 6. Loreskin LECs become increasingly senescent between 
passages 6-8 and cannot form tubes in vitro. In contrast, 
some LM LECs proliferate even faster than at earlier passages 
and can grow on top of each other, a characteristic absent at 
earlier passages and suggestive of endothelioma transforma¬ 
tion. Therefore, it is prudent to freeze cells at the earliest pas¬ 
sage possible. 

7. Avoid pooling the samples together, in case the HLA incom¬ 
patibility creates issues for cell survival as suggested for 
HUVECs [8]. Also, following cryopreservation, new cultures 
should be passaged once before use in experiments, otherwise 
the LECs and LM LECs will migrate poorly and will not form 
tubes on Matrigel™. 
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5 Summary 


Isolating LECs and LM LECs is hindered by fibroblast and vascu¬ 
lar smooth muscle cell contamination. This contamination can be 
reduced if the tissue is processed quickly and cells purified twice to 
deplete fibroblasts and CD34 Pos cells. Although the literature rec¬ 
ommends multiple purifications in the event of contamination with 
fibroblasts and smooth muscle cells, in our hands, it is rare to sub¬ 
sequently obtain a pure culture. From an economic and practical 
point of view, it is best to discard the wells containing the 
contamination. 
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Chapter 6 


Isolation, Culture, and Characterization of Vascular 
Smooth Muscle Cells 

Jessal J. Patel, Salil Srivastava, and Richard C.M. Siow 

Abstract 

Smooth muscle cells (SMC) are the predominant cell type involved in the pathogenesis of atherosclerosis, 
vascular calcification and restenosis after angioplasty; however, they are also important in the de novo for¬ 
mation of blood vessels through differentiation of mesenchymal cells under the influence of mediators 
secreted by endothelial cells. In angiogenesis, vascular SMC are formed by proliferation of existing SMC 
or maturation and differntiation of pericytes. Experimental findings have demonstrated a potential role of 
putative smooth muscle progenitor cells in the circulation or within adult tissues and the perivascular 
adventitia in the development of atherosclerotic plaques, restenosis and angiogenesis. Modulation of vas¬ 
cular smooth muscle phenotype, SMC migration and hypertrophy are now recognized as key events in the 
development of vascular diseases. This has led to an increase in experimental research on SMC function in 
response to growth factors, extracellular matrix components, modified lipoproteins, biomechanical 
forces and other pro-atherogenic and pro-angiogenic mediators to address the cellular mechanisms 
involved. This chapter highlights well established methodologies used for vascular SMC and pericyte isola¬ 
tion and culture as well as their characterisation. A better understanding of vascular SMC and pericyte 
biology and their phenotypic modulation is required to identify therapeutic strategies to target angiogen¬ 
esis and treat cardiovascular diseases. 

Key words Smooth Muscle Cell, Pericyte, Angiogenesis, Atherosclerosis, Phenotype, Cell Culture 


1 Introduction 


Smooth muscle cells (SMC) are the predominant cell type involved 
in the pathogenesis of atherosclerosis and restenosis after angio¬ 
plasty [1]; however, they are also important in the formation and 
development of de novo blood vessels (vasculogenesis) through 
differentiation of mesenchymal cells under the influence of media¬ 
tors secreted by the endothelial cells comprising newly formed ves¬ 
sels [2]. In angiogenesis, vascular SMC are formed by proliferation 
of existing SMC or maturation of pericytes [2, 3]. Experimental 
findings suggest a potential role of putative smooth muscle pro¬ 
genitor cells in the circulation or within adult tissues and the peri¬ 
vascular adventitia in the development of atherosclerotic plaques 
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and biology of angiogenesis [4]. Modulation of vascular smooth 
muscle phenotype, SMC migration and hypertrophy are now rec¬ 
ognized as key events in the development of arterial lesions in vas¬ 
cular diseases [1]. This has led to an increase in experimental 
research on SMC function in response to growth factors, extracel¬ 
lular matrix, modified lipoproteins, and other pro-atherogenic and 
pro-angiogenic mediators under controlled in vitro conditions to 
address the cellular mechanisms involved. Most of the methodolo¬ 
gies used for vascular SMC isolation and culture have been devel¬ 
oped to accomplish such studies [5]. 

In vivo, vascular SMC retain the characteristic of phenotypic 
modulation, ranging between the “contractile” and “synthetic” 
states. This plasticity allows smooth muscle cells to adapt to local 
environmental cues within the vessel wall, for example growth fac¬ 
tors (platelet-derived growth factor, transforming growth 
factor-pi), contractile agonists (angiotensin II, endothelins), reac¬ 
tive oxygen species, inflammatory mediators, and biomechanical 
shear and stretch forces [5-7]. The healthy adult vasculature pre¬ 
dominantly consists of the contractile-state SMC, whose main 
function is in the maintenance of vascular tone. They exhibit a 
characteristic “muscle-lilce” appearance, with up to 75 % of their 
cytoplasm containing contractile filaments. However, in culture, 
these cells are able to revert to a synthetic and proliferative pheno¬ 
type, which is normally found in embryonic and young developing 
blood vessels [8]. These proliferative cells synthesize extracellular 
matrix components such as elastin and collagen, and consequently 
contain large amounts of rough endoplasmic reticulum and Golgi 
apparatus but few myofilaments in their cytoplasm [6-8]. The 
modulation of vascular SMC from a contractile to a synthetic phe¬ 
notype is an important event in atherogenesis and restenosis, 
resulting in myointimal thickening and arterial occlusion. This may 
arise from damage to the endothelium and exposure of SMC to 
circulating blood components, such as oxidized lipoproteins, and 
pro-inflammatory cytokines and stimuli such as reactive oxygen 
species and growth factors released from endothelial cells, neutro¬ 
phils, macrophages and platelets [I]. In addition, conditions such 
as hyperglycemia and hyperlipidemia have been shown to modu¬ 
late SMC contractile phenotype to a synthetic phenotype, which 
plays a key role in the development of vascular diseases [9, 10]. 

The methodology chosen to isolate and culture vascular SMC 
can determine the initial phenotype of cells obtained in culture [5, 
8]. The two main techniques commonly employed in SMC isola¬ 
tion front arterial and venous tissues are enzymatic dissociation, 
which readily yields a small number of SMC initially retaining a 
contractile phenotype, and explantation, which yields larger num¬ 
bers of SMC after 2-3 weeks, in the synthetic and proliferative 
phenotypes. The lower yield of SMC following enzymatic dissocia¬ 
tion is more suited for studies on single dispersed cells while tissue 
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2 Materials 

2.1 Smooth Muscle 
Cell Cultures 


explantation of vascular tissues provides a better potential for 
obtaining longer-term cultures of confluent SMC monolayers. In 
addition to the source of SMC, alterations in the methods employed 
to culture SMC in vitro (e.g., serum, glucose, growth factor con¬ 
centrations, biomechanical forces and oxygen tensions) can also 
influence their phenotype. These modifications, which may facili¬ 
tate the culture of a contractile phenotype, include changes in cul¬ 
ture medium source and composition, as well as surface coating of 
culture plasticware with matrix proteins [11-13], This chapter 
describes two alternative techniques for vascular isolation and cul¬ 
ture of SMC from arterial tissues, subculture, maintenance, and 
characterization of SMC phenotype. In addition, a brief descrip¬ 
tion of the isolation and identification of pericytes from human 
placental microvessels is also provided since these “muscle-like” 
perivascular cells are recognized to play a key role during angio¬ 
genesis for scaffolding, maturation, remodeling, and contraction 
of microvessels [3], 


1. The most commonly used growth medium in SMC culture is 
Dulbecco’s modified Eagle’s medium (DMEM) containing 
either 1000 or 4500 mg/L glucose; however. Medium 199 is 
also suitable (see Note 1). The following additions to the basal 
medium are necessary prior to use: (final concentrations) 2 
mML-glutamine, 40 mM bicarbonate, 100 U/ml -1 penicillin, 
100 pg/ml streptomycin, and 10 % (v/v) fetal calf serum 
(FCS). Sterile stocks of these components are usually prepared 
and stored as frozen aliquots as described below. The complete 
medium can be stored at 4 °C for up to 1 month and is pre¬ 
warmed to 37 °C prior to use in routine cell culture. Culture 
medium without the FCS component is used during the isola¬ 
tion procedures. 

2. Hanks’ balanced salt solution (HBSS) is used as a tissue speci¬ 
men collection medium. The following additions, from sterile 
stock solutions, are necessary prior to use (final concentra¬ 
tions): 100 pg ml 1 2 3 4 Gentamycin, 0.025 M HEPES and 20 mM 
bicarbonate. The HBSS can be stored in aliquots at 4 °C for up 
to 2 weeks. 

3. L-Glutamine (200 mM) stock solution: Dissolve 5.84 g L-glu- 
tamine in 200 ml tissue culture grade deionized water and ster¬ 
ilize by passing through a 0.22 pm filter. Aliquots of 5 ml are 
stored at -20 °C and 4 ml used in 400 ml of medium. 

4. Bicarbonate (4.4 %, 0.52 M) solution: Dissolve 44 g NaHC0 3 
in 1000 ml tissue culture grade deionized water, and sterilize 
by autoclaving for 10 min at 115 °C. Aliquots of 15 ml are 
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2.2 Enzymatic 
Dissociation of SMC 


2.3 Immuno¬ 
fluorescence 
Microscopy 


stored at 4 °C for up to 6 months and 2 aliquots used in 400 ml 
of medium. 

5. Penicillin and streptomycin stock solution (8Ox concentrate): 
Dissolve 480 mg penicillin (G sodium salt) and 1.5 g strepto¬ 
mycin sulfate in 200 ml tissue culture grade deionized water 
and sterilize by passing through a 0.5 pm pre-filter and a 0.22 
pm filter. Aliquots of 5 ml are stored at -20 °C and 1 aliquot 
used in 400 ml of medium. 

6. Gentamycin solution (80x concentrate): Dissolve 750 mg 
gentamycin sulfate in 100 ml tissue culture grade deionized 
water and sterilize by passing through a 0.22 pm filter. Aliquots 
of 5 ml are stored at -20 °C and 1 aliquot used in 400 ml of 
HBSS. 

7. HEPES solution (1 M): Dissolve 47.6 g of HEPES in 200 ml 
tissue culture grade deionized water and sterilize by passing 
through a 0.22 pm filter. Aliquots of 5 ml can be stored at 
-20 °C and 2 aliquots used in 400 ml of HBSS. 

8. Trypsin solution (2.5 %): Trypsin from porcine pancreas is 
dissolved (2.5 g 100 ml -1 ) in PBS-A and sterilized by passing 
through a 0.22 pm filter. Aliquots of 10 ml are stored at -20 °C. 

9. EDTA solution (1 %): EDTA disodium salt is dissolved (500 
mg/50 ml -1 ) in tissue culture grade deionized water and steril¬ 
ized through a 0.22 pm filter. Aliquots of 5 ml are stored at 4 °C. 

10. Trypsin (0.1 %)-EDTA (0.02 %, 0.5 mM) solution is prepared 
by adding 10 ml trypsin (2.5 %) and 5 ml EDTA (1 %) to 
250 ml sterile PBS-A. This solution is prewarmed to 37 °C 
before use to detach cells from culture flasks and stored at 4 °C 
for up to 2 months. 

1. Collagenase, Type II. Dissolve collagenase in serum free 
medium (3 mg ml -1 ) on ice. Particulate material is removed by 
filtering the solution through a 0.5 pm pre-filter and then steril¬ 
ize by passing through a 0.22 pm filter. This enzyme solution 
can be stored long term as 5-10 ml aliquots at -20 °C until use. 

2. Elastase, type IV from porcine pancreas. Immediately before 
use, elastase is dissolved in serum free medium (1 mg/ml) and 
the pH of solution adjusted to 6.8 with 1 M HC1. This solu¬ 
tion is then sterilized by passing through a 0.22 pm filter and 
kept on ice. 

1. Antibody to specific SMC antigen, e.g., monoclonal mouse 
a-smooth muscle actin. 

2. Normal rabbit serum. 

3. Fluorescein isothiocyanate conjugated rabbit anti-mouse sec¬ 
ondary antibody. 
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2.4 Equipment 


3 Methods 

3.1 Collection 
of Tissue Samples 


3.2 Isolation 
of Smooth Muscle 
Cells by Enzymatic 
Dispersion 


4. Methanol (100 %). 

All procedures should be carried out in a Class II laminar flow 
safety cabinet using aseptic technique. Dissection equipment 
should be thoroughly washed and kept sterilized by immersion in 
70 % ethanol or by autoclaving at 121 °C for 20 min. 

1.25 cm * 1 2 and 75 cm 2 tissue culture flasks and 90 mm petri dishes. 

2. Sterile Pasteur, 5 and 10 ml pipettes. 

3. Sterile 30 ml universal containers and 10 ml centrifuge tubes. 

4. Scalpel handles and blades, small scissors, watch maker’s for¬ 
ceps, and hypodermic needles. 

5. Cork board for dissection covered with aluminum foil, both 
sterilized by thorough spraying with 70 % ethanol. 

6. Sterile conical flasks of various sizes. 

7. Lab-Tek chamber slides (Nunc). 


In this laboratory, cells are routinely isolated from human umbilical 
arteries, a readily available source of human vascular SMC. As soon 
as possible after delivery, the whole umbilical cord, obtained with 
prior ethical approval and consent of mothers, is placed in the HBSS 
collection medium and stored at 4 °C. Cords collected and stored in 
this way can be used for SMC isolation up to 48 h after delivery. 
SMC can also be isolated from arteries following harvesting of endo¬ 
thelial cells from the corresponding umbilical vein [ 14] . Immediately 
prior to proceeding with SMC isolation, 5 cm lengths of the umbili¬ 
cal artery should be carefully dissected out from the cord, ensuring 
minimal surrounding connective tissue remains, and stored in new 
collection medium. Other common sources of arterial tissue are 
from human, mouse, rat, or porcine aortae, which should be care¬ 
fully dissected out from the body, cleaned of extraneous tissues and 
stored in the collection medium at 4 °C as soon as possible (see Note 
2). Isolation ofSMC/pericytes from microvessels can be performed 
using human placental or bovine retinal tissue [15]. 

1. As much surrounding connective tissue as possible should be 
dissected away from around the artery and the tissue washed 
with new HBSS collection medium. The artery is then placed 
on the sterile dissection board and covered with HBSS to keep 
it moist. 

2. The artery is fixed to the dissection board at one end using a 
hypodermic needle and then cut open longitudinally, using 
small scissors, with the luminal surface upward. 
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3. The endothelium is removed along the whole length of the 
artery by scraping the cell layer off with a sterile scalpel blade 
and the tissue re-moistened with HBSS. 

4. The thickness and nature of the arterial wall will vary depend¬ 
ing on the source of tissue; however, in general the arterial 
intima and media are peeled into 1-2 mm width transverse 
strips using watchmaker’s forceps and a scalpel. Muscle strips 
are transferred in to a 90 mm petri dish containing HBSS. This 
procedure is repeated for the whole surface of the vessel. 

5. Most of the HBSS medium is then aspirated off and the muscle 
strips cut into 1-2 mm cubes using scissors or a scalpel blade. The 
cubes are then washed in new HBSS and transferred into a sterile 
conical flask of known weight and the mass of tissue measured to 
determine volume of enzyme solution needed for digestion. 

6. Collagenase solution in serum free culture medium is next 
added to the tissue to give a ratio of tissue (g) to enzyme solu¬ 
tion (ml) of 1:5 (w/v). The flask is then covered with sterile 
aluminum foil and shaken in a water bath at 37 °C for 30 min. 

7. Elastase solution is then prepared and directly added to the 
solution containing the tissue and collagenase. The flask is 
returned to the shaking water bath at 37 °C and every 30 min 
during the following 2-5 h the suspension mixed by pipetting 
in the sterile safety cabinet. 

8. At each 30 min interval, a 10 pi sample of suspension is trans¬ 
ferred to a hemocytometer to check for the appearance of single 
cells. This is repeated until the tissue is digested and there are 
no large cell aggregates visible. Digestion should not proceed 
for longer than 5 h to avoid loss of cell viability (see Note 3). 

9. The cell suspension is finally divided into 10 ml centrifuge 
tubes and centrifuged at 50-100 for 5 min. The superna¬ 
tants are carefully aspirated and 2-5 ml of prewarmed com¬ 
plete culture medium added to resuspend the cells using a 
sterile pipette. Cells are then seeded into 25 cm 2 culture flasks 
at a density of about 8 x 10 s cells ml -1 and placed into a 37 °C, 
5 % C0 2 incubator with the flask cap loose. 

10. Viable SMC should adhere to the flask wall within 24 h and all 
the medium is then replaced with fresh prewarmed complete 
culture medium. Half of the culture medium is replaced every 
2-3 days until a confluent SMC monolayer is obtained. 

3.3 Isolation 
of Smooth Muscle 
Cells by Explant 
Culture 


Explant cultures are suitable if limited vascular tissue is available, 
for example, from human aortas or carotid arteries. The sample is 
first treated exactly as described in steps 1-3 of Subheading 3.2 
above and then the following procedure is adopted: 
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1. The artery is cut into 2 mm cubes with a scalpel blade and 
placed on to the surface of a 25 cm 1 2 3 4 culture flask using a sterile 
Pasteur pipette, ensuring that the luminal surface is in contact 
with the flask wall. The artery should be kept continually moist 
with the HBSS and a small drop of serum containing medium 
should be placed on each cube when placed in the flask. 

2. The cubes are distributed evenly on the surface with a mini¬ 
mum of 12-16 cubes per 25 cm 2 flask. The flask is then placed 
upright and 5 ml serum containing medium added directly to 
the bottom of the flask before transferring into a 37 °C, 5 % 
C0 2 incubator with its cap loose. To facilitate adherence of the 
explan ted tissue to the culture plastic substrate, the flask is kept 
upright for 2-4 h in the incubator before the flask is carefully 
placed horizontally such that the medium completely covers 
the attached muscle cubes. 

3. The explants should be left undisturbed for 4 days, inspecting 
daily for infections (see Note 4). Every 4 days any unattached 
explant cubes should be removed and half the medium replaced 
with fresh prewarmed serum containing medium. Cells will 
initially migrate out from the explants within 1-2 weeks. 

4. After 3-4 weeks there should be sufficient density of SMC 
around the explants for removal of the tissue. Using a sterile 
Pasteur pipette, the cubes are gently dislodged from the plastic 
flask surface and aspirated off with the culture medium. The 
culture medium is replaced and cells are then left for a further 
2—4 days to proliferate and form a confluent SMC monolayer 
(see Note 5). 

3.4 Isolation Due to the relative availability of human placentas, isolation from 

of Smooth Muscle this tissue will be the described below. Use of placental tissue yields 

Cells/Pericytes larger quantities of pericytes due to the high amount of villi pres- 

from Microvessels ent. Alternatively bovine retinas are a suitable tissue source for 

pericyte isolation. 

1. Dissect a central section of the placenta and wash thoroughly 
in serum-free medium. Ensure that the section chosen is dis¬ 
tant from any large blood vessels and the outer membrane. 

2. Manually dissect and cut the tissue into small 5 mm 2 pieces and 
incubate in serum-free media containing 3 mg/ml collagenase 
for 3 h at 37 °C in a shaking water bath. 

3. Separate the microvessels by passing the suspension through a 
70 pM mesh filter (Falcon) and wash through two times with 
serum-free media. 

4. Remove the microvessels from the mesh filter and place into a 
25 cm 2 culture flask containing medium supplemented with 
20 % serum. 
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3.5 Subculture 
of Smooth Muscle 
Cells 


3.6 Characterization 
and Maintenance 
of Smooth Muscle Cell 
Phenotype 


5. After 24 h the medium is removed and attached cells washed 
once with warmed sterile PBS to remove floating debris. Fresh 
growth medium is added and following 5-6 days, pericytes and 
endothelial cells proliferate out from the microvessel fragments. 

6. As the culture medium does not contain endothelial cell growth 
supplements, any endothelial cells present initially no longer 
survive after two rounds of trypsinization leaving a pure culture 
of pericytes which can be characterized by their morphology 
and antigen expression detected by immunofluorescence. 

1. Once a confluent monolayer has been attained in a 25 cm 2 flask 
by either isolation method, the SMC can be subcultured (pas¬ 
saged) into further 25 cm 2 flasks or a 75 cm 2 flask. The culture 
medium is removed and cells are washed twice with prewarmed 
sterile PBS-A to remove traces of serum. 

2. Prewarmed trypsin-EDTA solution (0.5 ml for 25 cm 2 flask or 
1 ml for a 75 cm 2 flask) is added to cover the cells and the flask 
incubated at 37 °C for 2-4 min. The flask is then examined 
under the microscope to ensure cells have fully detached. This 
can also be facilitated by vigorous tapping of the side of the 
flask three to six times to break up cell aggregates (see Note 6). 

3. Serum containing medium (5 ml) is added to stop the action 
of the trypsin which can reduce SMC viability through pro¬ 
longed exposure. The cell suspension is then drawn up and 
down a sterile Pasteur pipette four to six times to further break 
up any cell clumps. 

4. The cells are then transferred into new culture flasks at a split 
ratio of 1:3 and sufficient serum containing medium added to 
the new flasks (5 ml in a 25 cm 2 and 10 ml in a 75 cm 2 flask). The 
flasks are returned to the 37 °C, 5 % C0 2 incubator and the cul¬ 
ture medium changed as described in Subheading 3.2, step 10. 

Smooth muscle cells can be passaged between 10 and 20 times, 
depending on species, before their proliferation rate significantly 
decreases. Phenotypic changes of enzyme dispersed SMC to the 
“proliferative” state occurs following passaging, the extent of 
which depends on the vessel type and species from which the SMC 
are derived, the culture medium and their seeding density (further 
discussed below) [5, 6, 8, 16]. 

In culture, smooth muscle cell phenotype can be determined by 
changes in morphology, as well as phenotype marker expression. 
Morphologically, synthetic SMCs exhibit a characteristic “hill and 
valley” appearance, whereas contractile SMCs cells appear more 
elongated and spindle-like [5, 8, 17]. Contractile SMCs have been 
shown to express a number of specific phenotype markers, which 
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Table 1 

Markers for characterization of vascular smooth muscle cells (see refs. 
[8,16,19-21]) 


Specific SMC protein markers 

Function 

Smooth muscle myosin heavy chain 

SMC contractile protein 

Calponin 

Contractile regulator 

SM22a 

Cytoskeletal protein 

Desmin 

Intermediate filament 

H-Caldesmon 

Actin binding protein 

Metavinculin 

Actin binding protein 

Smoothelin 

Cytoskeletal protein 

a-Smooth muscle actin 

Contractile protein 


are summarized in Table 1. Smooth muscle myosin heavy chain 
(SMMHC) is the most specific marker; however, expression is not 
always maintained in long-term SMC cultures. Markers, which are 
indicative of the synthetic phenotype are uncommon; thus, a decline 
in expression of contractile markers, or increased production of 
proteins such as type I collagen or osteopontin are generally 
accepted as a switch to a more synthetic phenotype [17]. Although 
these markers are considered “specific” for genes regulating SMC 
contraction, no one marker has been identified to be a sole indica¬ 
tor of a contractile SMC phenotype; therefore, it is considered best 
practice that a range of markers are assessed [17]. The absence of 
endothelial cells in cultures can be confirmed by negative staining 
for von Willebrand factor or the lack of uptake of acetylated low 
density lipoproteins, both endothelial cell specific markers [14, 18]. 

To maintain a contractile phenotype in vitro, numerous modi¬ 
fications in SMC culture conditions can be employed. These 
include the use of selective culture medium, serum reduction or 
deprivation, addition of heparin, surface coating of cultureware 
with collagen (either in the monomeric or fibrillar state), and the 
use of micropatterned-grooved surfaces [11-13, 22, 23]. Our 
assessment of expression of SMC phenotype markers demonstrated 
that monomeric collagen coating of cultureware promoted expres¬ 
sion of contractile phenotype genes, whereas cells grown in a pro¬ 
prietary SMC culture medium (containing growth factors such as 
insulin, epidermal growth factor and basic fibroblast growth fac¬ 
tor) exhibited a more proliferative and synthetic phenotype 
(Fig. 1). Cultures supplemented with heparin expressed contractile 
phenotype markers to a greater extent than those cultured on 
monomeric collagen (data not shown); though given heparin 
could inhibit cellular contraction [24], monomeric collagen may 
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Proprietary medium 
I I DMEM (5% FCS) 

I I Monomeric collagen 

I '•-"-hi Fibrillar colagen 



smoothelin caldesmon Smooth muscle actin alpha 2 

myosin heavy chain smooth muscle 


Fig. 1 Effect of cell culture conditions on SMC phenotype marker gene expression. Commercially sourced 
human aortic SMC isolated using enzymatic dissociation were cultured for 2 days in basal medium (DMEM 
supplemented with 10 % FCS), and compared to cells cultured in either proprietary medium, DMEM containing 
lower serum (5 % FCS), or cells cultured in basal DMEM on cultureware coated with either fibrillar or monomeric 
collagen. Expression of mRNA for smoothelin and caldesmon, determined by gPCR, was significantly upregu- 
lated in cells cultured on monomeric collagen, compared to basal medium (indicated by the dashed line). 
Expression of myosin heavy chain and smooth muscle alpha-actin 2 was also enhanced in monomeric collagen 
coated cultures. Cells cultured on fibrillar collagen also exhibited a similar pattern of mRNA expression to mono¬ 
meric collagen, although to a lesser extent. SMC grown in proprietary medium exhibited an mRNA marker profile 
consistent with a synthetic phenotype, compared to the basal DMEM medium. (*p<0.05, ***p< 0.001, n=5) 


be the more suitable choice. From these findings, the proprietary 
SMC medium is suggested for expanding cell populations, which 
are then subsequendy transferred on to culture plastic-ware coated 
with monomeric collagen to induce a contractile SMC phenotype 
suitable for in vitro studies of cellular contraction. 

The following section describes the method by which culture 
plastic-ware can be coated with monomeric collagen to maintain a 
contractile phenotype in vitro (see Note 7): 

1. In sterile conditions, dilute stock type I rat tail collagen 
(Corning®—354236) to a concentration of 50 pg/ml in 
0.02 N (0.02 M) acetic acid. Make enough of this diluted solu¬ 
tion to cover the culture wells sufficiently (~40 pi/well in a 
96-well tray; ~1 ml/well in a 6-well tray). 

2. Add diluted collagen solution to cultureware and incubate for 
1 h at room temperature. 
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3.7 Characterization 
of Pericytes 


3. After 1 h, remove collagen solution and rinse twice in sterile 
PBS. 

4. The plates can be used immediately, or dried and stored at 
4 °C until required. 

In addition to assessing gene expression, immunohistochemistry 
is routinely utilized in identifying SMC phenotype. The following 
method briefly describes a staining method using a fluorescein iso¬ 
thiocyanate (FITC)-labeled primary antibody against smooth muscle 
a-actin. 

1. Smooth muscle cells are subcultured into Lab-Tek slide wells 
and characterized after 48 h. 

2. The culture medium is removed from the wells and cells gently 
washed three times with serum free culture medium before 
being fixed with ice-cold methanol (100 %) for 45 s, and then 
further washed three times with ice-cold PBS-A. 

3. Cells are then incubated with a mouse monoclonal anti-smooth 
muscle a-actin antibody at 1:50 dilution with PBS-A for 
60 min at room temperature. As a negative control, some cells 
are incubated with PBS-A only at this stage. 

4. The primary antibody or PBS-A is then removed and cells 
washed three times with PBS-A and incubated for 5 min with 
normal rabbit serum at 1:20 dilution. 

5. After a single wash with PBS, cells are then further incubated 
for 30 min at room temperature with FITC-conjugated rabbit 
anti-mouse IgG (Santa Cruz) diluted 1:50 in PBS-A. 

6. Finally cells are washed three times with PBS-A and viewed 
under a microscope equipped for epifluorescence with appro¬ 
priate filters for FITC. 

Visualization of positive staining with this technique should 
reveal cells with a three-dimensional network of long, straight, and 
uninterrupted a-actin filaments running in parallel to the longer axis 
of the cells and an underlying row of parallel filaments along the 
smaller cell axis, with no cytoplasmic staining between filaments. 

Although pericytes are related to vascular smooth muscle cells, peri¬ 
cytes can to a degree be distinguished by marker expression [25]. 
There is as yet, no specific molecular marker for pericytes, although, 
a number of markers that are commonly present in pericytes, albeit 
not exclusively, can be used for detection [26]. Commonly used 
markers include: desmin and a-smooth muscle actin, both contrac¬ 
tile filaments; regulator of G protein signaling 5 (RGS-5), a GTPase- 
activating protein; neuron-glial 2 (NG2), a chondroitin sulfate 
proteoglycan; and platelet-derived growth factor receptor beta 
(PDGFRfl), a tyrosine-kinase receptor [3, 25-27]. In a similar man¬ 
ner to SMC phenotype determination, assessment of multiple 
markers would be required to give a positive presence of pericytes. 
It must be stressed that the markers mentioned above in cases 
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3.8 Cryopreservation 
of Smooth Muscle 
Cells 


3.9 Summary 


cannot identify all pericytes and that expression can vary between 
species, which may lead to greater difficulty in true identification of 
pericytes. One example of this is a-smooth muscle actin, which is 
not expressed to an extent in skin or CNS pericytes under normal 
circumstances but is upregulated during retinopathy and in subcu¬ 
taneously transplanted tumors [25]. 

Vascular smooth muscle cells can be cryopreserved with a recovery 
> 50 %. Explant cultures of SMC do not appear to be adversely 
affected by freezing; however, enzyme dispersed SMC may have a 
reduced proliferation rate and passaging efficiency on thawing. 
The following protocol is suggested; however, other techniques of 
cryopreservation are also available. 

1. Confluent SMC cultures should be detached from one 75 cm 2 
flask as described in Subheading 3.5. 

2. Following centrifugation of the cell suspension for 5 min at 
1000 rpm, the supernatant is aspirated and the cell pellet resus¬ 
pended well in serum containing culture medium with an addi¬ 
tional 10 % (v/v) dimethyl sulfoxide (DMSO) and transferred 
to a suitable cryovial. 

3. To facilitate gradual freezing, the cryovial is then stored at 
4 °C for 1 h, transferred to -20 °C for 1 h min and -70 °C for 
1 h before being immersed into liquid nitrogen for long term 
storage. Alternatively, cryovials can be placed in a dedicated 
“freezing chamber” containing isopropanol that lowers their 
temperature by 1 °C per minute when placed direcdy in a 
-70 °C freezer. 

4. To defrost cells, the cryovial should be rapidly warmed to 
room temperature by placing at 37 °C and the cell suspension 
transferred to a 25 cm 2 culture flask. 20 ml of prewarmed 
serum containing culture medium is then added to the flask 
and the medium changed after 24 h. 

5. Alternatively, on defrosting, the cells can be centrifuged at 
50-100 xjj for 5 min in serum containing medium. The super¬ 
natant is aspirated to remove the DMSO, the cell pellet resus¬ 
pended well in prewarmed serum containing medium and then 
transferred into a 25 cm 2 flask. Cells should be passaged once 
prior to use in experiments. 

The three techniques for SMC isolation described yield cells with 
very different proliferative properties in culture. Iflarger quantities 
of SMC in culture are required, the explant isolation technique is 
recommended, although initially slower to yield cells. Enzymatic 
dispersion may provide more cells in the contractile phenotype, 
but the initial yield may be low and subcultures less readily prolifer¬ 
ate through as many passages. Future studies are likely to address 
the isolation and characterization of stem cells which can 
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differentiate into smooth muscle progenitor cells. It remains to be 
elucidated whether these progenitor cells participate in processes 
leading to angiogenesis and the pathogenesis of vascular diseases. A 
better understanding of vascular SMC and pericyte biology can be 
achieved when cells are cultured under physiological conditions 
that encompass biomechanical forces (e.g. fluid shear stress and 
stretch) and oxygen levels (e.g. 1-10 kPa) found in vivo of rele¬ 
vance to arterial and venous circulations and the microcirculation 
in metabolically active tissues and tumours (see Note 8). Elucidation 
of the molecular mechanisms underlying their phenotypic modula¬ 
tion is required to identify therapeutic strategies to target angio¬ 
genesis and treat cardiovascular diseases. 


4 Notes 


1. Other “smooth muscle cell optimized” proprietary culture 
media are commercially available such as Smooth Muscle Basal 
and Growth Media (Lonza, or PromoCell), which are based 
on MCDB131 medium. These media may help to promote 
more rapid outgrowth of cells from tissue explants, but it 
should be noted that they may contain components which 
could alter SMC function, such as insulin, basic fibroblast 
growth factor (bFGF) and hydrocortisone. 

2. For maximal SMC yield and viability, cells should be isolated 
from as soon as possible after harvesting the vessels. This also 
reduces the risk of infections since tissues are often handled 
and excised under nonsterile conditions. 

3. If the SMC yield and viability is low following enzyme disper¬ 
sion, soybean trypsin inhibitor, at a final concentration of 0.1 
mg/ml -1 , can be added to the enzyme solution to inhibit the 
action of nonspecific proteases which may contaminate com¬ 
mercial elastase. 

4. Should infections frequently occur following explantation, 
additional antibiotics and fungicides can be supplemented to 
the culture medium for the initial 24 h following isolation and 
then the medium replaced. Gentamycin (25 pg ml -1 ) and 
Amphotericin B (2 pg/ml 1 ) are commonly used and 5 ml ali¬ 
quots of these can be stored at -20 °C as 2.5 mg/ml' 1 and 0.2 
mg/ml -1 stocks respectively. 

5. When the explanted tissue is removed, SMC can also be 
detached by trypsinization and redistributed evenly in the same 
flask as described in Subheading 3.4. This is advisable if cells 
have grown in a very dense pattern around the explants and 
will facilitate obtaining the confluent monolayer of cells. 

6. The trypsin-EDTA solution should be prewarmed to 37 °C 
only immediately prior to use and not left in a heated water 
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bath for extended periods to prevent loss of activity. Cells 
should not need incubation with trypsin-EDTA at 37 °C for 
longer than 5-7 min to detach from the flask and this may 
indicate that a fresh solution should be prepared. 

7. Coating of culture vessels with monomeric collagen may pro¬ 
vide a physiologically relevant matrix for supporting SMC 
growth, as well as, maintenance of a cell phenotype of rele¬ 
vance to the experimental model. 

8. Long term adaptation and culture of vascular smooth muscle 
cells and pericytes under physiological oxygen tensions of rel¬ 
evance to tissue conditions in vivo can be achieved using a 
workstation with temperature, humidity, oxygen and carbon 
dioxide control (e.g. SCI-tive, Baker Ruskinn, Bridgend, 
Wales, UK). 
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Chapter 7 


Isolation and Transfection of Primary Culture Bovine 
Retinal Pericytes 

Vincent A. Primo and Joseph F. Arboleda-Velasquez 

Abstract 

This protocol describes an enzymatic approach for isolating homogeneous cultures of pericytes from reti¬ 
nas of bovine source. In summary, retinas are dissected, washed, digested, filtered, cultured in specific 
media to select for pericytes, and finally expanded for a low passage culture of about 14 million bovine reti¬ 
nal pericytes (BRP) within 4-6 weeks. This protocol also describes a liposomal-based technique for trans¬ 
fection of BRPs. 

Key words Pericyte, Isolation, Bovine, Retina, Primary culture 


1 Introduction 


Pericytes, the cells that constitute the outer layer of the vas¬ 
culature, play a crucial role in vascular development and stabil¬ 
ity [1, 2]. Retina capillaries have the highest ratio of pericyte to 
endothelial cells (EC), approximately 1:1 in humans [3]. Loss 
of pericytes, especially in capillaries, has been linked to vascular 
instability and leakage, a phenotype common in many small ves¬ 
sel diseases such as diabetic retinopathy and CADASIL (Cerebral 
Autosomal Dominant Arteriopathy with Subcortical Infarcts and 
Leulcoencephalopathy) [4-6], Furthermore, pericyte loss or dys¬ 
function is thought to disrupt normal cell communication with 
neighboring endothelial cells, furthering vascular complications 
[4]. Pericyte cultures are thus a valuable model for understanding 
the mechanism and possible therapeutic targets for small vessel- 
degenerative diseases [7]. 

Because of its high ratio of pericytes, ease of dissection, and 
large size, the bovine retina is a preferred tissue source for pericyte 
isolation. In the literature, there are a multitude of techniques for 
isolating pericytes from a wide range of tissues such as skeletal mus¬ 
cle, brain, ear, and retina from species such as mouse, rat, bovine, 
hamster, and human [7-15]. Some methods involve fluorescence 
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activated cell sorting (FACS), magnetic beads, or antibody-based 
approaches to obtain pure cultures. While these approaches are 
effective in increasing the purity of pericyte cultures, they tend to 
reduce cell yield or involve high passaging. The protocol presented 
here allows for isolation of high quantity, homogeneous pericyte 
cultures as early as the first passage (PI). Pericytes are known to 
change their phenotype and gene expression pattern upon culture; 
thus, it is important to perform experiments with early passage 
pericytes (P1-P3) [8, 15-20]. Other protocols have been pub¬ 
lished claiming to generate pericytes with stable marker expression 
and phenotype over time; however, we have not evaluated these 
protocols [15, 19]. 

In this protocol, bovine retinas are carefully dissected and 
washed to reduce residual retinal pigmented epithelium (RPE) 
cells. Next, the retina is digested with collagenase, resulting in sin¬ 
gle cell suspension. The cell suspension is pelleted, washed multi¬ 
ple times, and then plated into large T175 flasks. This protocol 
requires the testing several batches of bovine calf serum (BCS) to 
identify specific lots which best support pericyte selection and pro¬ 
liferation. Most companies will provide small aliquots of serum for 
this purpose. An appropriate BCS for selection will allow for 
growth of numerous pericyte colonies with only few colonies of 
ECs present. When trypsinized, EC will lift off plastic before the 
pericyte suggesting differential strength of attachment [3]. We 
take advantage of this phenomenon by using a diluted Dulbecco’s 
phosphate-buffered saline solution (PBS)-ethylenediaminetet- 
raacetic acid (EDTA) solution to remove EC contaminants and 
leave behind only the pericytes, resulting in a pure, or near pure, 
P0 culture. However, P0 pericytes stay in discrete colonies and will 
not spread out to cover the entire surface area of the flask (Fig. la). 
To overcome this, we then split the BRPs, generally 1:1.5, which 
allows for equal distribution of pericytes in the flask at PI (Fig. lb). 
A more potent BCS is then used to expand the pericytes resulting 


BRP P0 BRP PI BRP P2 



Fig. 1 (a) Bovine retinal pericytes (BRP) will mostly stay in segregated colonies before the first passage, (b) 
Passaging BRP will allow a more even distribution, (c) Growing them in growth culture medium containing a 
more potent bovine calf serum (10 %-20 % BCS), will result in rapid expansion. Scale bar: 100 pm 
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Fig. 2 (a) Bovine retinal pericytes (BRP) plated at an optimal transfection density of 44,000 cells/cm 2 , (b) 
Expression of GFP following liposomal transfection of a GFP expression plasmid into BRP. Scale bar: 100 pm 


in higher confluence throughout the entire surface area of the 
flask, although it is well established that 100 % confluence is never 
reached (Fig. lc) [7]. 

Plating BRPs at a density of44,000-50,000 cells/cm 1 2 3 4 5 6 7 8 9 (Fig. 2a) 
will result in a fairly confluent culture of BRPs suitable for studying 
signaling mechanisms that require direct cell-to-cell contact. 
Furthermore, it is an optimal density for transfection of BRPs. In 
this protocol, we also describe a successful strategy for liposome- 
based transfection of BRP monocultures. The DNA plasmid is 
incorporated into liposomes and delivered into the cytoplasm of 
the cell by fusion with the plasma membrane. Figure 2b shows 
BRPs following liposomal transfection of a GFP plasmid. 


2 Materials 


2.1 Equipment 


1. No. 15 surgical blades (two per calf eye). 

2. Surgical/utility/sterile drape: One required during removal of 
the orbital fat and then one per eye dissected. 

3. Opthalmic PVA spears: One-to-two per eye. 

4. Scissors and forceps: Two sets, autoclave prior to use. 

5. Culture dishes (150 mmx25 mm): One for dissection to pre¬ 
vent rolling, then one per eye for collagenase digestion. 

6. 50 mL centrifuge tubes (two per eye). 

7. Beakers: Two 500 mL or greater, cover with foil and 
autoclave. 

8. 100 pm cell strainer (one per eye). 

9. 70 pm cell strainer (one per eye). 
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2.2 Reagents 


2.3 Transfection 
Reagents 


Unless otherwise stated, all user prepared reagents listed below 
should be sterilized by filtration (0.22 pm pore size). 

1. ~4 L tissue culture grade Dulbecco’s phosphate-buffered saline 
(PBS) without CaCl 2 or MgCl 2 (autoclaved or sterile-filtered) 
This is sufficient for 16 eyes and is required at 4 °C for 
Subheading 3.1 and at 37 °C for Subheading 3.2. 

2. Enzyme solution (15 mL per eye): PBS (without CaCl 2 or 
MgCl 2 ) containing 1021.02 U/mL collagenase type-2 and 
0.25 % fetal bovine serum (FBS). Prepare fresh every time (see 

Note 1). 

3. Wash medium (50 mL per eye): Dulbecco’s modified Eagle’s 
medium (DMEM) 1 g/L glucose, 100 U/mL penicillin/100 
mg/mL of streptomycin, 0.025 mg/mL nystatin, and 5 % 
FBS. Store at 4 °C. 

4. Betadine lOx solution: Add 40 g of polyvinylpyrrolidone)- 
iodine complex to 1 L of PBS (without CaCl 2 or MgCl 2 ) store 
at room temperature. Prepare 1 L of lx Betadine solution 
fresh, before each isolation. 

5. Selection culture medium: DMEM with 1 g/L glucose 
containing 100 U/mL penicillin/100 mg/mL streptomycin, 
2 mM L-glutamine, 10 % bovine calf serum (BCS) and store at 
4 °C ( see Note 2). 

6. Growth Culture Medium: DMEM 1 g/L glucose, 100 U/mL 
penicillin/100 mg/mL of streptomycin, 2 mM L-glutamine 
containing either 10 %, 20 % or 1 % bovine BCS as indicated in 
the text. Store at 4 °C. 

7. PBS-EDTA wash: 500 mL PBS + 2.5 mL of 0.5 M EDTA pH 

8 . 0 . 

8. 0.2 % gelatin: 0.2 % (w/v) tissue culture grade gelatin added to 
PBS and autoclaved to dissolve and sterilize. Store at RT. 

9. Gelatinized T175 flasks: Add 15 mL of 0.2 % gelatin to each 
T175 flask and incubate at 37 °C in a 5 % C0 2 incubator for at 
least 1 h. Aspirate the gelatin solution prior to use. 

10. 70 % ethanol. 

1. Lipofectamine 2000 kit (Life Technologies). 

2. Opti-MEM I, reduced serum medium. 

3. DNA Plasmids (prepared endotoxin-free). 

4. Growth culture medium containing 20 % and 1 % BCS ( See 
Subheading 2.2, item 6, Note 3). 
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3 Methods 

Obtain the desired number of calf eyes from donor cows {see 

Note 4). 

Set up a sterile work area in a laminar flow hood. Manipulate 
the eyes on the lid of a 150 mmx25 mm culture dish to pre¬ 
vent them from rolling and contaminating other areas of the 
work area. Use the bottom half of the 150 mmx25 mm cul¬ 
ture dish to collect tissue waste. Place two sets of scissors and 
forceps, two large beakers, PVA spears, surgical blades, PBS 
(cold), enzyme solution, wash medium, and selection culture 
medium in the tissue culture hood. 

3. Sterilize the eyes by immersing them in a tub of lx Betadine 
solution for 15 min—longer incubations may be toxic to the 
retina. 

4. Carefully wipe the outside of the tub with 70 % ethanol and 
place in the tissue culture hood. For all further steps work 
inside the tissue culture hood. 

5. Half fill the two large beakers with cold PBS and wash the eyes 
twice, carefully transferring them one by one, from the beta¬ 
dine solution into the first beaker and then into the second 
beaker of PBS. 

6. Working on a sterile drape, remove the surrounding orbital fat 
and muscle from all the eyes. Keep the eyes in cold PBS when 
not being dissected (rreNote 5). Change the sterile drape. 

7. Hold the eye and make an incision with a #15 surgical blade 
approximately 5 mm posterior of the iris. 

8. Using a clean pair scissors, cut straight around the whole eye¬ 
ball, maintaining that same 5 mm distance from the iris {see 
Fig. 3a). Remove the anterior segment and discard the vitreous 

{see Note 6). 



Fig. 3 (a) An incision is made approximately 5 mm posterior of the corneal limbus and cut around, (b) The 
retina is gently scraped away with a PVA spear, taking care not to touch the underlying retinal pigmented 
epithelium (RPE). (c) The retina is fully detached from the eye upon cutting the retina from the optic nerve 


3.1 Pericyte Isolation 1 . 

2 . 
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9. Using a surgical PVA spear, gently peel the retina away from 
the black retinal pigment epithelium (RPE), taking care not to 
touch the RPE with the spear (Fig. 3b) (see Note 7). The ret¬ 
ina will remain attached to the eyecup via the optic nerve. Use 
clean forceps and a sterile #15 surgical blade to cut the retina 
away from the optic nerve (Fig. 3c). Remove the retina ensur¬ 
ing that the RPE is left intact. Discard the remaining tissue and 
change the sterile drape ready for the next eye (see Note 8). 

10. Using clean forceps transfer the retina to a 50 rnL tube con¬ 
taining ~25 rnL of cold PBS. 

11. Gently invert the tube five to ten times to wash the retina. Let 
the retina setde at the bottom of tube and aspirate as much of 
the PBS as possible (see Note 9). 

12. Add 25 rnL of fresh PBS to the tube and repeat the wash step 
above (see step 11). 

13. Dump the retina and any residual PBS into the cap of the 50 
mL tube. Using clean forceps, place the retina into a new 150 
mmx25 mm culture dish. 

14. Add 1 mL of enzyme solution using a plOOO pipette and 
pipette up and down forcing the tissue through the 1 mL 
pipette tip ~15 times until it flows easily (see Note 10). 

15. Add a further 13 mL of enzyme solution with a 10 mL sero¬ 
logical pipette and pipette up and down three to four times. 

16. Place the culture dish in a 37 °C (5 % C0 2 ) incubator for 1 h. 
During this incubation step, return to step 7 and proceed with 
dissection of the next eye (see Note 11). 

17. After 1 h incubation, pipette up and down using a 10 mL 
pipette 10-14 times. Observe under the phase contrast micro¬ 
scope to ensure that the retina is now in single cell suspension 

(see Note 12). 

18. Pass the retinal digest through a 100 pm cell strainer into a 
fresh 50 mL centrifuge tube. 

19. Add 25 mL of wash medium and gently invert to mix. 

20. Centrifuge at 2000 RPM for 4 min. 

21. Aspirate the supernatant and wash twice more with 25 mL of 
wash medium. 

22. Resuspend the cells in 25 mL of selection culture medium and 
pass through a 70 pm cell strainer into a T175 flask. Incubate 
overnight at 37 °C (5 % C0 2 ). 

23. The following day, aspirate medium, wash twice with 20 mL of 
pre-warmed PBS and add 25 mL of selection culture medium 
(see Note 13). 
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Day 1 2 3 4 5 6 7 8 9 10 11 12 

Fig. 4 General timeline for isolation of bovine retinal pericytes 



Day 1 


Day 3 


Day 6 


Fig. 5 Within the first week of isolation, bovine pericytes will appear as flat, dispersed, and irregular-shaped 
cells with many processes. Bovine endothelial cells will appear more elongated and congregate together. Scale 
bar: 100 pm 


3.2 Pericyte 
Purification 
and Maintenance 


For an overview of the process of pericyte purification and mainte¬ 
nance see Fig. 4. 

1. Continue to wash and change selection culture medium every 
2 days. After 8 days in culture identify and mark the contami¬ 
nating cells (see Note 14). Images showing the typical mor¬ 
phology of endothelial versus pericyte colonies in the early 
stages of culture are shown in Fig. 5. On day 8 , aspirate the 
selection culture medium and wash twice with 10 mL of PBS. 

2. Add 15 mL of PBS-EDTA wash and immediately monitor cells 
under a microscope. After about 2.5 min, vigorously slap the 
side of the flask three times; you should notice some cells will 
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detach from the flask. Observe and wait another minute and slap 
the flask three more times. At this point you may not be able to 
tell the difference between the pericytes and contaminants as 
they will be rounding up, but use your markings to confirm the 
contaminants have detached. If many cells are floating, proceed 
to the next step immediately to prevent loss of pericytes. This 
entire step should not exceed 5 min (see Note 15). 

3. Immediately wash the flask two to three times with PBS and 
add 25 mL of growth culture medium with 20 % BCS. 

4. Split cells -1:1.5 on day 10. Add 5 mL of trypsin-EDTA solution 
and incubate at 37 °C for 3-5 min maximum. Tap the side of the 
flask to help lift the cells. Once cells have lifted off the flask, imme¬ 
diately add 5 mL of growth culture medium with 20 % BCS. 

5. Centrifuge cells at 1.3 RPM for 3.5 min, aspirate the supernatant, 
and resuspend cells in growth culture medium with 20 % BCS. 

6. The cells should be passaged at a ratio 1:1.5, or less (e.g., split 
8 flasks to 12 flasks or 9 flasks into 13). For optimal pericyte 
adhesion, use gelatinized T175 flasks washed once with PBS 
before adding the cells. Ensure a final volume of 25 mL of 
medium in T175 flasks. 

7. On day 12 change to growth culture medium with 10 % BCS, 
or continue to expand the cells more rapidly in growth culture 
medium with 20 % BCS. In the latter medium, BRPs will 
require passaging again within a week. 

3.3 Pericyte 
Transfection 


2. Spin cells at 1.3 RPM for 3.5 min, aspirate supernatant, and 
resuspend cells in growth culture medium with 20 % BCS. Plate 
the cells at a density of 44,000-50,000 cells/cm 2 3 4 5 6 (Fig. 2a) on 
gelatinized flasks (see Subheading 2.2, item 9 and Subheading 
3.2, step 6). 

3. Twenty minutes after plating the cells, gently rock the flask to 
ensure even cell distribution (see Note 16) and incubate over¬ 
night in a 37 °C, 5 % C0 2 incubator. 

4. The next day wash the cells twice with PBS and transfect using 
Lipofectamine 2000 according to the manufacturer’s protocol. 
Maintain the cells in growth culture medium with 20 % BCS 
overnight (see Note 17). 

5. Approximately 16 h later, reduce the growth culture medium 
BCS content to 1 % (see Note 18). 

6. The cells should be transfected with the DNA plasmid and at an 
optimal density for cell-to-cell communication (see Note 19). 


1. Remove the BRPs from a T175 flask using 5 mL of trypsin- 
EDTA solution this should only take 3-5 min maximum (see 
Subheading 3.2, step 4). Once cells have detached add growth 
culture medium with 20 % BCS. 
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4 Notes 


1. Each batch of collagenase will have a different level of activity 
expressed in U/mg. To determine how much collagenase to 
use, calculate the weight (mg) of collagenase required to con¬ 
tain 1021.02 U and dissolve in 1 mL of PBS. Although one 
eye requires 15 mL of enzyme solution, we recommend that 
you do not make less than 50 mL. The collagenase powder is 
very light and weighing small amounts will increase the chances 
of introducing a weighing error. 

2. BCS of this quality was found to reduce EC growth and pro¬ 
mote pericyte growth. 

3. This is the same as the growth culture medium, but with 1 % 
BCS as opposed to 10 % or 20 % BCS. 

4. In our experience, eyes taken from male bovine calves at 2-14 
days old yield a much higher quantity of pericytes than adult 
bovine eyes. Also, for first timers, we suggest starting with 4-5 
eyes, while 8 or 9 eyes are more feasible with practice. In our 
experience, using 8 eyes provide approximately 14 million 
BRPs within 4-6 weeks. 

5. This trimming step will save time, which becomes more impor¬ 
tant the more eyes you are preparing. In addition, leaving a 
piece of optic nerve or fat near the posterior of the eye is useful 
for holding and manipulating the eye for the next two steps. 

6. The vitreous can usually be tipped or pulled out, but some¬ 
times this is not the case. If it does no come out easily, use 
forceps and scissors to pull and cut fragments of the vitreous 
out. Also, use the PVA spears to try to scrape/pull out vitre¬ 
ous. Sometimes the retina will detach during this step. This is 
fine, just try to keep the retina within the eyecup and proceed 
to next step. 

7. If you touch the RPE black will appear on the PVA spear. Use a 
new PVA spear if this happens to reduce RPE contamination. 

8. To avoid cross contamination, ideally, you should replace the 
drape, but if you are careful it is possible to use two or three 
drapes for all dissections. 

9. Be extremely careful to avoid aspirating the retina. 

10. Depending on the tip used, you may need to widen the bore 
by cutting 1-2 mm off the tip. Perform subsequent steps with 
an uncut pipette tip. 

11. You now have 1 h to dissect as many eyes as you can before you 
need to proceed to the next step. With practice, we are able to 
dissect a total of 8-9 eyes in this time. We suggest that in the 
first instance you start with 4-5 eyes. 
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12. If not, incubate for an extra 10-15 min, no longer. We have 
noticed longer incubations (>90 min) result in greater cell 
contamination. 

13. In our experience incubations of more than 16 h before chang¬ 
ing the medium can result in more cell contaminants 

14. Use a fine tip marker to mark the bottom of the flask where 
contaminant colonies reside. This will make it easier to confirm 
they have lifted off the tissue culture plastic (see Subheading 
3.2, step 2). 

15. The longer you wash, the more likely you will remove EC; 
however, very long incubations may also remove pericytes. On 
day 8 you should notice your flask is predominantly covered 
with pericytes and most if not all ECs will have been removed. 

16. When plating, we have noticed uneven distribution of BRPs 
throughout the flask. This step has helped us to achieve a more 
uniform distribution. 

17. The lipofectamine transfection procedure is somewhat toxic 
and a few BRPs will die. We use 20 % growth culture medium 
to reduce this effect. 

18. The reduction in serum concentration is necessary to reduce 
cell proliferation and maintain cells at their present density. 

19. We have not studied the activity of transfected BRPs beyond 3 
days post-transfection. 
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In Vitro Assays for Endothelial Cell Functions Required 
for Angiogenesis: Proliferation, Motility, Tubular 
Differentiation, and Matrix Proteolysis 

Suzanne A. Eccles, William Court, and Lisa Patterson 

Abstract 

This chapter deconstructs the process of angiogenesis into its component parts in order to provide simple 
assays to measure discrete endothelial cell functions. The techniques described will be suitable for studying 
stimulators and/or inhibitors of angiogenesis and determining which aspect of the process is modulated. 
The assays are designed to be robust and straightforward, using human umbilical vein endothelial cells, but 
with an option to use other sources such as microvascular endothelial cells from various tissues or lym¬ 
phatic endothelial cells. It must be appreciated that such reductionist approaches cannot cover the com¬ 
plexity of the angiogenic process as a whole, incorporating as it does a myriad of positive and negative 
signals, three-dimensional interactions with host tissues and many accessory cells including fibroblasts, 
macrophages, pericytes and platelets. The extent to which in vitro assays predict physiological or patho¬ 
logical processes in vivo (e.g., wound healing, tumor angiogenesis) or surrogate techniques such as the use 
of Matrigel™ plugs, sponge implants, corneal assays etc remains to be determined. 

Key words Endothelial cells, Tubular differentiation, Migration, Chemotaxis, Haptotaxis, Invasion, 
Matrix metalloproteinases, Image analysis 


1 Introduction 


Since Folkman’s seminal work in the early 1970s [1] and the later 
identification of a myriad of molecular mediators, there has been 
a burgeoning interest in all aspects of neoangiogenesis and lym- 
phangiogenesis [2-15]. In particular, it is recognized that success¬ 
ful inhibition of tumor angiogenesis (on which sustained malignant 
growth and spread depends) could have significant therapeutic 
benefits [4, 7, 16-41]. Such strategies were expected to have wide 
application in many solid tumors, and to be less susceptible to the 
development of resistance [29]. However, it has become clear that 
bypass resistance mechanisms to monotherapy, particularly in 
advanced malignancy, limits their efficacy [42-46] and increas¬ 
ingly antiangiogenic (or antivascular) agents are used in 
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combination with standard cytotoxic or targeted therapies. Other 
conditions that may also be treatable by antiangiogenic agents 
include diabetic retinopathy, arthritis, and psoriasis [41, 47-53]. 
On the other hand, the ability to induce angiogenesis in a con¬ 
trolled manner may assist healing of skin ulcers or wounds due to 
injury or surgery [54, 55], or ameliorate certain cardiovascular 
pathologies [56, 57]. 

In order to develop effective angiogenesis modulators, it is 
advantageous to gain a deeper understanding of the complex gene 
expression changes and molecular mechanisms underlying the pro¬ 
cess. We also need informative in vitro (and in vivo) assays for hypoth¬ 
esis testing and screening of potential therapeutic agents [7, 58-72]. 
This is particularly important as it is now recognized that, as well as 
“classical” neoangiogenesis mediated largely by capillary sprouting in 
response to gradients of angiogenic factors derived from tumor cells 
or host inflammatory cells, there are other significant contributory 
mechanisms including vascular co-option, recruitment of endothelial 
precursors and “vasculogenic mimicry” [73-81]. 

Endothelial cells (EC) in the adult are normally quiescent 
unless activated by angiogenic factors such as VEGFs, FGF2, HGF, 
angiopoietin 2, or cytokines including IF-8, many of which are 
induced by hypoxia in the solid tumor microenvironment [2, 3, 
61, 69, 82-88]. EC activation results in enhanced proliferation, 
migration, and “invasion” of surrounding tissues. This is mediated 
by upregulation of specific integrins (such as ocvp3 and ocvp5) [18, 
89-92] and secretion of matrix metalloproteinases (MMPs) [93- 
98] and urokinase plasminogen activator (uPA) [99-101]. Many 
of these molecular mediators have been used as targets for therapy 
and also for imaging the angiogenic process and its response to 
therapeutic intervention [102, 103]. 

Angiogenesis can potentially be controlled at many levels: inhi¬ 
bition of the production [104] or sequestration of circulating 
angiogenic factors (e.g., Avastin and Aflibercept [105, 106]; anti¬ 
body-mediated blocking of binding to EC receptors such as 
VEGFR-2 and -3 or Tie-2 [21, 107-109]; inhibition of integrin 
binding [89, 110] and targeting the major angiogenic factor recep¬ 
tors or their downstream signaling pathways with small molecule 
tyrosine kinase inhibitors [111-119]. Recently new possibilities 
have emerged from nonclassical signaling pathways including 
Delta-notch [120-124], voltage gated sodium channels and Na/ 
Ca++ exchange via NXC1 [125, 126]. 

Depending on the point of intervention in the angiogenic pro¬ 
cess, different assays may be required [7, 59, 62,63, 70,127-133], 
but (following biochemical assays to establish target inhibition) the 
simplest and most informative of them aim to assess the ability of 
EC to perform one or more of the following key functions: 

• Proliferation in response to an angiogenic stimulus (e.g., 
VEGF, bFGF, Ang-2) 
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• Chemotaxis (directional motility) in response to an attrac- 
tant gradient 

• Haptotaxis (integrin-mediated non-directional motility) 
on matrix proteins 

• Tubular differentiation on matrix proteins 

• Proteolytic enzyme production (e.g., gelatinase MMPs by 
zymography or ELISA) 

Assays to measure each of these functions will now be described 
in turn. 


2 Materials 

2.1 Cell Culture 
and Maintenance 


2.2 Cell 

Proliferation Assay 


1. Normal Human Umbilical Vein Endothelial Cells (pooled) 
(ZHC-2101) (Cellworlcs, Buckingham (http://www.cell- 
works.co.uk/) (see Notes 1 and 2). 

2. Large Vessel Endothelial Cell Growth Medium Package which 
contains: Large Vessel Endothelial Cell Basal Medium and 
Large Vessel Endothelial Cell Growth Supplement (ZHM- 
2953) CellWorlcs CalTag MedSystems. 

3. Phosphate buffered saline (PBS) containing 1 mm ethylenedi- 
amine tetra acetic acid (EDTA). 

4. Trypsin-EDTAsolution—0.025 %/l mM in PBS. Alternatively 
TrypLE™ Express trypsin for cell detachment (Invitrogen 
Paisley UK) (see Note 3). 

5. Trypan blue 0.4 % (w/v) in PBS. 

6. Tissue culture flasks. 

7. Disposable pipettes. 

8. Hemocytometer. 

9. Humidified incubator set at 37 °C with an atmosphere of 5 % 
C0 2 in air. 

1. 96-well tissue culture plates. 

2. Multichannel pipette. 

3. Alkaline phosphatase substrate containing buffered 
p-nitrophenylphosphate (pNPP) (Sigma-Aldrich UK). Protect 
from light and keep at 4 °C. 

4. Solution of 1 M sodium hydroxide (NaOH). 

5. Solution of trypsin-EDTA or TrypLE™ Express trypsin. 

6. Plate reader or spectrophotometer capable of reading absorp¬ 
tion at 405 nm or luminescence. 

7. CellTiter-Glo® G7571 Promega. 
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2.3 Chemotaxis 
Assays (HUVEC) 

2.3.1 Human Umbilical 
Cells (HUVEC) Pooled 
Donors (CellWorks 
Buckingham UK) 


2.4 Invasion Assay 


2.5 Haptotaxis Assay 


2.6 Tubular 
Differentiation 


1. Large Vessel Endothelial Cell Growth Medium. 

2. Solution of trypsin-EDTA or TrypLE Express (Invitrogen). 

3. Olympus 1x70 inverted fluorescent microscope fitted with 
both a 20x and 40x objective and cooled CCD digital 
camera. 

4. U-MWB filter set cube to detect the fluorophore (Olympus 
UK Ltd). 

5. Image acquisition software—Image Pro Plus (Media 
Cybernetics UK). 

6. BD FluoroBlok™ 24-well plates (BD Biosciences) 3 pM pore 
(cat no 351156). See Fig. 3 or Falcon plates and separate 
inserts. 

7. Fibronectin matrix protein coated 24-well 3 pM FluoroBlok™ 
plates (BD Biosciences. Store at 4 °C. 

8. Recombinant human epidermal growth factor for use as che¬ 
moattractant (EGF). Make a stock of 1 mg/ml EGF by dis¬ 
solving lyophilized EGF in 0.2 pm-filtered 10 mM acetic acid 
containing 0.1 % bovine serum albumin (BSA). Store small 
aliquots at -20 °C. 

9. CellTracker™ Green dye CMFDA (Molecular Probes 
Invitrogen Paisley UK). 

1. BDBiocoat™ FluoroBlok™ Matrigel coated 24-well plates 
(BD Biosciences). 

1. Endothelial cells (e.g., human umbilical vein endothelial cells 
(HUVEC) pooled donors (CellWorks Buckingham UK). 

2. Large Vessel Endothelial Cell Growth Medium. 

3. Solution of trypsin-EDTA or TrypLE Express (Invitrogen). 

4. Sterile 0.1-10 pi pipette tips for Gilson P20. 

5. Inverted microscope fitted with 20x objective and digital 
camera. 

6. Mitomycin C Sigma Aldrich prepared immediately before use. 

7. 24-Well tissue culture plates. 

8. Sterile Gilson pipette tip for scraping a wound in the cell 
monolayer. 

1. Matrigel™ (BD Biosciences) stored at -20 °C. Place the gel on 
ice in a 4 °C refrigerator to thaw overnight before use. 

2. 24-Well tissue culture plates. 

3. Gilson pipette tips for P1000. 

4. CellTracker™ Green dye CMFDA (Molecular Probes, 
Invitrogen). 
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2.7 Quantitation 
of Migration 
and Invasion 


2.8 Quantitation of 
Tubularization 


2.9 Gelatin 
Zymography 


2.10 Relative 
Quantitation of Matrix 
Metalloproteinases in 
Zymogram 


1. Olympus 1X70 inverted fluorescence microscope fitted with an 
environmental chamber (Solent Scientific Limited UK). 

2. Retiga EXi cooled CCD camera (Q Imaging). 20x and 40x 
objectives. 

3. Image Pro Plus 7.0 (Media Cybernetics Europe). 

1. Olympus 1X70 inverted fluorescence microscope fitted with an 
environmental chamber (Solent Scientific Limited UK). 

2. Retiga EXi cooled CCD camera (Q Imaging). 20x and 40x 
objectives. 

3. Image Pro Plus 7.0 (Media Cybernetics Europe). 

4. Celigo® cytometer (Nexcelom Bioscience). 

1. 10 % Novex® Tris-Glycine SDS Gels containing either casein or 
collagen (Invitrogen). 

2. Tris-Glycine SDS running buffer (lOx). Prepare lx Tris- 
Glycine SDS running buffer by adding 100 ml of lOx Novex® 
Tris-Glycine SDS running buffer to 900 ml of deionized water. 

3. Novex® Tris-Glycine SDS sample buffer (2x) stored at -20 °C. 

4. Protein molecular weight markers stored at -20 °C. 

5. MMP-2/MMP-9 standards (CHEMICON Europe, Ltd). 

6. Novex® Zymogram renaturing buffer (lOx). Prepare lx rena- 
turing buffer by adding 100 ml of lOx Novex® lOx renaturing 
buffer to 900 ml of deionized water. 

7. Novex® Zymogram developing buffer (lOx). Prepare lx devel¬ 
oping buffer by adding 100 ml of lOxNovex® lOx Developing 
Buffer to 900 ml of deionized water. 

8. Colloidal Blue Staining Kit (Invitrogen). 

9. Methanol. 

10. Distilled water. 

11. XCell II Mini cell electrophoresis tank (Novex® Invitrogen). 

12. Power pack. 

13. Growth factors for stimulation of cells: e.g., vascular endothe¬ 
lial growth factor (VEGF), epidermal growth factor (EGF), 
basic fibroblast growth factor (bFGF), hepatocyte growth fac¬ 
tor (HGF). 

14. Phorbol 12-myristate 13-acetate (PMA). 

1. GelPro analyzer 3.1 (Media Cybernetics Europe). 

2. Digital camera. 
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3 Methods 

3.1 Cell Culture 
and Maintenance 


3.2 Subculture 


The culture of normal primary and early passage human endothe¬ 
lial cells requires specialized culture media. Careful culture tech¬ 
niques are necessary to ensure cell survival and maintenance of 
expression of key proteins. Normal primary endothelial cells have a 
finite lifespan. In practice, this means that, depending on the cell 
type, they can be cultured in vitro for a maximum of 10-15 pas¬ 
sages (see Note 4) before becoming senescent at which point the 
cells become etiolated and stop prolife rating. 

1. Thaw media supplements rapidly at 37 °C and add to basal 
media using a sterile Gilson tip. Pre-warm the mixture to 
37 °C. 

2. Add the requisite amount of medium to the tissue culture 
flask, e.g., 5 ml per flask for T25, 15 ml per flask for T75. 

3. Thaw a vial of cryopreserved endothelial cells rapidly at 37 °C 
and wipe the vial with ethanol to ensure sterility. Calculate the 
number of cells required to seed the minimum density of cells 
in the appropriate tissue culture flask. This will depend upon 
the cell line. Microvascular endothelial cells require a mini¬ 
mum of 5xl0 3 4 5 cell1 s/cm 2 ; however, large vessel endothelial 
cells can be seeded at half this density (see Note 4). 

4. Add cells to the flask and place in an incubator at 37 °C set at 
5 % C0 2 in air The procedure should take no more than 
5-8 min to ensure maximum cell viability. 

5. Change medium after 24 h to remove cryoprotectant. 

6. Feed the cells with fresh medium every other day. 

7. Harvest or subculture cells when they reach 60-80 % 
confluence. 

1. Aspirate medium from the flasks. 

2. Rinse the cell layer gently with 5 ml PBS-EDTA. 

3. Add 1 ml trypsin-EDTA or TrypLE™ Express to the cell layer 
ensuring that the entire surface of the cell sheet monolayer is 
covered. Pour off the excess fluid, leaving a thin layer covering 
the cells and return the flask to the incubator. 

4. After about 2 min, examine the cells microscopically to moni¬ 
tor detachment. If the cells appear to be lifting off the surface 
tap the flask gently to complete the process. If not, return and 
monitor at 30-60 s intervals until this occurs (see Note 4). 

5. Add 5 ml of fresh medium and resuspend the cells carefully by 
aspirating the cells using a disposable pipette and transferring 
to a suitable sized vial. 
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6. To determine the number of viable cells per ml, remove 20 pi 
cell suspension from the vial, dilute with 20 pi trypan blue and 
count the viable (dye excluding) cells using a hemocytometer. 

7. Reseed flasks at the minimum density as above. 


3.3 Cell 

Proliferation Assays 

3.3.1 Screening 
Compounds for Growth 
Inhibitory Activity 


Most current assays for measuring cell proliferation are based upon 
the reduction of the yellow tetrazolium salt MTT (3-(4, 
5-dimethylthiazolyl-2)-2, 5-diphenyltetrazolium bromide) by the 
action of dehydrogenase enzymes from metabolically active cells. 
The resulting intracellular purple formazan can be solubilized and 
quantified by reading the absorbance of the product on a spectro¬ 
photometer. An alternative cheaper metabolic assay is based upon 
a ready-to-use buffered alkaline phosphatase substrate containing 
p-nitrophenylphosphate (pNPP). Prior to use, the substrate appears 
as a colorless to pale yellow solution. After incubation with cellular 
derived alkaline phosphatase the compound turns a bright yellow 
and this color intensity can be measured on a spectrophotometer. 
A further simple alternative method to assess cell survival is the 
Sulforhodamine-B (SRB) assay. SRB is a water-soluble dye that 
binds to the basic amino acids of the cellular proteins. The colori¬ 
metric measurement of the bound dye provides an estimate of the 
total protein mass that is related to the cell number. Whilst this 
method is the suggested preferred technique for high through-put 
screening, it is reportedly less sensitive for the measurement of 
endothelial cells which, compared with tumor cells, have relatively 
low protein levels [134]. Rapid, surrogate measurements of prolif¬ 
eration can be performed using estimations of total surface area 
using contrast algorithms on high content screening machines 
such as the Celigo® cytometer (Fig. 1). This has the advantage that 
cell counts can be made in real time at frequent intervals, rather 
than at a single end-point. Another popular method is CellTiter- 
Glo® which measures the amount of ATP present in metabolically 
active cells by the addition of a luminescent substrate. Comparisons 
of both of these methods show excellent agreement (Fig. 2) 

1. Remove growth medium from a T75 flask of endothelial cells. 

2. Rinse with 5 ml of PBS-EDTA solution. 

3. Add 3 ml TrypTE Express and pour off excess. When cells have 
detached, add 10 ml endothelial cell basal medium and resus¬ 
pend cells gently until a single cell suspension is produced. 

4. Count viable cells using a hemocytometer and adjust cell con¬ 
centration to 2 x 10 4 cells/ml. 

5. Using a multichannel pipette, dispense a 100 pi volume of cells 
into each well of a 96-well plate with the exception of the out¬ 
side wells. To the outside wells add 100 pi of distilled water. 

6. Make doubling dilutions of the agent of interest in a replicate 
plate before transferring to the cell plate as follows (see Note 5). 
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Proprietary Optics 


• F-theta scan lens 
(1 (jM/pixel resolution) 
• Galvanometer mirrors 



Fig-1 Illustration of the Celigo multichannel cytometer with LED-based bright-field and fluorescence options 
showing proprietary galvanometric image acquisition set up 


7. Add 100 pi tissue culture medium to the wells of a 96-well 
plate except the outside wells and the first column. 

8. Add 200 pi of the agent at its maximum concentration to each 
of three wells in the first empty column of wells. Repeat this for 
any further compounds to be tested by adding the agent to the 
next group of three wells. 

9. Fit a multi-dispensing pipette with tips and set to 100 pi. 
Collect 100 pi of compound from the first row, add to the 
second row, mix and take 100 pi on to the next row. Repeat 
the procedure to the penultimate row. Leave the last row as a 
negative control. 

10. Remove the medium from the plate containing the cells and 
transfer the drug dilutions across and dispense into the wells 
using the multipipette. 

11. Incubate the plates at 37 °C and 5 % C0 2 for 4 days, or until 
cells in control wells appear confluent. 

12. Remove the medium by gently tapping the inverted plate on 
an absorbent paper towel. 

13. Add 100 pi of paranitrophenylphosphate (3 mg/ml in 0.1 M 
sodium acetate containing 0.1 % Triton X-100 and incubate 
for 2 h at 37 °C. Stop the reaction by adding 50 pi 1 M NaOH. 
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Control 

Confluence measure of cell number 96h 


HUVEC response to 17-AAG 
Confluence application Celigo 



b 

200nM 17-AAG 

Confluence measure of cell number 96h 



HUVEC response to 17-AAG 


CellTiter-Glo assay 



Fig. 2 Comparison of analysis of the effects of 17-AAG on the survival of ECs using the Celigo cytometer analy¬ 
sis (confluence application) software (Control a versus treated b). Graphical representation of the Celigo data 
(c) compared with a CellTiter-Glo® endpoint assay using luminescence (d) 


3.4 Chemotaxis 

3.4.1 Cell Labeling 
with Cell Tracker 
Fluorescent Dye 


14. Measure absorbance at 405 nm in a spectrophotometer. 

15. If using CellTiter-Glo® analysis method, after step 11 remove 
100 pi medium from the wells and then add 100 pi substrate 
and read the luminescence using a suitable plate reader. 

1. Add CMFDA to cell culture flask medium containing growth 
medium to give 5 pM final concentration of dye (see Note 6). 

2. Leave cells at 37 °C for a minimum of 45 min. Remove medium 
and wash once with PBS. Apply trypsin to cells as previously 
described (see Subheading 3.2, step 1, step 6 to remove cells 
from the flask) and use in chemotaxis assay. 


3.5 Screening 
Compounds for Effects 
on Migration 
in a FluoroBlok™ 
Transwell Assay 


1. Remove growth medium from a labeled T75 flask of endothe¬ 
lial cells. 

2. Rinse with 5 ml of PBS-EDTA solution. 

3. Add 3 ml TrypLE Express and pour off excess. 
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Part of FluoroBlok™ plate 


Single insert 




Fig. 3 Photograph of a FluoroBlok™ plate (BD Biosciences) showing one of the 
removable filter inserts. The blue (polyethylene terephthalate coated filter) is 
specifically designed to absorb visible light within the 490-700 nm range which 
prevents transmission of fluorescence from the cells on the top of the filter 


4. When cells have detached add 10 ml endothelial cell basal 
medium and resuspend gently until a single cell suspension is 
produced. 

5. Count viable cells using a hemocytometer and adjust cell con¬ 
centration to 4 x 10 5 cells/ml. 

6. Add 150 pi of the diluted cell suspension to the top chamber 
of the Transwell insert (Fig. 3) placed in a companion plate. If 
the experiment involves an investigation of single growth fac¬ 
tor mediated chemotaxis then the use of a fibronectin-coated 
transwell is recommended (see Note 7). Otherwise, if FCS is 
used as a chemoattractant, use an uncoated Fluoroblolc™ 
insert. 

7. Dilute compound to be screened to double the concentration 
desired. Add 150 pi to the cells in the top chamber of the 
insert to give a final volume of 300 pi (see Note 8). 

8. Add 150 pi serum-free endothelial cell basal medium (contain¬ 
ing drug vehicle at the highest concentration that is on the 
compound plate) to one or more inserts, which will then serve 
as untreated controls. 

9. To the bottom chamber of each insert add 800 pi of serum- 
free medium (see Subheading 3.5, step 8) containing both the 
chemoattractant and compound at the same concentration as 
the upper chamber. Include in the experiment at least one 
insert that contains cells in the top chamber but does not con¬ 
tain any chemoattractant. Unless a specific attractant is 
required, HUVEC will migrate well to 5 % FCS. 
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10. Add 150 pi of the suspension of labeled cells to one well of a 
24-well plate. Add 150 pi of growth medium. This is a control 
to confirm that the cells are viable for the duration of the 
experiment and can be counted separately at the end of the 
migration period. 

11. Incubate the plates at 37 °C in a humidified atmosphere of 5 % 
C0 2 in air for 6 h. 

12. View the cells that migrate in real time and photograph under 
UV illumination by selecting the U-MWB filter set cube and 
the lOx objective on the microscope. Monitor the cells migrat¬ 
ing onto the lower surface of the membrane every 2 h (see 

Note 9). 

13. After 6 h, either count the cells immediately or fix by removing 
the medium in the lower chamber and replacing it with 4 % 
paraformaldehyde in PBS. 

14. Acquire images of the migrated cells using the CCD camera at 
lOx magnification in at least three random representative areas 
under each of the membranes. 

15. Count migrated cells as described in Subheadings 3.9 or 3.10. 

3.6 Invasion Assay Invasion assays are performed as above, but the observation time 
needs to be increased as the cells also have to pass through the 
Matrigel™ barrier above the filter (e.g., allow ~18 h for HUVEC 
invasion assays). 

Coating of the upper surface of the FluoroBlok™ inserts with 
a matrix barrier may be performed in the laboratory for the sake of 
economy but can be problematic. Matrigel™ solutions solidify rap¬ 
idly at room temperature and have a tendency to form a meniscus 
on the membranes. This can lead to uneven invasion of cells 
through the gel. To avoid these problems it may be preferable to 
purchase the pre-coated inserts from Becton Dickinson marketed 
as the BD BioCoat™ Tumor Invasion System. 

Rehydrate the inserts as follows: 

1. Remove the package from -20 °C storage and allow it to come 
to room temperature. 

2. Add 0.5 ml warm (37 °C) PBS to the interior of the insert 
wells. 

3. Allow the plate to rehydrate for 2 h at 37 °C in non-C0 2 
environment. 

4. After re hydration, carefully remove the medium front the 
insert wells without disturbing the layer of BD Matrigel™ on 
the membrane. 

5. Pre-label the cells with CMFDA cell tracker as described above 
(Subheading 3.4, steps 1-2) and seed them into the upper 
chamber (see Note 10). 
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3.7 Haptotaxis 
Assays 


3.8 Quantitation 
of EC Migration 
and Invasion 


6. Proceed as described for chemotaxis assays (Subheading 3.3) 
but with a longer observation period. 

7. Observe the underside of the membranes under ultraviolet 
illumination (ter Note 11). 

8. Acquire images of the migrated cells using the CCD camera at 
40x magnification in three random representative areas under 
each of the membranes. 

9. Count migrated cells as described in Subheading 3.9. 

1. Harvest HUVEC from flasks as described in Subheading 3.1 
and plate in 24-well plates at 5 x 10 1 2 3 4 cells/well. Incubate at 37 
°C in a humidified incubator at 5 % C0 2 in air. Allow cells to 
become 90 % confluent. 

2. Prepare cell culture medium with appropriate inhibitors and 
controls and keep at 37 °C in a heated water bath. 

3. Using the sterile tip on a Gilson pipette, carefully score the cell 
monolayers vertically down the center of each well. Wash the 
surface once with PBS to remove detached cells. 

4. Add fresh growth medium containing inhibitors or an equiva¬ 
lent volume of vehicle as a negative control. To ensure that 
wound closure is due solely to migration, inhibit cell prolifera¬ 
tion by adding mitomycin C at 2.5 pg/ml. 

5. Monitor ‘wound’ closure every hour by acquiring duplicate 
images of the wound in each well under phase contrast from 
time 0 (to measure the initial wound width) for up to 24 h. 
This procedure is simplified by the use of a mechanized stage 
and image acquisition software (Image Pro Plus Media 
Cybernetics UK). 

6. Express results as percentage change in wound width at each 
time point. In Image Pro Plus the images acquired can also be 
compressed and then displayed as a movie file. Running the 
movie of untreated cultures against the treated wells will pro¬ 
vide qualitative illustrations of the effects of the inhibitors (see 
Note 12). 

1. Open image file using ImagePro software. 

2. Select “Measure, Count/Size” from the pull-down menu on 
the control bar at the top of the screen. 

3. In the “Count/Size” window select “Automatic Bright 
Objects”, select the Options button and ensure that the 
Options selected read Outline style—Outline, Label Style 
None and Four connect. 

4. Perform a count. This initial cell count will include all bright 
objects in the image including the pores in the membrane. 
Filter these out as follows: 
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3.9 Quantitation 
of EC Migration Using 
a Celigo Cytometer 


3.10 Tubular 
Differentiation 


5. Select “Measurements” in the “Count/Size” window, high¬ 
light the Area default setting and then select the Edit range 
option. 

6. Drag the vertical bar slowly to the right until the pores are 
excluded from the final count. Click the filter objects option. 

7. The final cell count, along with any statistics, may be trans¬ 
ferred by DDE (Dynamic Data Exchange) to Excel as 
follows. 

8. Click “view” on the top toolbar and select “statistics”. Select 
“file” and then “DDE to Excel”. 

1. Use the Direct Cell counting application : settings: 40 % well 
mask, Algorithm = Brightfield, Intensity threshold = 2, 
Precision = High, Cell diameter Pixel = 80, Separate touching 
objects yes. Cell Area 700-10,000, Cell Intensity 0-255, mini¬ 
mum aspect ratio = 0. 

1. Place Matrigel™ on ice in an insulated container at 4 °C and 
leave overnight to thaw completely. 

2. Place endothelial growth medium at 4 °C. 

3. Place any tips or plates that will be coming into contact with 
Matrigel at 4 °C until cooled. 

4. All subsequent procedures should be performed in a tissue cul¬ 
ture hood. 

5. Mix Matrigel™ to homogeneity by gentle pipetting and add to 
an equal volume of serum-free medium. 

6. Add 200 pi of diluted gel to each well of a 24-well plate. 

7. Place plate at 37 °C for at least 30 min to gel. 

8. Label endothelial cells with 5 pM CMFDA cell tracker green 
dye for 1 h. 

9. Remove growth medium from labeled T75 flask of HUVEC 
and rinse cells with 5 ml of PBS-EDTA solution. 

10. Add 1 ml TrypLE Express, remove excess and incubate briefly 
at 37 °C to release cells. 

11. When cells have detached, add 10 ml endothelial cell basal 
medium and resuspend gently until a single cell suspension is 
produced. 

12. Count cells using a hemocytometer and adjust cell concentra¬ 
tion with fresh medium to 6 x 10 4 cells per ml. 

13. Add 500 pi of cell suspension to each Matrigel-coated well. 
Include an uncoated well as a negative control. 

14. Incubate plate for ~6 h at 37 °C in a humidified incubator at 5 
% C0 2 in air (see Note 13). 
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Fig. 4 Diagram of the image analysis set up used to quantify cell migration, invasion, haptotaxis, and tubular 
differentiation, with an example of tubular differentiation 


15. Acquire images of tubule formation using a cooled CCD cam¬ 
era on an inverted fluorescence microscope using a U-MWB 
filter set cube and lOx objective (Fig. 4). 

16. Use Image Pro Plus or a Celigo cytometer to analyze tubule 
formation as described in Subheadings 3.11 or 3.12. 


3.11 Quantitation of 
Tubularization Using 
Image Pro Software 
(See Fig. 5) 


1. If the images are acquired in color it will be necessary to select 
the color channel that contains the highest contrast of image 
(i.e., red, green, or blue). 

2. Select Process, Colour Channel, and Extract from the menu 
bar. Click the G box in Generate Channel and then OK. 

3. Select Measure, Count/size, andMeasure (select Measurements). 

4. There is an option within this menu to select the parameters 
that are used to discriminate the images from each other. We 
find that the best option to use is area (polygon). This choice 
may be cell type dependent and optimal discrimination should 
be established by selecting a number of parameters and seeking 
the greatest ratio between test and control images. 


3.12 Quantitation of 
Tubularization Using 
a Celigo Cytometer 
(See Fig. 6) 


1. Use the Confluence application settings: 60 % well mask, 
Algorithm = Brightfield, Intensity threshold = 0, Saturated 
Intensity = 0, Precision = Normal, Diameter = 8, Background 
Correction = Yes, Minimum Thickness = 3, minimum cluster 
size = 500. 
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Control 




Fig. 5 Endothelial cell tubularization and quantitation using Image-Pro Plus software (tubule area, number of 
branch points, branch length etc.) 


3.13 Zymography This technique involves the electrophoresis of secreted protease 
enzymes through discontinuous polyacrylamide gels containing 
enzyme substrate (either type III gelatin or B-casein). After elec¬ 
trophoresis, removal of sodium dodecyl sulfate (SDS) from the gel 
by washing in 2.5 % Triton X-100 solution allows enzymes to 


















































136 


Suzanne A. Eccles et al. 



Fig. 6 Image analysis of endothelial cell tubularization and quantitation using Celigo cytometer software 
(confluence application) 


renature and degrade the protein substrate. Staining of the gel 
with a protein dye such as Colloidal Blue or Coomassie Blue allows 
the proteolytic activity to be detected as clear bands of lysis against 
a blue background. Alternative methods that employ an enzyme 
linked immunosorbent assay (ELISA) can also be used to detect 
both MMP2 and MMP9 (Merck Millipore, Life Technologies 
etc.), e.g., effects of different substrates on matrix metalloprotein¬ 
ase expression and activation in endothelial cells (see Lig. 7) 

1. Remove growth medium from a T75 flask of endothelial cells. 

2. Rinse with 5 ml of PBS-EDTA solution. 

3. Add 3 ml TrypLE™ Express and pour off excess. When cells 
have detached, add 10 ml endothelial cell basal medium and 
resuspend cells gently until a single cell suspension is 
produced. 

4. Count viable cells using a hemocytometer and adjust cell con¬ 
centration to 2 x 10 4 cells/ml. 

5. Using a multichannel pipette, dispense a 100 pi volume of cells 
into each well of a 96-well plate with the exception of the out¬ 
side wells. Repeat this procedure with plates that have been 
coated with different extracellular matrix proteins (see 
Note 14). Add 100 pi of distilled water to the outside wells to 
maintain humidity. 
































In vitro Assays for Endothelial Cell Functions 


137 


HT1080 

standard Different Substrates 



92kDa 

82kDa 


72kDa 

62kDa 


Plastic Collagen Collagen 
layer matrix 


Fig. 7 Zymogram showing active and latent forms of MMP2 (72 kDa and 62 kDa) 
and MMP-9 (92 kDa and 82 kDa) respectively. Supernatants of PMA stimulated 
HT1080 cells can be used as a standard since this contains both latent and 
active forms of MMP-2 and MMP-9 and serves in effect as a molecular weight 
marker. Note that endothelial cells grown on plastic often express little MMP-9 
and that activated forms (of both enzymes) are more readily detected on physi¬ 
ological substrates such as collagen matrix 


6. Remove conditioned medium from plate after 24 or 48 h. 

7. Place samples on ice and mix 1:1 with 2x Tris glycine SDS 
sample buffer and incubate at room temperature for 10 min. 

8. Place a 10 % Novex® Tris-Glycine SDS gel containing gelatin 
in an XCell II Minicell electrophoresis tank as described in the 
manufacturer’s instructions. Fill tank with Tris glycine SDS 
running buffer to recommended level. 

9. Add samples to the wells in the gel. Include MMP-2/MMP-9 
standards. Alternatively use PMA stimulated HT1080 condi¬ 
tioned medium (see Note 15). 

10. Connect electrophoresis equipment to power pack and run at 
125 V for 90 min. 

11. Dilute lx zymogram renaturing buffer and lOx developing 
buffer 1:9 with deionized water. 

12. Remove gel from tank and incubate with renaturing buffer for 
30 min with gentle agitation. 

13. Remove buffer and replace with developing buffer and repeat 
incubation with agitation. 

14. Remove buffer, replace with fresh developing buffer and incu¬ 
bate for at least 4 h or preferably overnight. 
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15. Stain with either Colloidal Blue Stain (Invitrogen) or 
Coomassie Blue (40 %(v/v) methanol, 10 % (v/v) acetic acid 
containing 0.5 % w/v Coomassie Blue for 1 h with gentle agi¬ 
tation) (see Note 16). 

16. De-stain using either distilled water for the Colloidal Blue 
Stain (7 h) or destain solution (30 % (w/v) methanol, 10 % 
(v/v) acetic acid replaced every 4 h for the Coomassie Blue 
stained gels. 

17. Place the gel to on a lightbox and acquire an image of the clear 
areas of lysis using a digital camera. 

18. Analyze the areas of proteolysis in Gel Pro as follows. 

19. Open the image file select “ID gels “and “show toolbar”. 
Click the “Lane” option. 

20. A window will pop up with “Extract Intensity”. Accept this 
option and the gel image will appear as black and white. 

21. Click “Find Lanes” and adjust the bars that appear over the 
lanes to reduce the area of interest to just the areas of lysis and 
click “OK”. 

22. On the ID Gel window select Mass/IOD option and then 
select IOD. 

23. The numbers that appear will give an absolute integrated 
intensity measurement of the bands. By comparing these fig¬ 
ures it is possible to obtain relative quantitation of the areas of 
lysis in different lanes. 

24. For testing potential inhibitors of MMP production, follow 
steps 1-5, then after 24 h, incubate the cells in serum-free 
medium for a further 24 h. 

25. Make dilutions of the agent of interest in a replicate plate in 
serum free medium before transferring to the cell plate. 

26. Remove the medium from the plate containing the cells and 
transfer the drug dilutions across and dispense into the wells 
using the multipipette. 

27. Incubate the plates at 37 °C at 5 % C0 2 in air for 2 h. 

28. Stimulate the cells with 20 ng VEGF and then follow steps 
6-28. 


4 Notes 


1. Endothelial cells (EC) can be obtained from many different 
species and human EC are readily commercially available. EC 
can be obtained from large and small veins and arteries, from 
capillaries, or from specialized vascular areas such as the umbil¬ 
ical vein of newborns, blood vessels in specific organs (e.g.. 
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ovary, lung, brain [135-137]) or from solid tumors. Most 
commonly they are derived from human umbilical veins from 
pooled donors and for the purpose of most assays this is the 
most reliable and economical source. However, it should be 
recognized that neoangiogenesis generally originates from 
microvascular (rather than macrovascular) EC, and it is advis¬ 
able to perform key studies in such cells, for example commer¬ 
cially available human dermal microvascular cells (HDMEC) 
(ZHC-2226 Cellworlcs Caltag Med Systems). In addition, 
human lymphatic endothelial cells are now also available and 
can be used in much the same way as vascular EC, although 
requiring specific growth medium (SC-2500 Cellworlcs CalTag 
Med Systems). Both of these endothelial cell lines and appro¬ 
priate media for their propagation are also available from 
Cambrex Bio Science Nottingham Ltd. (http://www.cam- 
brex.com). 

2. It is of the utmost importance to maintain cell lines free of any 
contaminating species of mycoplasma, and this should be regu¬ 
larly monitored. Many methods are available to do this it may 
be by direct culture or by indirect assay. Indirect methods 
include DNA staining, biochemical detection, nucleic acid 
hybridization, immunoassays, and polymerase chain reaction 
(PCR) DNA amplification. Indirect methods have the advan¬ 
tage of detecting those mycoplasma species that are not easily 
cultivated. Assay methods can typically detect several, if not all, 
of the most common cell culture contaminants ( Mycoplasma 
hyorhinis, M. arjjinini, M. orale, M. fermentans, M. salivarmm, 
and Acholesplasma laidlawii) as well as some of the more 
unusual species. 

3. Trypsin-EDTA treatment is the standard method for cell 
detachment. A prolonged exposure of cells to trypsin, how¬ 
ever, can result in a loss of viability. We find that TrypLE™ 
Express treatment is significantly less damaging to cells and 
results in fewer cell clumps. 

4. Subculture the cells when they reach 60-80 % confluence (if 
the recommended seeding densities are used, this usually takes 
7-10 days, depending on the doubling time). Generally speak¬ 
ing the cells will remain viable for at least 10 passages before 
approaching senescence. It is important to ensure that the cells 
are still proliferating well if they are to be used in functional 
assays and if there is evidence of etiolation the cells should be 
discarded. When subculturing endothelial cells it is preferable 
to avoid pelleting them by centrifugation as they are very easily 
damaged in this process. 

5. Before setting up the assay to evaluate inhibitors of prolifera¬ 
tion it is always advisable to ensure that the assay will give lin¬ 
ear measurements for either color change technique by the 
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construction of a standard curve. This is done by seeding the 
cells at a range of densities that reflect those that may occur 
during the course of the assay. A 96-well plate should be seeded 
in triplicate at the appropriate range of cell seeding densities 
and allowed to adhere. The substrate should be the added and 
the assay run as previously described. A graph drawn of cell 
seeding density against mean absorbance should appear linear. 

6. One of the advantages of using fluorescent dyes such as 
CMFDA is that it is possible to stain different cell lines (or 
cells treated with different agents) with alternative dyes and 
monitor these mixed cell populations in cocultures. For exam¬ 
ple, differentially labeled EC and tumor cells can be co¬ 
migrated to examine 2-way modulating effects; cells pretreated 
with drugs or siRNA can be mixed with controls and sepa¬ 
rately counted etc. There are a variety of similar cell dyes avail¬ 
able from Molecular Probes possessing differing absorption 
and emission maxima that correspond to red, orange, and 
blue. Details of these compounds are available from the web¬ 
site at http://probes.invitrogen.com/. The selection of the 
appropriate filter sets will enable the visualization of these 
mixed cell populations under the microscope ultraviolet light 
source. Quantum dots are also increasingly being considered 
for these types of applications as they can provide high inten¬ 
sity luminescent signals [138, 139] and luciferase-mediated 
luminescence is also a further alternative [140, 141]. The lat¬ 
ter requires transient transfection of a luciferase gene (e.g., 
from the firefly, Photinus pyralis). Similarly green fluorescent 
protein from Aequoria victoria or Renilla spp. could be used 
to generate fluorescence, although all transfection procedures 
are most commonly used in immortal cells rather than normal 
cells with a finite life-span. 

7. In the majority of cases cells will migrate to defined growth 
factors such as VEGF or FGF more readily when a substrate 
that promotes adhesion is present; indeed in some cases it is 
not possible to obtain any migration to a soluble ligand if a 
natural substrate is lacking. The appropriate substrate and opti¬ 
mal dilution for coating will need to be determined empirically 
for each cell line and ligand pair. A range of substrates is com¬ 
mercially available (e.g., collagen 1, collagen IV, laminin, 
fibronectin) and coating procedures are supplied with each 
product data sheet. FCS works well as a chemoattractant 
because it not only contains a plethora of potent chemoattrac¬ 
tant factors, but also contains high levels of proteins such as 
fibronectin, which coat the membrane naturally. In most cases 
the rate and extent of migration to a defined ligand will be less 
than when using FCS. On the other hand, if inhibitors under 
test are targeting a specific signaling pathway, for instance, che- 
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motaxis to FCS may only be partially inhibited as other mecha¬ 
nisms will contribute. 

8. In some instances the cells may require pre-incubation with 
the inhibitory compound prior to stimulation with a chemoat¬ 
tractant. If this is necessary it may be convenient to add the 
inhibitor to a flask of cells for a predetermined length of time 
before seeding. Fresh compound should be added once the 
cells are in the chamber to ensure continued activity. However, 
if the compound acts rapidly both the cell suspension and com¬ 
pound can be added simultaneously to the top chamber, and 
medium and compound to the bottom chamber. The addition 
of the chemoattractant to the lower chamber is then delayed 
until initiation of chemomigration is desired. If this approach 
is used the length of time necessary for inhibition of the appro¬ 
priate target (and its duration) should be established in pilot 
studies. 

9. Endothelial cells will generally migrate to 5 % FCS in adequate 
numbers within 6 h and to perform a cell count at intervals 
may not be necessary if an endpoint assay is sufficient. 

10. The cells may also be labeled with the lipophilic dye Dil (see 
http://probes.invitrogen.com/) according to the manufac¬ 
turer’s instructions. 

11. It is important to observe the lower surface of the membrane 
under UV illumination before capturing images of the invad¬ 
ing cells. If there is an uneven coating of Matrigel™ which will 
sometimes arise due to problems in manufacture or manual 
coating, the cells may tend to preferentially migrate around the 
edge of the membrane instead of uniformly across its surface. 
Alternatively, if there is a meniscus effect, such that the Matrigel 
is thicker at the circumference, then migration will preferen¬ 
tially occur in the center where the layer is thinnest. The use of 
Matrigel in chemoinvasion assays has been discussed in several 
publications [58, 142]. Recendy, assays have been developed 
that can accommodate shear stress in endothelial functional 
assays [143]. 

12. Dynamic (as opposed to endpoint only assays) will also indi¬ 
cate if inhibition is sustained throughout the observation 
period, or if any recovery is taking place. This may be useful to 
determine the stability of test compounds. 

13. Although EC can normally be cultured on Matrigel™ for up to 
24 h, tubularization usually reaches an optimum level (before 
partially degrading) at less than 10 h. There are some reports 
that 24-48 h after plating on Matrigel, viability of EC is 
decreased [144]. 

14. A thin layer of collagen I is prepared by diluting rat tail colla¬ 
gen type 1-50 pg/ml with 0.02 M acetic acid and 50 pi to 
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each well. Incubate at room temperature for 1 h. Remove solu¬ 
tion and wash each well with PBS. A collagen matrix may be 
prepared by diluting the collagen to 3 mg/ml. 100 pi of a 
mixture containing serum-free growth medium, 0.1 M sodium 
bicarbonate buffer, 3 mg/ml rat tail collagen type 1, and dis¬ 
tilled water (2:1:4:2) is added to each well and allowed to gel 
at 37 °C for 30 min. 

15. If a semiquantitative analysis of the zymography samples is to 
be performed the protein content of the samples loaded in 
each lane will need to be standardized. For generating control 
supernatant containing high levels of gelatinases, serum-starve 
an 80 % confluent 75 cm 3 flask of HT1080 human sarcoma 
cells overnight. Add fresh serum-free growth medium contain¬ 
ing 20 ng/ml PMA, leave for a further 24 h and then collect 
the conditioned medium. A sample of this medium run on the 
zymogram will show both active and latent forms of MMP2 
and MMP9. These bands will appear at 62 kDa and 72 kDa 
(MMP2) and at 82 kDa and 92 kDa (MMP9). 

16. Either method of staining the gels is suitable although a five¬ 
fold higher sensitivity may be obtained using the Colloidal 
Blue technique. If the gels are to be stored, incubate them in 
100 ml of 2 % glycerol for 30 min then dry overnight using a 
gel drier system (Gibco-Invitrogen). 
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Chapter 9 


Tube-Forming Assays 

Ryan M. Brown, Christopher J. Meah, Victoria L. Heath, lain B. Styles, 
and Roy Bicknell 

Abstract 

Angiogenesis involves the generation of new blood vessels from the existing vasculature and is dependent 
on many growth factors and signaling events. In vivo angiogenesis is dynamic and complex, meaning assays 
are commonly utilized to explore specific targets for research into this area. Tube-forming assays offer an 
excellent overview of the molecular processes in angiogenesis. The Matrigel tube forming assay is a simple - 
to-implement but powerful tool for identifying biomolecules involved in angiogenesis. A detailed experi¬ 
mental protocol on the implementation of the assay is described in conjunction with an in-depth review of 
methods that can be applied to the analysis of the tube formation. In addition, an IrnageJ plug-in is pre¬ 
sented which allows automatic quantification of tube images reducing analysis times while removing user 
bias and subjectivity. 

Key words Angiogenesis, Endothelial cell, Matrigel, Tube formation, Sprouting, Image J 


1 Introduction 


Angiogenesis is a complex, multi-step process in which new vessel 
formation begins from the existing vasculature [1], When unregu¬ 
lated, this process plays a crucial role in the disease progression of 
solid tumors and the metastasis of cancers, meaning inhibition of 
this pathological process could result in a range of new anticancer 
therapies [2], Angiogenic models provide an elegant route to bet¬ 
ter understand this molecular process within a setting that is well 
controlled and rapid. While in vivo models offer the best represen¬ 
tation of the various stages of angiogenesis, in vitro models are 
often favored because they are easier to implement, control, and 
understand [3], 

The Matrigel tube forming in vitro assay has been used exten¬ 
sively and is favored due to its rapid generation of well-defined data 
[3]. While an in vitro assay cannot fully replicate the in vivo situa¬ 
tion, the Matrigel assay is very useful because it can easily charac¬ 
terize important proteins involved in angiogenesis, making it an 
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excellent diagnostic tool. The assay takes 24 h to perform, as 
opposed to 1 or 2 weeks for more complex assays, and 2D images 
are easily captured with conventional brightfield microscopy. This 
removes the need for fixing and staining, allowing sequential 
images to be acquired reducing the number of cells needed. The 
use of brightfield microscopy also means that there are no other 
compounds or processes that may affect the cellular dynamics of 
endothelial cells (ECs); which can be an issue when interpreting 
other angiogenesis assays. It also provides a wealth of data in quan¬ 
tifying the tube formation, including the number of branch points 
and total area of the network. However, the method by which this 
data is collected and interpreted is very important and will be dis¬ 
cussed in more detail later in this chapter. 

The Matrigel tube formation assay focuses solely on the dif¬ 
ferentiation stage of angiogenesis, whereby endothelial cells 
migrate from the existing blood vessel to form the vessel sprout 
[3]. Matrigel is derived from mouse Engelbreth-Holm-Swarm sar¬ 
coma and contains a combination of matrix proteins that encour¬ 
age the ECs to migrate and differentiate into tube-like networks 
that simulate the in vivo process. Growth factors, such as VEGF, 
are absent meaning no proliferation occurs. To understand how 
metastasis achieves pathological angiogenesis, EC gene knock¬ 
down is often undertaken to examine its effect on migration [2]. 
Experiments usually span over 24 h and begin with a monolayer of 
endothelial cells being seeded onto a layer of Matrigel. Upon expo¬ 
sure to the matrix proteins, ECs spontaneously migrate to form 
tubular networks over the first few hours of the experiment. These 
networks then gradually degrade as the cells undergo apoptosis 
during the next 24 h. The presence of a lumen in these networks is 
still debated due to the results of conflicting studies which utilized 
electron and light microscopy (electron microscopy fixation can 
affect biological structures) [4, 5]. The Matrigel assay was a crucial 
element in our identification of RhoJ as an important regulator of 
the differentiation stage of angiogenesis [6]. 

The central theme of an angiogenesis assay is to provide a 
model of in vivo dynamics that is easy to implement, understand, 
and control. However, a reductionist approach to developing these 
models can lead to assays that are not particularly biomimetic. The 
Matrigel tube-formation assay, for example, gives networks of ECs 
that resemble a vascular network but do not include key features of 
“true” angiogenesis, such as directed EC invasion into the extra¬ 
cellular matrix (ECM), fluid flow, or polarization of abluminal 
sides of ECs [7, 8]. In order to include more of these key features, 
novel three-dimensional assays that can better mimic native sys¬ 
tems are being developed. One such assay was recently developed 
by Nguyen et al. [9] that permits the directed invasion of ECs, as 
well as fluid flow, which can have a profound effect on EC behavior 
[9, 10]. While more complex, biomimetic models may provide 
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greater insight into in vivo angiogenesis, they are time consuming 
and so best suited to the detailed analysis of the modes of action of 
anti-angiogenic agents, rather than the screening of new agents. In 
this chapter, we provide detailed protocols for performing Matrigel 
gel tube formation assays and their automated analysis which allow 
high-throughput screening. 


2 Materials 


2.1 Matrigel Assay 


1. Matrigel: This is commercially available in native or growth 
factor-reduced forms; the selection of which depends on 
whether the effects of angiogenic growth factors or inhibitors 
are being investigated. Use without dilution. 

2. Human umbilical vein endothelial cells (HUVEC) are fre¬ 
quently used and can be purchased from commercial sources 
or extracted from umbilical cords. 

3. Dulbecco’s phosphate-buffered saline (PBS): Calcium and 
magnesium-free PBS (10 mM Na 2 HP0 4 , 1.76 mM KH 2 P0 4 , 
2.7 mM KC1, and 0.14 M NaCl, pH 7.4). 

4. 12-well tissue culture plates. 

5. Brightfield microscope equipped with a lOx objective. 

6. Trypsin-EDTA solution: A standard cell culture grade trypsin - 
EDTA (Ethylenediaminetetraacetic acid) solution for passag¬ 
ing cells. 

7. Endothelial cell growth medium: Medium 199 supplemented 
with L-glutamine (4 mM/L), heparin (90 pg/mL), 10 % (v/v) 
fetal calf serum (FCS) supplemented with bovine brain extract. 


3 Methods 

3.1 Matrigel Assay 1. Culture HUVECs to 80-90 % confluence in endothelial cell 

growth medium at 37 °C with 5 % C0 2 . 

2. Thaw the Matrigel on ice at 4 °C overnight taking care not to 
let it warm to room temperature (see Note 1). 

3. Using a 12-well plate, wet the wells with PBS before adding 70 
pL of Matrigel to each well. 

4. Leave the Matrigel to solidify at 37 °C for 30 min. 

5. Take a confluent dish of ECs, aspirate off the medium, and 
wash with PBS (10 mL, 3x). 

6. Add 1 mL of trypsin and incubate for 5 min at 37 °C until the 
cells have lifted off the plate. 

7. Dilute cells into 5 mL of medium and centrifuge at lOSx^ for 
5 min. 
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8. Remove the supernatant and suspend the pellet in 10 mL of 
culture media. 

9. Count a 10 pL aliquot of cells to calculate the cell density using 
a hemocytometer. 

10. Seed 1.4xl0 5 cells on top of the Matrigel layer in 1 mL of 
culture medium. 

11. Incubate the cells at 37 °C in 5 % C0 2 . 

12. Images should be captured using a brightfield microscope at 
regular time intervals during this 24 h period (see Notes 2 and 3). 

3.2 Image Analysis Although the method described generates images containing tubu¬ 
lar networks of high integrity, analyzing these networks is less 
straightforward. Figure 1 highlights this problem. Formulating 
qualitative descriptors is very simple when comparing these images; 
the control clearly exhibits greater tube network integrity than 
RhoJ-knockdown ECs. In order to quantify the networks, manual 
labeling is often employed. This can include counting the number 
of nodes, evaluating the number of branch points (3-, 4-, or 
5-way), and counting loops [8]. It is generally good practice to use 
as many variables as possible as it has been shown that some factors 



Fig. 1 Tube formation assay of negative control cells 6 h post-seeding (a) and RhoJ knockdown cells 24 h 
post-seeding (b). Blue boxes indicate examples of nodes (c, d) and the green rings identify loops formed by the 
cells. Arrow (c) points to an ambiguous region that could be a node or undifferentiated cells. Black circle (d) 
highlights undifferentiated endothelial cells 
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will affect these variables differently [8]. Manual methods are 
highly subjective, for example, in Fig. lc the arrow points to a 
region which could be interpreted as a branch point or ignored as 
an area of undifferentiated cells. Furthermore, manual analysis is 
time consuming and not scalable. By using software to automati¬ 
cally analyze the networks, the efficiency and throughput of the 
assay can be increased. A number of platforms exist, such as 
Angiosys (see Note 4) and Wimasis (see Note 5), which can be 
used to achieve this to varying extents. A systematic comparison of 
these programs revealed that Wimasis is more refined and accurate 
than Angiosys, but both incur significant cost and offer limited 
user control over key features [11]. For detailed description of 
alternative angiogenesis analysis programs, see Notes 4-6. 

As an example of a typical workflow which can be used to auto¬ 
matically and rapidly quantify the networks, a program which is 
freely available as an ImageJ plug-in is described in the remainder 
of this chapter. The main benefits of this program over that of 
Angiosys and Wimasis is that it is open-source software and ImageJ 
is a widely used and freely available image-processing platform. It 
operates in a different manner to Angiogenesis Analyzer (see 
Note 6) and achieves similar results. Staining is not necessary as 
the segmentation is compatible with images of low contrast and a 
non-uniform background. To reduce the amount of specialized 
imaging equipment needed, all computation was performed in 
post-processing. The plug-in is available for download from the 
Bicknell Group website. 

1. Differentiate between background and regions of interest on 
the image using the software. This segmentation must account 
for nonuniform background, which is a common artifact, in 
order to be a robust tool. Our program has an initial smooth¬ 
ing step (using a Gaussian with a user-defined size which 
should represent feature size) to account for this (Fig. 2a, b), 
obtained through flat-field correction by obtaining the differ¬ 
ence between the original and blurred images. 

2. Perform edge detection to identify the morphology of the net¬ 
work. This is an intensity-based thresholding algorithm where 
the gradient of the intensity in the horizontal and vertical 
directions is used to identify the location of tubules. In order 
to connect these pixels in the binary image, the image is dilated, 
thus completing the segmentation. It is at this stage that the 
number of loops and the area of the loops are determined. 
Skeletonization provides a simplified representation of the net¬ 
work by reducing tubules to one pixel thickness, making all 
nodes connect at a single pixel allowing for easy determination 
of the location of nodes and termini by analyzing pixel neigh¬ 
borhoods. This morphological analysis can be extended using 
existing ImageJ plug-ins, an excellent example of which can be 
found by Landini et al. [12]. 


154 Ryan M. Brown et al. 



Fig. 2 Computational workflow for the reported program. Flat-field correction is applied, beginning with 
Gaussian blurring (a). Two images blurred by different-sized Gaussians are subtracted giving the feature- 
detected image (b). Edge detection then gives a binary image giving the tubules (c). Dilation followed by 
skeletonization gives tubules that are one-pixel thick, simplifying network quantification (d). Parameters, such 
as nodes, are located and quantified; the results are generated and plotted onto the original image (e) 


3. The image should be cleared of undifferentiated cells that are 
not part of networks by size-based thresholding so that they 
are not counted as nodes or termini. 

4. The result is then calculated giving the number of loops, aver¬ 
age area of the loops, number of and connectivity of the nodes, 
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number of termini, and the number of pixels for each con¬ 
nected component of the skeleton. 

3.3 Interpretation The angiogenesis software described allows for rapid analysis of 
of Results large data sets. However, careful interpretation of this data and 

knowledge of its limitations are required to generate reliable and 
meaningful results. We are interested in genes which may have an 
anti-angiogenic effect once knocked down; these include RhoJ and 
P-PIX. RhoJ is a GTPase involved in cytoslceletal rearrangement. 
Reducing the levels of these proteins in cells will affect how they 
migrate and therefore give networks that are fragmented and 
poorly formed, relative to a negative control [6]. In each case, the 
cells apoptose over 24 h, leading to fewer tubules and network 
fragmentation. This is apparent from the reduced number of nodes 
observed over 24 h in both the control and knockdown experi¬ 
ments. Using the number of nodes, Kruskal-Wallis tests confirm 
that RhoJ and p-PIX knockdown ECs do give networks of lower 
integrity after 24 h; however, this is not true at the early stages of 
the experiment. 

The number of loops formed by tubules offers the best indica¬ 
tion of network fragmentation, and also gave the highest signifi¬ 
cance - tee Fig. 3. The number of loops between control cells p-PIX 
and RhoJ knockdown cells shows a dramatic difference at early 
stages of the assay. This indicates that the cells do not migrate and 
form networks of high integrity when RhoJ or p-PIX expression is 
knocked down. Determining the number of loops is a much sim¬ 
pler computational problem, with less selectivity issues than the 
nodes, meaning that this parameter is likely to be the most effective 
and reliable to measure. 
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Fig. 3 Quantitative information highlighting network integrity is higher in controls in comparison to RhoJ and 
p-PIX. The number of loops gave results with the highest significance. Kruskal-Wallis (relative to control) 
p-values key— p= 0.1 -0.05: *p= 0.05-0.01: **p< 0.01: *** 
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4 Notes 


1. Planning is essential to ensure images can be captured at times 
suitable for the researcher. It is usually best to begin experi¬ 
ments in the morning to leave time to take images after 12 h. 

2. The selection of time points used to capture images is impor¬ 
tant as the morphology of the network is as a function of time. 
Typically, three intervals at 6, 12, and 24 h can easily capture 
the morphological changes. 

3. Images should also be taken at least in triplicate. Images should 
be taken from the central region of the well, avoiding the well 
edges which can affect tube formation and image quality. 

4. Angiosys is available from TCS Cellworks and is able to quan¬ 
tify properties such as the number of nodes, termini, tubule 
length, and area but cannot count loops. The segmentation 
method used by Angiosys is intensity thresholding, this means 
good contrast is required in the image leading the suppliers to 
suggest using a stain to enhance contrast; staining is not usu¬ 
ally attractive as it may interfere with the network formation. It 
is therefore preferential to segment the tubules before loading 
the images into Angiosys; however, a significant amount of 
preprocessing is required to do this. The software has been 
demonstrated to be effective in extracting the aforementioned 
parameters, but it is slow (100 images is reported to take 
48-72 h) and expensive; these factors must be considered 
when deciding on an analytical tool. 

5. Wimasis is a pay-per-image online platform where images are 
uploaded to the Wimasis website. Results are generated and 
can then be downloaded by the user. An important feature of 
this tool is that the company offers specialized services to 
researchers, meaning Wimasis can be contracted to create 
bespoke analytical tools for a range of image analysis prob¬ 
lems. The standard angiogenesis software offers more param¬ 
eters and requires less user input than Angiosys making this 
option more streamlined. Wimasis is able to automatically 
segment the networks and provide accurate numbers of a 
range of parameters including nodes, loops, and nets. It suc¬ 
cessfully segments networks even with poor contrast and is 
able to ignore undifferentiated cells. The main drawback of 
Wimasis is cost of processing the images which would be 
prohibitive when handling large datasets on a regular basis. 
Another issue with Wimasis is that the method by which the 
tools achieve the quantification is not published. The method 
utilized is important when verifying results and their signifi¬ 
cance and therefore represents a major drawback with using 
this tool. 
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6. Angiogenesis Analyzer is another program designed to quan¬ 
tify features with the Matrigel tube formation assay, which is 
written in Fiji [13]. This program is freely available to down¬ 
load and can operate on phase contrast and fluorescence 
images. Firstly, the image is skeletonized (the workflow for 
how this is achieved is not reported) and the resulting network 
is treated as a tree consisting of branches. These branches are 
quantified by the pixel connectivity for each branch, leading to 
the generation of the number of nodes with connectivity and 
number of loops and termini. Artifacts from the skeletoniza¬ 
tion process are ignored by a size-based thresholding of smaller 
branches, which operates well, resulting in only major branches 
being counted. The sensitivity used in the thresholding and 
many other values are also open to modification by the user to 
increase effectiveness across a range of images. Angiogenesis 
Analyzer’s ability to quantify the Matrigel assay with freely 
available plug-ins makes it the strongest tool of the three afore¬ 
mentioned programs. 
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Chapter 10 


In Vitro Coculture Assays of Angiogenesis 

Mark Richards and Harry Mellor 

Abstract 

During angiogenesis, endothelial cells invade into the stromal matrix: a complex, structured array of 
extracellular matrix proteins. This three-dimensional deformable substrate also contains a mixture of 
angiogenic factors as well as embedded stromal cells. Interactions between endothelial cells and the stro¬ 
mal tissue make complex and important contributions to the process of angiogenesis; however, the com¬ 
position of the stromal matrix is hard to replicate in vitro. The coculture angiogenesis assay is a long-term 
assay that uses fibroblasts to secrete and condition a stromal matrix that more closely mimics tissue than a 
simple collagen gel. Like all in vitro assays of angiogenesis, it has both strengths and weaknesses. Here we 
give protocols for the two of the most useful applications of the assay: screening for regulators of angio¬ 
genesis and high-resolution imaging. 

Key words Endothelial cells, Angiogenesis, Coculture, Imaging, fibroblasts, VEGF 


1 Introduction 


The coculture assay of angiogenesis was first described by Bishop 
et al. [1], who developed the assay to screen for both inhibitors 
and activators of angiogenesis. In the original assay, primary human 
umbilical endothelial cells (HUVEC) are mixed with normal 
human dermal fibroblasts (NHDF) in equal ratio and plated on 
fibronectin-coated dishes. Over 14 days, the HUVEC form a net¬ 
work of branching tubules that resemble capillaries in vivo [2]. The 
primary role of the fibroblasts in the assay is to produce a three- 
dimensional matrix that mimics the stromal matrix. Analysis of 
matrix from the assay shows that it is rich in collagen type I and 
also contains fibronectin, tenascin-C, decorin, and versican [1, 3], 
The mature assay is 3-5 cells deep, with endothelial tubes growing 
between layers of fibroblasts and matrix. This is deep enough for 
tube formation, but shallow enough to facilitate imaging. 
Importantly, the fibroblasts remodel the secreted matrix, produc¬ 
ing fibrillar collagen. This matrix is a much closer approximation 
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Fig. 1 Imaging of the coculture assay. The left panel shows the assay stained with NBT and imaged at low 
magnification for guantification. The right panel shows the coculture with ECs pre-labeled with CellTracker 
Green and imaged live at high magnification 


of the in vivo state than simple gels of collagen or Matrigel. On 
maturation, the endothelial cells secrete a basement lamina that is 
rich in laminin and collagen IV [1, 3]. Studies using electron 
microscopy show that the endothelial cells form a patent lumen 
bounded by cell-cell junctions, although, in the absence of flow, 
this is mainly closed [ 1 ]. 

Mavria et al. made an important modification to the original 
assay by plating the endothelial cells directly onto a confluent layer 
of fibroblasts. This shortens the time spent by the endothelial cells 
in the assay significantly, allowing the use of oligonucleotide-based 
siRNA silencing [4]. This greatly facilitates screening for novel 
regulators of angiogenesis, with a high-content image-based read¬ 
out (Fig. 1, [5-7]). The shorter assay does not affect the overall 
outcome, but rather eliminates the early stages of the assay, where 
the two populations of cells segregate and proliferate. The meth¬ 
ods below give our current protocol for the basic assay, together 
with modifications for quantitative screening and high-resolution 
imaging. 


2 Materials 

2.1 Cell Culture 1. Human fibronectin solution: Add 10 pg/mL fibronectin to 

Dulbecco’s phosphate-buffered saline (PBS) without calcium 
and magnesium. 

2. Fibronectin-coated flasks: Add sufficient human fibronectin 
solution to cover the entire surface of the flask and incubate at 
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37 °C for 30 min. Aspirate the fibronectin and allow the flasks 
to dry in a sterile laminar flow hood. 

3. Prepare HUVEC from human umbilical cords using standard 
methods [8], or purchase from a commercial source. Maintain 
HUVEC in endothelial cell growth medium 2, with the rec¬ 
ommended supplements (EGM-2 medium, Lonza) passaging 
them as required when confluent onto fibronectin-coated 
flasks. HUVEC may be used up to passage 5. 

4. Normal human dermal fibroblasts (NHDF) can be obtained from 
various commercial suppliers. NHDF are used up to passage 12. 

5. NHDF medium: Dulbecco’s modified Eagle medium 
(DMEM) containing 10 % fetal calf serum (FCS), 100 U/rnL 
penicillin, 100 pg/mF streptomycin, and 292 pg/mF 
L-glutamine. 

6. HEK-293T cells: HEK-293T can be obtained from ATCC 
and maintained in DMEM containing 10 % FCS, 100 U/rnL 
penicillin, 100 pg/mL streptomycin, and 292 pg/mL 
L-glutamine. 

7. Ham F12/DMEM + 20 % FCS: Ham’s F12 nutrient mixture/ 
DMEM containing 20 % FCS. 

8. Trypsin/ethylenediaminetetraacetic acid (EDTA): standard 
0.05 % trypsin/EDTA solution for passaging cells available 
from many commercial sources. 

2.2 siRNA-Mediated 
Gene Silencing 


2.3 Cell Staining 


BCIP/NBT (5-bromo-4-chloro-3-indolyl phosphate/nitro 
blue tetrazolium; Sigma) to 10 rnL ultrapure water and 0.2 pm 
filter immediately prior to use. 

4. 4 % paraformaldehyde (PFA): Add 4 g PFA to 100 mL of PBS 
and heat in a fume hood while stirring until dissolved. Prepare 
fresh and cool to room temperature prior to use. 

5. 0.2 % Triton X-100: Add 0.2 % (v/v) Triton X-100 to PBS and 
mix. 

6. 0.3 % hydrogen peroxide/methanol: Add 0.3 % (v/v) hydro¬ 
gen peroxide to methanol. Prepare immediately prior to use. 

7. 0.5 % Sodium borohydride solution: Dissolve 0.5 % (w/v) 
sodium borohydride in PBS. Make up fresh prior to use. 


1. GeneFECTOR (Venn Nova, Inc.). 

2. siRNA oligonucleotide duplexes: Dilute siRNA duplexes to a 
concentration of 20 pM in RNAse-free water. 

1. Anti-human PECAM-1 (CD31) primary antibody (e.g., R&D 
Systems, #BBA7). 

2. Alkaline phosphatase-conjugated secondary antibody. 

3. BCIP/NBT substrate solution: Add 1 tablet of SIGMAFAST 
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2.4 Lentiviral 
Transduction 


3 Methods 


3.1 The Streamlined 
Coculture Assay 


8.1% bovine serum albumin (BSA): Dissolve 1 % (w/v) BSA in PBS. 

9. DAPI (4',6-diamidino-2-phenylindole) nuclear counterstain: 
Prepare a stock solution of DAPI (1 mg/mL) in ultrapure 
water protect from light and store at -20 °C. Dilute to 1 pg/ 
mL in PBS or water prior to use. 

1. Lentiviral vector and packing vectors. We use pLVX-Puro 
(Clontech) as it has a useful multicloning site, puromycin 
selection and expresses well in endothelial cells (ECs). For 
packing vectors, we use pMGD2 and p8.91, both of which can 
be obtained through Addgene. 

2. Polyethylenimine (PEI) stock solution. Add 10 mL of PEI 
solution (Sigma, -408,727) (weigh for accuracy) to 10 mol 
sterile ultrapure water and vortex. To neutralize the pH, add 
12 M HC1, 1 mL at a time, and vortex after each addition 
using indicator paper to check the pH. It will take approxi¬ 
mately 12 mL of HC1 in total to reach pH 7.0. Make up the 
solution to a final volume of 41.2 mL with ultrapure water and 
store in aliquots at -70 °C. 

3. Opti-MEM medium (Life Technologies). 

4. Puromycin stock solution: Dissolve 100 pg in 1 mL of ultra- 
pure water. 


1. Day 1: Harvest NHDF using trypsin/EDTA solution. Once 
detached from the flask, dilute in DMEM+10 % FCS. 

2. Count the cells using a hemocytometer and adjust the cell den¬ 
sity to 3 x 10 4 cells/mL with EGM-2 medium. 

3. Seed the cells into either 12-well tissue culture dishes or onto 
glass coverslips, as appropriate. There is no need to coat the 
surface. 

4. Day 4: Replace the medium with fresh EGM-2 medium. 

5. Day 5: The NHDF should now be confluent. Harvest the 
HUVEC by trypsinization and dilute in Ham’s FI2/ 
DMEM + 20 % FCS. 

6. Collect the HUVEC by gentle centrifugation at 700 for 
5 min. Resuspend them in EGM-2 medium at a density of 
3 x 10 4 cells/mL. 

7. Seed the HUVEC onto the confluent fibroblasts at of 3 x 10 4 
cells per well on the 12-well plate. 

8. Refresh the medium with EGM-2 on day 7 and day 9. 

9. The assay is complete on day 11 (see Note 1). 
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3.2 siRNA Gene 
Silencing in the 
Coculture Assay 


3.3 Staining ECs 
in Cocultures 
for the Quantification 
of Angiogenic Activity 


3.4 Preparation 
of Cocultures 
for Immunofluore¬ 
scence Microscopy 


1. Day 1: Prepare and seed the fibroblasts as above (see Subheading 
3.1, items 1-5). 

2. Day 4: Seed HUVEC at 6xl0 1 2 3 4 cells/mL onto fibronectin- 
coated 6-well plates and incubate overnight. 

3. Day 5: Transfect the HUVEC with siRNA oligonucleotide 
duplexes using GeneFECTOR (see Note 2). For transfection 
in a 6-well plate, dilute 3 pL of siRNA oligonucleotide stock 
with 97 pL Opti-MEM in a microfuge tube. Dilute 6 pL of 
GeneFECTOR with 94 pL Opti-MEM in a separate tube. 
Combine the two solutions and incubate for 5 min at room 
temperature. 

4. Wash the HUVEC twice in Opti-MEM and then add 1 mL 
Opti-MEM. 

5. Add the siRNA/lipid mix dropwise while swirling the plate 
gently. 

6. Incubate for 3 h at 37 °C. 

7. Harvest the HUVEC by trypsinization and seed the cells onto 
the NHDF monolayers as described above (see Subheading 
3.1, items 5-7). 

1. Aspirate the medium and fix the coculture using 70 % ethanol 
at -20 °C for 30 min. 

2. Incubate with 0.3 % hydrogen peroxide/methanol for 15 min 
to remove endogenous alkaline phosphatase activity. 

3. Wash three times with PBS and then incubate with anti-CD31 
antibody (0.25 pg/rnL) in 1 % BSA for 1 h at 37 °C. 

4. Wash three times with PBS and then incubate with 0.6 pg/mL 
alkaline phosphatase-conjugated secondary antibody in 1 % 
BSA for 1 h at 37 °C. 

5. Wash six times in water and then add BCIP/NBT substrate 
solution. 

6. Allow the stain to develop for 15-30 min at 37 °C and then 
wash the cells four times with water (prior to air-drying). 

7. Image at low magnification without phase contrast (see Notes 
1, 3-5). 

1. Wash the cocultures three times in PBS and fix in 4 % PFA in 
PBS for 15 min at room temperature. 

2. Wash with PBS and permeabilize in 0.2 % Triton X-100 for 
5 min. 

3. Wash again and incubate with fresh 0.5 % sodium borohydride 
in PBS to reduce auto fluorescence. 

4. Wash three times in PBS and then incubate with an appropriate 
dilution) s) of primary antibodies for 1 h in 1 % BSA. 
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3.5 Lentiviral 
Transduction with GFP 
Constructs for Live 
Cell Imaging 


3.6 Fluorescent 
Cell Dyes 


5. Wash three times in PBS and then incubate in fluorescent 
secondary antibody for 1 h in PBS. 

6. Wash three times in PBS. A short incubation (~5 min) with 
DAPI can be used to counterstain the nuclei if required. Mount 
coverslips and image ( see Note 6). 

1. Subclone your GFP (or similar fluorescent protein)-tagged 
gene of interest into the lentiviral vector using standard 
methods ( see Note 7). 

2. Day 1: Plate 12 x 10 6 HEK-293T cells in a T-150 tissue culture 
flask. The cells should be 80-90 % confluent the next day. 

3. Day 2: Mix 40 pg lentiviral vector, 10 pg pMDG2, and 30 pg 
p8.91 in 5 mL of Opti-MEM. Add 1 pL of PEI stock to 5 mL 
Opti-MEM. Mix the two solutions together and leave for 20 min. 

4. Wash the HEK-293T cells with PBS and then add the transfec¬ 
tion mixture. 

5. Incubate for 4 h in a tissue culture incubator. 

6. Replace the transfection mixture with HEK-293T growth medium. 

7. Day 4: Remove the medium from the cells and filter through a 
0.4 pm syringe filter to remove any cells. This virus-containing 
medium can be aliquoted and frozen at -70 °C or used directly 
to infect cells. 

8. Infect ECs with the lentivirus by replacing the EGM-2 growth 
medium with the equivalent volume of virus-containing HEK- 
293T medium and leave for 24 h. 

9. Replace the medium with fresh EGM-2 growth medium. Or 
repeat the infection process ( see Subheading 3.4, item 5) by 
adding fresh virus-containing HEK-293T medium to increase 
transduction if required. 

10. If required, the transduced ECs can be selected by the addition 
of puromycin to the growth medium. In our experience, good 
selection lentiviral infected HUVEC is achieved with 2-4 pg/ 
mL puromycin. Cell death should be visible within 24 h and 
full selection achieved within 4 days. 

11. GFP expressing ECs are then plated into the coculture assay 
(see Subheading 3.1) and imaged by standard methods. 

As an alternative to the infection of ECs with lentiviruses express¬ 
ing fluorescent proteins, ECs can be labeled using fluorescent dyes 
(e.g., CellTraclcer Green CMFDA; see Fig. 1). ECs are incubated 
with 10 pM CellTraclcer Green CMFDA in EGM-2 growth 
medium for 45 min at 37 °C before replacing with fresh EGM-2 
medium for 30 min at 37 °C. Other CellTraclcer dyes are available 
to allow co-imaging with GFP. ECs are then trypsinized and plated 
into the coculture assay (see Subheading 3.1, items 5-7). 
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4 Notes 


1. Endothelial cells (ECs) in the coculture assay should form a 
network of capillary-like structures (Fig. 1). If the culture con¬ 
tains islands of cells, it is usually a sign that the fibroblasts were 
too old or not plated at a high enough density to ensure a 
confluent monolayer before plating the ECs. 

2. Using siRNAs to transiently silence gene expression can be 
very effective when optimized. However, it is important to 
bear in mind that due to the length of assay, the gene knock¬ 
down in ECs will often not be maintained throughout the 
assay. This is not necessarily important when measuring effects 
on vessel growth, as even if the expression of the knoclted- 
down gene is reestablished, the initial inhibition of EC out¬ 
growth should be reflected in the end result. When measuring 
properties such as cell shape which may change/recover later 
in the assay, the use of stable gene silencing using lentiviral 
shRNAs may be preferable [5]. This can be achieved by follow¬ 
ing the protocol given for lentiviral transduction (see 
Subheading 3.2). 

3. The stained coculture assay can be quantified by measuring the 
length of vessels per unit area. This is more sensible than 
attempting to quantify the length of individual vessels, as 
deciding what an individual vessel is becomes impossible in 
very dense cultures. A hemocytometer grid can be used to cali¬ 
brate the area of the field of view. We use Adobe Photoshop 
and ImageJ [9] to trace and record these lengths. A typical 
density would be 3-6 mm/mm 2 . 

4. The assay also allows for the quantification of other parame¬ 
ters. The most common additional measurement is of the 
number of branches formed per unit length. It is important to 
remember that branches occur both by splitting of an individ¬ 
ual vessel and by connection of two proximal vessels (anasto¬ 
mosis). As cultures become denser, the chances of two vessels 
meeting and forming a branch increases, and so it is important 
to remember that changes in the average length will have a 
causal, nonlinear relationship with branch number. 

5. Other parameters that can be quantified include vessel thick¬ 
ness and the number, length, and position of filopodia. 

6. The culture is deep enough that antibody staining may be 
weaker for ECs further from the surface. If you see a mixture 
of strongly stained and weakly stained vessels, you should 
increase the antibody incubation times to ensure equal labeling 
throughout the culture. 

7. Lentiviral particles are highly infectious and local safety and 
containment rules will apply to their use. You should have a 
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thorough understanding of these procedures and obtain the 
relevant local permission and access to suitable laboratory facil¬ 
ities before commencing work. 
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Chapter 11 


Spheroid-Based In Vitro Angiogenesis Model 

Larissa Pfisterer and Thomas Korff 

Abstract 

In vitro models mimicking capillary sprouting are important tools to investigate the tumor angiogenesis, 
developmental blood vessel formation, and pathophysiological remodeling processes of the capillary sys¬ 
tem in the adult. With this focus, in 1998 Korff et al. introduced endothelial cell (EC) spheroids as a 
three-dimensional in vitro model resembling angiogenic responses and sprouting behavior [1], As such, 
EC spheroids are capable of giving rise to capillary-like sprouts which are relatively close to the physiologi¬ 
cally and genetically programmed arrangement of endothelial cells in vessels. Co-culture spheroids consist¬ 
ing of endothelial cells and smooth muscle cells form a spheroidal core composed of smooth muscle cells 
and an outer monolayer of endothelial cells, similar to the physiological architecture of larger blood vessels. 
In practise, a defined number of endothelial cells are cultured in a round-bottom well plate or in “hanging 
drops” to allow the formation and arrangement of the spheroidal three-dimensional structure. Subsequently, 
they are harvested and embedded in a collagen gel to allow outgrowth of endothelial cell sprouts originat¬ 
ing from each spheroid. To evaluate the pro- or antiangiogenic impact of a cytokine or compound, the 
number and length of sprouts is determined. 

Key words Spheroids, Sprouting, Endothelial cells, Angiogenic stimuli, Angiogenesis, Vascular 


1 Introduction 


Endothelial cell (EC) heterogeneity is a common and known 
obstacle that researchers have to deal with when working with pri¬ 
mary ECs. As with all primary cells, they alter their phenotype dur¬ 
ing cell culture, thereby losing their native quiescent and 
differentiated state [2]. Differentiated ECs express a typical set of 
markers characterizing their organ specificity and specialized func¬ 
tionality which is often altered upon cell culture. For instance, 
brain ECs show diminished tight-junction formation [3] and 
downregulation of CD34 and CD31 expression [4-7] in vitro. To 
allow functional and mechanistic in vitro studies using primary 
ECs, it is crucial to maintain their differentiated and native pheno¬ 
type. Here, the EC spheroid culture model offers the possibility to 
analyze the organotypic differentiation and function in a defined 
experimental setup (Fig. 1). 
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Fig. 1 The CD31-specific fluorescence (green) confirms the endothelial identity of the cobblestone-like cells 
located on the surface of the SMC core of SMC/EC co-culture spheroids (scale bar: 200 pm) 

Korff et at. [1] characterized not only the spheroid formation 
process but also potential problems in this system. Interestingly, 
EC spheroids spontaneously organize in suspension culture and 
form a superficial monolayer surrounding the spheroidal core. ECs 
located within the core are not differentiated and undergo apopto¬ 
sis. The surface monolayer, however, consists of differentiated ECs 
expressing a typical and characteristic subset of antigens, such as 
CD31, resembling the physiological arrangement of EC in the vas¬ 
cular system, and can be induced to re-express CD34 (Fig. 2). 

As such, the spheroid culture model lends itself to a plethora of 
experimental approaches: (a) The analysis of the angiogenic poten¬ 
tial and responses of vascular ECs, mimicking capillary sprouting 
upon transfer to a collagen gel [8]. (b) Based on this experimental 
setup, EC tip and stalk cell formation may be evaluated [9-11]. (c) 
The transfer of human EC spheroids into a complex organism as has 
been developed by Laib et al. [12]. Implantation of human EC 
spheroids into immunocompromised mice leads to fusion of the 
spheroid-based human capillary network with the host vasculature 
which is perfused and fully functional within 20 days. Using this 
approach, it is possible to evaluate sprouting of genetically manipu¬ 
lated or stimulated human ECs in vivo, (d) In addition to capillary 
network formation based solely on ECs, it is also possible to study 
interactions of EC and vascular smooth muscle cells (SMC) in co- 
culture spheroids [13]. Upon generating EC/SMC-co-culture 
spheroids composed of equal numbers of these cells, the ECs form a 
monolayer at the surface of the spheroid and the SMCs assemble in 
a multilayer core surrounded by ECs following their genetically pro¬ 
grammed behavior and architecture of an inverted vessel wall. Under 
these conditions, ECs and SMCs maintain their differentiated 
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Fig. 2 (a), Cultivation of EC spheroids in collagen type-1 gels allows the analysis and documentation of tip cell 
formation (a, arrow, scale bar: 200 pm), (b and c) Cross sections of EC/SMC-co-culture spheroids reveals that 
that CD31 -positive ECs are partially distributed in the spheroid center (b, red fluorescence) or below the sur¬ 
face (c, green fluorescence, Red staining: Evans Blue) during their formation 


phenotype and do not proliferate and the ECs form more inter- 
endothelial junctions than on the surface of EC spheroids. The pres¬ 
ence of SMCs appears to stabilize the quiescent phenotype of the 
EC monolayer. This is suggested by the stimulation of EC/SMC- 
spheroids with vascular endothelial growth factor (VEGF), a potent 
proangiogenic cytokine. While VEGF evokes sprouting of EC 
spheroids, it fails to do so in EC/SMC spheroids unless angiopoi- 
etin-2 (Ang-2) has been administered simultaneously. Ang-2 is 
known to have a destabilizing effect on the EC-SMC contacts 
thereby stimulating the VEGF responsiveness of ECs [14]. 
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Aside from VEGF [15], fibroblast growth factor (FGF)-2 [16, 
17] and platelet derived growth factor (PDGF) [18, 19] are also 
potent inducers of embryonic and adult angiogenesis. Stimulation 
of hemangioblastic cell lines with FGF-2 also stimulates the expres¬ 
sion and abundance of flkl (a.k.a. KDR, VEGF-R2) a high-affinity 
VEGF receptor. Consequently, simultaneous stimulation with 
VEGF and FGF-2 evokes potentiated proangiogenic effects. In 
line with this, VEGF treatment alone stimulates EC-derived tip¬ 
cell-rich sprout and tube formation, but does not lead to recruit¬ 
ment of mural cells or support the establishment of perfused 
microvessels. FGF-2 on the other hand facilitates endothelial 
sprouting, and stimulates the acquisition of mural cells and leads to 
lumen formation and finally to perfused microvessels [20]. 

Another way to analyze sprouting of EC spheroids is based on 
the use of Matrigel® as has been shown by Laib et al. [12] and 
Alajati et al. [20]. Matrigel® is a heterogeneous mixture of matrix 
proteins localized in the basal membrane such as collagen type IV, 
laminin, and heparan sulfate and is produced by the Engelbreth 
Holm Swarm (EHS) mouse sarcoma cell line. Matrigel® has a resil¬ 
ient structure, and is resistant to digestion by endogenous 
enzymes—an advantage for transplantation into the mouse. In 
contrast, the induction of EC spheroid sprouting usually takes lon¬ 
ger and Matrigel® naturally contains a cocktail of cytokines which 
may affect pro- and antiangiogenic responses, or when transplanted 
can provoke immune responses. As an alternative, Matrigel® can be 
mixed with fibrin to optimize the hydrogel for outgrowth of capil¬ 
lary-like structures in vivo [21-23]. 

Furthermore, EC spheroid sprouting is also supported by pure 
fibrin or collagen type-I matrices. The method described in this 
chapter utilizes hydrogels based on the polymerization of collagen 
type-I extracted from rat tails. 


2 Materials 


All solutions should be prepared with sterile ultrapure water to 
ensure the absence of confounding factors, such as lipopolysaccha- 
rides (LPS). Store all reagents at 4 °C, unless indicated otherwise. 

1. Prepare ECs front a suitable tissue, e.g., HUVEC front human 
umbilical cords using standard methods, or purchase front a 
commercial source (e.g., ProntoCell, Lonza). 

2. EC growth medium: An appropriate growth medium for the 
type of endothelial cells used. Endothelial cell basal medium 
supplemented with the recommended fetal bovine serum 
(FBS) and growth medium supplements (e.g.. Promocell). 

3. 50 ntL conical tubes. 
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2.1 Methylcellulose 
Solution 


2.2 Collagen Type-1 
Solution 


4. Non-adhesive 96-well round-bottom well plates. 

5. Hank’s balanced salt solution without calcium and magnesium 
(HBSS-/-). 

6. lx Trypsin/EDTA solution. 

7. lOx M199 medium. 

8. Heat-inactivated FBS. 

9. 0.2 % NaOH solution: Add an appropriate amount of NaOH 
to ultrapure water and filter (0.22 pm pore size) sterilize. 

10. 24-well TC plates. 

11. Cell counting chamber, e.g., Neubauer improved 
hemocytometer. 

12. 4 % (w/v) Paraformaldehyde. 

1. Autoclave 6 g of methylcellulose in a 500 mL bottle contain¬ 
ing a magnetic stirrer and a 250 mL bottle containing a mag¬ 
netic stirrer. 

2. Add 250 mL of basal EC growth medium without supple¬ 
ments to the autoclaved 250 mL bottle and heat to 60 °C 
while stirring (see Note 1). 

3. Transfer the warm medium to the autoclaved bottle containing 
methylcellulose and stir on a magnetic stirrer for 20 min at 
60 °C (see Note 2). 

4. Add the remaining 250 ml of EC growth medium. It is recom¬ 
mended to avoid adding any supplements or FBS to the meth¬ 
ylcellulose stock solution. In case any stimuli need to be 
administered, these should be resuspended at the doubled 
concentration in EC growth medium and added at this step to 
avoid overheating. Stir the viscous solution overnigt at 4 C 
(see Note 3). 

5. Aliquot the methylcellulose solution into sterile 50 mL conical 
tubes and centrifuge for 2 h at 5000 xjj at room temperature 
(see Note 4). 

1. Prepare the following reagents and supplies: 70 % ethanol, 
0.1 % acetic acid (resuspend acetic acid in ultrapure water and 
filter sterilize using a 0.22 pm pore size), an autoclaved 250 mL 
bottle, sterile cup or dish with a lid, a sterile scalpel, sterile for¬ 
ceps (1 course and 2 fine), sterile 50 mL centrifugation tubes. 
Rat tails can be stored at -20 °C prior to use. 

2. Thaw 2-3 rat tails in 70 % (v/v) ethanol at room temperature 
for 20 min. 

3. Working on a clean bench, straighten and twist the tails to 
loosen and soften the tissue and squeeze out any blood which 
may be left in the blood vessels. 
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4. Using a scalpel, cut the skin between the collagen fibers along 
the tail and pull the skin towards the tip either by using fingers 
or the serrated forceps. Any remaining blood vessels at the cau¬ 
dal vertebra and the connective tissue between ligaments 
should be removed carefully using fine forceps. 

5. Cut the tendons between the most cranial vertebra and discard 
the vertebra. To isolate the tendons, break every second 
vertebra by pulling back and forth starting at the most caudal 
tip of the tail. Disconnect the loosened part from the rest and 
carefully extract the tendons. Cut the tendons at the vertebra 
(see Note 5) and collect the collagen fibers in the sterile dish 
(see Note 6). A total amount of 1.25 g of collagen fibres should 
be covered with 70 % ethanol and incubated for 30 minutes at 
room temperature.. Spread the tendons on a sterile surface (see 
Note 7) and allow to dry for 30 min in a laminar air flow hood. 

6. Separate the individual collagen tendons using the fine forceps 
(see Note 8). Add 250 mL of sterile 0.1 % acetic acid and incu¬ 
bate for 48 h at 4 °C, inverting the mixture every 12 h (do not 
shake). To remove the insoluble matrix and tissue centrifuge 
for 1 h at 14,000 xjj at 4 °C. Carefully transfer the supernatant 
to sterile 50 mL conical bottom tubes without disturbing the 
sediment (see Note 9). The final collagen solution will have an 
approximate concentration of 2 mg/mL. 


3 Methods 


Carry out all steps at room temperature and under sterile condi¬ 
tions unless indicated otherwise. 


3.1 Generation of EC 
Spheroids 


1. Culture ECs (see Fig. 3) in a T75 flask to approximately 80 % 
confluence. 

2. Remove the culture medium and wash the ECs with HBSS _/ ~ 
to remove FBS. 

3. Incubate the cells with approximately 2 mL of lx Trypsin/ 
EDTA at 37 °C, 5 % C0 2 for 1-2 min. Monitor the detach¬ 
ment of the ECs under a phase contrast microscope and knock 
the flask to aid detachment. 

4. Once the cells have detached add 10 mL of EC growth medium 
immediately to inhibit the enzymatic activity. Break up any 
clumps of cells by pipetting and centrifuge for 5 min at 800 xjf. 

5. Resuspend the cell pellet in 10 mL EC growth medium. Add 
500 ECs to each well of a round-bottom 96-well plate 

(see Note 10). 

6. We routinely prepare four 96-well plates to ensure an adequate 
number of spheroids for experiments (see Note 11). 
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Fig. 3 Confluent EC monolayer on cell culture plastic (scale bar: 200 pm) 


7. Resuspend 200,000 ceUs/mLin 32 mL of EC growth medium 
and then add 8 mL of methylcellulose solution (see 
Subheading 2.1) in a 50 mL tube (see Note 12) taking care to 
avoid introducing air bubbles and add 100 pL per well using a 
multichannel pipette (see Fig. 4) and incubate for 24 h at 37 °C 
and 5 % C0 2 . 


3.2 EC Spheroid- 
Based 3D 

Angiogenesis Assay 


1. After controlling the spheroidal shape of the cell aggregates 
(tee Fig. 5 and Note 13), harvest all spheroids and collect them 
in a 50 mL conical bottom tube (tee Note 14). The spheroids 
are visible as small “cell balls” floating in the medium. 

2. Centrifuge for 5 min at 1000 and aspirate the supernatant 
with a vacuum pump taking care not to remove the spheroids 
at the bottom of the tube (see Note 15). 

3. Prepare 20 % (v/v) FBS-methylcellulose (teeNotes 16 and 17) 
and resuspend spheroids in 4.5 ml of the FBS-Methylcellulose 
(tee Note 16) solution (tee Note 17). 

4. Prepare the collagen gels by mixing 4.5 mL of collagen solu¬ 
tion (see Subheading 2.2) and 0.5 mL of lOx M199 medium 
and mix gently ensuring the equal distribution by monitoring 
the yellow-orange color of the pH indicator in the M199 
medium. 

5. To initiate the polymerization of the collagen, carefully titrate 
it with 0.2 % sodium hydroxide until a neutral pH is reached 
(around 250-400 pL in total, see Note 18). To ensure an opti¬ 
mal pH, add 0.2 % sodium hydroxide slowly mixing thoroughly 
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Fig. 4 ECs suspended in methylcellulose solution and distributed in a non¬ 
adhesive round-bottom-shaped 96-well plate (scale bar: 200 pm) 



Fig. 5 EC spheroid after cultivating for 24 h in FBS-methylcellulose. The cell aggre¬ 
gate forms a compact structure with a well-defined edge (scale bar: 200 pm) 

each time and place the solution on ice until the pH indicator 
(in Ml99) turns a reddish color. 

6. Add 4.5 mL of the neutralized collagen-M199 mix to the 
spheroids resuspended in 4.5 mL FBS-methylcellulose 
(see Note 19). Mix immediately to achieve an even distribution 
of the spheroids. Avoid introducing air bubbles and ensure 
that mixing takes no longer than 20-30 s. 
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3.3 Analysis 
of Sprout Formation 


4 Notes 


7. Transfer the spheroid suspension to a 24-well plate immedi¬ 
ately using a 10 mL pipette. Add 1 mL per well to the eight 
center wells. Approximately 0.9 mL per well will be transferred 
to the wells due to the viscosity of the mixture. Fill the empty 
wells with 0.5 mL of HBSS _/_ to avoid evaporation. 

8. Place the plate in the incubator immediately and incubate for 
30 min at 37 °C and 5 % C0 2 to allow polymerization. Add 
100 pL mL of EC growth medium containing the stimuli of 
interest at lOx concentration on the top of the gel and incu¬ 
bate for another 24-48 h at 37 °C and 5 % C0 2 . Sprout forma¬ 
tion can be monitored under phase contrast microscopy. 

9. Optional step-. Prior to analysis fix the spheroids in 4 % parafor¬ 
maldehyde. After fixation, spheroid sprouting can be analyzed 
immediately or stored at 4 °C. 

To evaluate angiogenic sprouting, analyze the sprouts originating 
from the spheroids by phase contrast microscopy. Parameters of 
interests are the number of sprouts originating and their mean and 
cumulative length (determined as the length from the spheroid 
core to the sprouting tip). Take images from 5 to 10 spheroids 
chosen at random (do not include those located near air bubbles, 
close to other spheroids, or on the bottom or at the edges of the 
well as these locations may influence the number, length, and ori¬ 
entation of spheroidal sprouts). Image J software may be utilized 
to determine the aforementioned parameters. 


1. Do not increase the temperature above 60 °C; otherwise com¬ 
ponents of the medium will precipitate. Stop heating as soon as 
the required temperature is reached. 

2. Ensure that the methylcellulose solution is mixed thoroughly. 

3. The final solution has a viscous consistency which is why a con¬ 
tinuous stirring using a magnetic stirrer is important. 

4. Use a centrifuge with a rotor allowing a 90° angle to fully sedi¬ 
ment the debris at the bottom tip and avoid its aspiration when 
removing the supernatant. Fragments of undissolved methyl- 
cellulose will impede the proper formation of spheroids once 
the cells are resuspended. 

5. The extracted collagen fibers should be abscised 1 cm distance 
to the cranial vertebra. Both the loosened caudal vertebra and 
the remaining 1 cm fibers should be discarded. 

6. The weight of the dish/vessel should be measured in advance 
and noted to allow for a precise determination of the weight of 
the tendons. The vessel should not be too flat and it should be 
possible to close it tightly. 
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7. Cut a small disposal bag open on two sides and unfold it on the 
bench to provide a clean surface. 

8. To ensure an optimal homogenous collagen solution during 
the following steps, the tendons should be adequately sepa¬ 
rated: fix one end with both forceps and slide along the fiber 
with the one while holding the collagen with the other, repeat 
if necessary. By doing so, the dry and rigid collagen separates 
to thin fibers. 

9. The pellet contains the remaining undissolved tissue pieces, 
which should not be transferred into the collecting tube. For 
that reason ~5 mL of the supernatant should be left behind. 

10. For generation of co-culture spheroids consisting of ECs and 
SMCs, use 500 cells of each type. 

11. The total volumes given are calculated for four 96-well plates. 
It is also possible to work with two 96-well plates and adapt 
the volume of methylcellulose and collagen accordingly. Using 
larger volumes offers easier handling and higher quality of gels. 

12. The methylcellulose stock solution is too viscous to use a 
pipette to accurately measure the correct volume. For that rea¬ 
son, add methylcellulose until the meniscus reaches the 20 mL 
mark. 

13. The medium should be clear and sterile and the spheroids 
themselves should have clear edges. 

14. To avoid mechanical disruption of the spheroids during the 
harvesting process, cut 1-2 mm of a 1 mL pipette tip with ster¬ 
ilized scissors (use 70 % ethanol). 

15. Sedimented spheroids do not appear as a clear cell pellet and 
may only be visible after suspension. Moreover the spheroids 
may easily be aspirated. 

16. Due to the issue described in Note 11, add 20 % FBS first fol¬ 
lowed by methylcellulose solution when preparing the mixture 
prior to use. 

17. When FBS is in the tip of the tube, it is easier to resuspend the 
mix equally, instead of first adding methylcellulose. 

18. The amount of 0.2 % sodium hydroxide solution needed to 
neutralize the collagen solution may be determined in advance. 
It is crucial to place the M199/collagen solution and the 0.2 % 
sodium hydroxide solution on ice during the neutralization 
step. 

19. Thorough mixing of the solutions is key critical for generating 
homogenous collagen gels. When mixing the solutions use a 
10 mL pipette to give an even distribution of the spheroids by 
performing circular motions of the pipette tip while pipetting 
up and down. 
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Stem Cell Spheroid-Based Sprout Assay in Three- 
Dimensional Fibrin Scaffold: A Novel In Vitro Model 
for the Study of Angiogenesis 

Fatemeh Sharifpanah and Heinrich Sauer 

Abstract 

Angiogenesis is a complex process of critical importance during development and in physiological and 
pathophysiological conditions. There is considerable research interest in studying the angiogenesis cascade 
and consequently a need for a physiologically valid, quantitative, and cost-effective assay. In this chapter, 
we describe the stem cell spheroid-based sprout assay in three-dimensional fibrin scaffold which allows fast 
and easy screening of pro- and anti-angiogenic effects of substances with a high degree of reproducibility. 

Key words Sprout assay, Embryonic stem cells, In vitro model. Angiogenesis, Three-dimensional 
culture, Fibrin scaffold 


1 Introduction 


Angiogenesis refers to the development of new vessels from preex¬ 
isting vessels [1] and is regulated by various pro- and anti- 
angiogenic factors. This complicated biological multi-step process 
is characterized by a complex cascade of events, during which qui¬ 
escent endothelial cells become activated to degrade their sur¬ 
rounding extracellular matrix, directionally migrate toward the 
angiogenic stimulus, proliferate, and organize into new three- 
dimensional (3D) capillary networks [2-4]. Angiogenesis is a com¬ 
plex process which occurs during normal development and also 
under physiological and pathophysiological conditions. In normal 
physiological conditions, angiogenesis has a pivotal role in embryo- 
genesis [5], the female reproductive cycle [6], wound healing [7], 
and bone formation [8]. Furthermore, angiogenesis is a key fea¬ 
ture for pharmaceutical intervention in a number of diseases. In 
many pathological conditions such as tumor development [9-10], 
infantile hemangioma [11], rheumatoid arthritis [12, 13], various 
retinopathies [14], and psoriasis [15], angiogenesis is excessive. 
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and the aim of pharmaceutical intervention is to prevent this pro¬ 
cess. On the contrary, in wound healing [7] and some diseases such 
as coronary artery disease [16], the aim is to encourage angiogen¬ 
esis. Since angiogenesis plays a pivotal role in a wide range of dis¬ 
eases, many research groups worldwide are focused on studying 
the molecular mechanisms by which the angiogenesis process can 
be either stimulated or inhibited. 

One of the main considerations in angiogenesis research is the 
choice of an appropriate assay to evaluate the efficacy of new medi¬ 
cations and to identify potential targets within the angiogenesis 
process. In accordance with the multi-step process of angiogenesis, 
it is essential to choose an assay which can mimic all these steps to 
investigate properties of new drugs for inhibiting or stimulating 
angiogenesis. There are several methods currently available both 
in vitro and in vivo, and while all of these methods have enhanced 
our understanding of angiogenesis and the underlying mechanisms, 
they also have limitations. Numerous in vivo models for studying 
angiogenesis have been already developed such as the Matrigel 
plug, sponge implantation, corneal pocket [17], and chick chorio¬ 
allantoic membrane (CAM) assays and the dorsal air sac model [2] 
with their own strengths and weaknesses [18-21]. Moreover, dif¬ 
ferent in vitro models are also developed to study the process of 
angiogenesis including two different assay groups: (a) Endothelial 
cell-based assays [20, 22] such as the scratch wound, zymogen, 
Boyden chamber, tube formation, RAIN-Droplet assay [23], 
matrix invasion, and the microbead sprout assays; (b) Stem cell and 
organ culture-based assays such as the embryoid body (EB), mouse 
metatarsal, rat aortic ring, and the chick aortic arch assays [20, 21, 
24]. With the exception of in vivo assays which can be more techni¬ 
cally demanding to perform, only the endothelial cell-based micro¬ 
bead sprout assay plus all stem cell and organ culture-based assays 
provide the chance to assess all different steps of angiogenesis. 

Embryonic stem (ES) cells have the capacity to self-renewal 
and differentiate into different types of cells [25]. For this reason, 
they are an interesting and suitable model for basic and clinical 
research in various fields such as developmental biology, cancer 
biology, infection biology, pharmacology, etc. Using this model 
gives an opportunity to investigate the biochemical process of dif¬ 
ferentiation/remodeling upon different conditions in more detail 
which is important for designing new drugs and also testing their 
toxicity effects. Mouse ES cells are maintained in an undifferenti¬ 
ated state using leukemia inhibitory factor (LIF) in the culture 
medium [26, 27]. In the absence of LIF, the ES cells are cultivated 
in a bioreactor spinner flask to form EBs and then differentiate into 
cell types of all three germ layers [27]. ES cells in form of EBs are 
used very commonly to investigate the angiogenesis process [28, 
29]. For this propose, they are cultivated in suspension and/or on 
gelatin-coated tissue culture plates and fixed after distinct days to 
be stained against endothelial markers to assess properties of drug 
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candidate on the angiogenesis process. Since two-dimensional cul¬ 
ture does not cover all the steps of the angiogenesis process, it is 
essential to cultivate EBs in three-dimensional culture for mimick¬ 
ing the in vivo conditions of angiogenesis and investigating the 
complete angiogenesis function upon drug candidate treatment. 

The special property of ES cells to differentiate toward various 
cell types is a major advantage of this assay [25, 27] since the for¬ 
mation of functional blood vessels requires the interaction of dif¬ 
ferent cell types. Pericytes, smooth muscle cells, and leukocytes all 
play an important role during the angiogenesis/vasculogenesis 
process [30-33]. The close proximity of different cell types such as 
smooth muscle cells, leukocytes, and endothelial cells in the ES cell 
spheroids allows their interaction and more closely approximates 
the in vivo environment during the angiogenesis process. Therefore, 
the stem cell spheroid-based sprout assay allows the process of 
angiogenesis to be studied under the influence of a heterogeneous 
micro-milieu that mimics in vivo conditions. In this chapter, we 
describe the stem cell spheroid-based sprout assay in three-dimen¬ 
sional culture on fibrin scaffolds. This powerful technique is easily 
manageable, quantitative, and highly reproducible and can be used 
in various fields of angiogenesis research. 


2 Materials 

Prepare all media and solutions under sterile conditions in a class II 
cabinet. Store all reagents at +4 °C unless indicated otherwise. A 
humidified incubator at +37 °C, 5 % C0 2 is required with a stirring 
platform capable of 16 rotations per minute (e.g., Integra 
Biosciences CELLSPIN). 

2.1 Cell Culture Mouse fibroblast cells are used as a feeder layer for the ES cells and 

undifferentiated mouse ES cells. 

1. Feeder culture medium: Supplement 500 mL of Dulbecco’s 
Modified Eagle Medium (DMEM) with 10 % heat-inactivated 
(see Note 1) fetal calf serum (FCS), 5 mL of lOOx nonessential 
amino acids (NEAA), 2 mM L-glutamine, 50 U/rnL penicil¬ 
lin and 50 pg/mL streptomycin. 

2. Mitomycin C solution: Dissolve 2 mg of mitomycin C powder 
in 4 mL of autoclaved double-distilled water and sterilize by 
passing through a sterile 0.22 pm filter. Aliquot and store at 
-20 °C (see Note 2). Dilute mitomycin C solution to 10 pg/ 
mL in feeder culture medium immediately prior to use. 

3. LIF culture medium: Supplement 500 mL of Iscove’s Modified 
Dulbecco’s Medium (IMDM) with 15 % heat-inactivated FCS 
(see Note 1), 100 pM p-mercaptoethanol (see Note 3), 5 mL 
NEAA, 2 mM L-glutamine, 10 mM sodium pyruvate, and 1000 
U/rnL ESGRO® LIF solution (see Note 4). 
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2.2 Sprout Assay 


2.3 Fixation 
and Staining 


4. Differentiation culture medium: Supplement IMDM (500 mL) 
with 15 % heat-inactivated FCS (see Note 1), 100 pM 
p-mercaptoethanol (see Note 3), 5 mL NEAA, 2 rnM 
L-glutamine, 10 mM sodium pyruvate, 50 U/mL penicil¬ 
lin and 50 pg/mL streptomycin. 

5. 0.05% Trypsin/EDTA solution 

6. Dulbecco’s phosphate-buffered saline (PBS) without Ca 2+ and 
Mg 2+ . Sterilize by autoclaving for 15 min at +121 °C or passing 
through a sterile 0.22 pm filter. 

7. PBS containing 0.9 mM calcium chloride and 0.5 mM magne¬ 
sium chloride. Sterilize by autoclaving for 15 min at +121 °C or 
passing through a sterile 0.22 pm filter. 

1. Collagenase solution: Dissolve 2 mg/mL collagenase B in pre¬ 
warmed PBS (without Ca 2+ and Mg 2+ ). 

2. Methylcellulose solution: Add 250 mL pre-warmed (+37 °C) 
IMDM basal medium to 6 g of autoclaved methyl cellulose 
and place on a stirrer at +60 °C for 20 min. Then add a further 
250 mL of pre-warmed IMDM basal medium and stir for 1 h at 
room temperature. Subsequently, stir overnight at +4 °C to fur¬ 
ther dissolve the methylcellulose (see Note 5). Dispense the 
solution into 50 mL culture tubes and centrifuge at 4000 xj? for 
2 h at room temperature. Linally, transfer aliquots of the super¬ 
natant to sterile 50 mL tubes and store at +4 °C. 

3. Librinogen: Dissolve fibrinogen in pre-warmed PBS (without 
Ca 2+ and Mg 2+ ) to give a stock concentration of 5 mg/mL (see 
Note 6). Aliquot and store at -80 °C (see Note 7). 

4. Aprotinin: Dissolve aprotinin in sterile PBS (without Ca 2+ and 
Mg 2+ ) or 0.9 % saline solution (see Note 6) to give a stock solu¬ 
tion of 10,000 KIU U/mL. Aliquot and store at +4 °C. 

5. Thrombin: Dissolve thrombin (from bovine plasma) in sterile 
PBS (without Ca 2+ and Mg 2+ ) to get stock of 390 NIH U/mL 
(see Note 6). Aliquot and store at -80 °C. 

6. Sprouting culture medium: Use Opti-MEM® medium or basal 
growth medium without any additives, except for the substances 
to be studied (see Note 8). 

7. Calcein AM stock solution: Dissolve 50 pg of calcein AM in 
20 pL of dimethyl sulfoxide (DMSO) to give a 2.5 mM stock 
solution. Store at -20 °C. 

1.4% Paraformaldehyde (PFA): Dissolve 4 g PFA powder in 100 
mL sterile lx PBS without Ca 2+ and Mg 2+ in a chemical fume 
hood. Aliqout and freeze at -20 °C for long-term storage. 

2. Immunostaining buffer: 0.01 % Triton X-100 in calcium and 
magnesium-free PBS at pH 7.4. 
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3 Methods 


3.1 Cultivation 
and Maintenance 
of ES Cells 


3.2 EB Preparation 


All the steps of this procedure should be performed in a class II 

biological safety cabinet with the exception of the steps under 

Subheading 3.5 and 3.6. 

1. Thaw one vial of mouse fibroblasts, wash in feeder culture 
medium, and centrifuge at 400 xjj for 5 min. 

2. Resuspend the cells in feeder culture medium (see Subheading 
2.1, item 1) and seed them in 60 mm tissue culture plates in a 
total of 5 mL of medium and allow the cells to grow to subcon¬ 
fluence in a humidified incubator (+37 °C, 5 % C0 2 ). 

3. Inactivate the subconfluent fibroblasts by incubating them in 
feeder culture medium with freshly added mitomycin C (10 pg/ 
mL) ( see Subheading 2.1, item 2) for 3 h (+37 °C, 5 % C0 2 ). 

4. Wash the cells three times with pre-warmed feeder culture 
medium and maintain them in a humidified incubator (+37 °C, 
5 % C0 2 ). 

5. Thaw one vial of undifferentiated mouse ES cells, wash in LIF 
culture medium (see Subheading 2.1, item 3), and centrifuge at 
400 xjy for 5 min. 

6. Seed the ES cells on the inactivated fibroblast plate containing 5 
mL of LIF culture medium. 

7. Every day, exchange medium on the undifferentiated mouse ES 
cells plate with fresh pre-warmed LIF culture medium and pas¬ 
sage them onto newly inactivated fibroblast plates when the 
mouse ES cell colonies on inactivated fibroblast cells reach a 
size of 214 ± 55 pm. 

1. Harvest confluent undifferentiated mouse ES cells with tryp- 
sin/EDTA solution at +37 °C for 2 min. 

2. Transfer the cells into a sterile 50 mL tube containing 25 mL of 
pre-warmed differentiation culture medium. 

3. Pellet the cells at 400 xjj for 5 min. 

4. Day 0: Transfer 1 x 10 1 2 3 4 5 6 7 cells into the siliconized spinner flask bio¬ 
reactor with 125 mL differentiation culture medium (see Note 9) 
and maintain in a humidified incubator (+37 °C, 5 % C0 2 ) on a 
stirring platform with speed of 16 rotations per minute. 

5. Day 1 : Add 125 mL of fresh pre-warmed differentiation culture 
medium to the flask to a final volume of 250 mL. 

6. On each successive day, replace 125 mL with fresh differentia¬ 
tion culture medium until day 4 of differentiation. 

7. Day 4\ Transfer the EBs from the spinner flask into a 100 x 20 mm 
bacteriological plate with 15 mL of differentiation culture 
medium and place it on a shaker in the humidified incubator 
(+37 °C, 5 % C0 2 ). 
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3.3 Spheroid 

Preparation 

with Methylcellulose 


with 25 mL pre-warmed PBS containing 0.9 mM Ca 2+ and 0.5 
mM Mg 2+ (see Note 10). 

4. Pellet the cells at 400 xjj for 5 min. 

5. Discard the supernatant and resuspend the cell pellet in 1 mL of 
20 % (v/v) methylcellulose (see Subheading 2.2, item 2) in dif¬ 
ferentiation culture medium and determine the cell number. 

6. Dilute the cell suspension in a volume of 20 % methylcellulose 
in differentiation culture medium to give -1000 cells per 40 pL 
(see Note 11). 

7. Gently mix the cell suspension and dispense 40 pL of this cell 
suspension using a multichannel pipette into the lid of 
100x20 mm bacteriological culture plates to make hanging 
drops. 

8. Incubate the plates in the humidified incubator at +37 °C in an 
atmosphere of 5 % C0 2 for 24 h. 

9. After 24 h incubation, collect the spheroids front each drop 
with wide-ended pipette and wash them once with pre-warmed 
lx PBS containing 0.9 ntM Ca 2+ and 0.5 ntM Mg 2+ and main¬ 
tain them in the humidified incubator (+37 °C, 5 % C0 2 ). 
Spheroids should be used for the sprout assay on the day of 
collection (tee Note 10). 


1. Wash the 4-day-old EBs twice with pre-warmed PBS without 
Ca 2+ and Mg 2+ . 

2. Incubate the EBs with 2 mg/mL collagenase B solution for 
5 min at +37 °C. 

3. Transfer the dissociated cells into a sterile 50 mL culture tube 


3.4 Embedding 
Spheroids in Fibrin 
Scaffold 


1. Prepare the embedding mixture by mixing 750 pL of fibrino¬ 
gen stock solution (5 mg/mL) and 21 pL aprotinin stock solu¬ 
tions (10,000 KIU U/mL) and make up to 1 mL with lx PBS 
containing Ca 2+ and Mg 2+ (see Note 10). Final working concen¬ 
tration of fibrinogen and aprotinin will be 1.8 mg/mL and 200 
KIU U/mL, respectively. 

2. Gently mix the embedding mixture and add 250 pL of this mix¬ 
ture into each well of a 24-well plate. 

3. Add 50 pL of spheroid suspension containing 8-10 spheroids 
into each well with a wide-ended pipette and mix them thor¬ 
oughly with embedding mixture. 

4. Dilute the thrombin stock solution 1:20 in PBS containing Ca 2+ 
and Mg 2+ and mix well (see Note 10). 

5. Add 10 pL of diluted thrombin to each well and immediately 
mix to ensure that the spheroids are evenly distributed in the 
well. Final working concentration of thrombin will be 0.65 
NIH U/mL. 
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6. Incubate the plates in the humidified incubator (+37 °C, 5 % 
C0 2 ) for 30 min to complete polymerization and formation of 
the fibrin scaffold. 

7. After complete polymerization, add 400 pL sprouting culture 
medium (see Subheading 2.2, item 6) to equilibrate the scaffold 
for 1 h at +37 °C with 5 % C0 2 . 

8. Remove the sprouting culture medium and add 600 pL fresh pre¬ 
warmed sprouting culture medium containing growth factors, 
stimulants, substances, etc. as required. Incubate the plates for 
another 24^8 h in the humidified incubator (+37 °C, 5 % C0 2 ) 
to allow the formation of sprouts in the fibrin scaffold (see Fig. 1 ). 

9. The sprouts can then be quantified without cell staining using a 
phase contrast microscope with an ocular micrometer and/or a 
digital imaging system in combination with an appropriate soft¬ 
ware analysis tool. The test substances may affect the number of 
sprouts and/or the average sprout length. 

1. After 24^18 h incubation in fibrin scaffold, vessels sprout from 
spheroids into the three-dimensional fibrin scaffold (see Fig. 1). 
'fake transmission images from the sprouts of at least ten ran¬ 
domly selected spheroids per test condition using a phase contrast 
microscope (lOx objective) equipped with an ocular micrometer. 

2. The images can be analyzed using a suitable program such as 
MetaMorph® image analysis software. This allows an area of 
interest to be drawn around the outgrowths, and the sprouts 


3.5 Quantification 
of Sprouts in the Fibrin 
Scaffold 


r 


"\ 


Cultivation of undifferentiated 
ES cells on inactivated 
fibroblast cells 



Cultivation of ES cells 
in spinner flask containing 
differentiation culture medium 



Sprouting into Opti-MEM basal medium Seeding the spheroids Spheroid formation 

3D fibrin scaflold with test substances in fibrin scaffold in 20% methyl cellulose 



Fig-1 Schematic diagram of the stepwise stem cell spheroid-based sprout assay in three-dimensional fibrin 
scaffold 



























186 


Fatemeh Sharifpanah and Heinrich Sauer 


3.6 Fixation 
and Staining 
of the Endothelial 
Cells 


are then highlighted by the software to allow the selection of 
light sprout areas against a dark background. 

3. The number of sprouts and the average and cumulative sprout 
length for each treatment are then compared to the untreated 
control. 

4. Sprouts may also be stained with a live cell marker such as cal- 
cein AM (see Note 12). Remove the medium with test sub¬ 
stances very carefully and add calcein AM working solution 8 
pg/ml. (see Subheading 2.2, item 7) in Opti-MEM® medium 
and incubate for 30 min in the humidified incubator (+37 °C, 5 
% C0 2 ). After 30 min incubation, remove the calcein AM work¬ 
ing solution and wash the wells twice very carefully with pre¬ 
warmed Opti-MEM® medium (see Note 8). The plate is now 
ready for image acquisition using a confocal laser scanning 
microscope or a conventional fluorescence microscope. The 
excitation and emission wavelengths of calcein AM are 495 and 
516 nm, respectively. We recommend recording images from 
the sprouts of at least ten randomly selected spheroids per each 
test condition. Process and analyze the acquired images using 
either the MetaMorph® image analysis software or equivalent 
software (rrrFig. 2). 

The sprouts can be preserved for later analysis. 

1. Remove the medium carefully and add 1 mL of +4 °C cold 4 % 
PFA to each well and incubate them at +4 °C for 30 min. 

2. Remove the 4 % PFA, wash once with calcium and magnesium- 
free PBS, and store them in PBS at +4 °C for up to 3-4 days (see 

Note 13). 

3. For staining, block the fixed sprouts with 10 % heat-inactivated 
FCS in immunostaining buffer (see Subheading 2.3, item 2) for 
1 h at room temperature. 

4. Carefully wash twice (see Note 13) with immunostaining buffer. 
Stain the sprout samples with primary antibodies against endo¬ 
thelial cell markers, e.g., platelet endothelial cell adhesion mol¬ 
ecule (PECAM-1) and/or vascular endothelial cadherin 
(VE-cadherin) at +4 °C overnight. 

5. Wash three times with immunostaining buffer for 10 min. 
Incubate with suitable fluorescence-conjugated secondary anti¬ 
bodies diluted in immunostaining buffer for 1 h in the dark at 
room temperature. 

6. Wash three times with immunostaining buffer, 10 min each 
time. Store the plate with calcium and magnesium-free PBS in 
the dark at +4 °C for no more than 2 days prior to imaging. 

7. Image the sprouts using a confocal laser scanning microscope or 
a conventional inverted fluorescence microscope. 
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Fig. 2 Representative images of spheroid sprouts in the three-dimensional fibrin scaffold after 24 h of cultiva¬ 
tion. The upper panel shows transmission images of the sprouts upon three different conditions: (a) unstimu¬ 
lated control, (b) stimulated with the pro-angiogenic substance VEGF (10 ng/mL), (c) incubated with the 
anti-angiogenic VEGFR2 inhibitor, SU5614 (1 pM). The middle panel shows fluorescent images of the sprouts 
after calcein AM staining. The lower panel represents the analyzed fluorescent images using MetaMorph® 
image analysis software. The bars on the images represent 200 pm 


4 Notes 


1. Gently mix FCS after thawing at +4 °C overnight. For inactiva¬ 
tion of complement in FCS, incubate for 30 min at +56 °C in 
a water bath. Afterwards, FCS is immediately cooled on ice. 

2. The mitomycin C solution is only stable for 2 weeks at +4 °C 
and should be aliquoted and stored at -20 °C for the long 
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term. The final working concentration is 10 (.ig/mL of mito¬ 
mycin C in feeder culture medium and should be freshly pre¬ 
pared before use. 

3. p-mercaptoethanol should only be handled in a chemical fume 
hood. Always wear gloves. Prepare a 10 mM stock solution in 
PBS without Ca 2+ and Mg 2+ and sterilize by passing through a 
sterile 0.22 pm filter. This can be stored at +4 °C for a maxi¬ 
mum of 1 week. 

4. The ESGRO® TIF stock solution should be thawed overnight 
at +4 °C. Afterwards, gently mix, aliquot, and store at -20 °C. 

5. Sometimes the methylcellulose does not dissolve completely. 
Therefore, it should be centrifuged, and only clear supernatant 
should be stored at +4 °C for further use. 

6. We find that the use of PBS (without Ca 2+ and Mg 2+ ) gives the 
best results for this step, but the fibrinogen solution can also 
be made using 0.9 % saline solution. To prepare 0.9 % saline 
solution, 0.9 g NaCl should be dissolved in 100 rnL double- 
distilled water and sterilized by autoclaving for 15 min at 
+121 °C or passing through a sterile 0.22 pm filter. 

7. Do not store the dissolved fibrinogen at +4 °C because it will 
precipitate. The fibrinogen solution should always be stored 
at -80 °C. 

8. We have observed the best results using Opti-MEM® medium 
without phenol red indicator. 

9. Using the siliconized spinner flask bioreactor for EB prepara¬ 
tion as a high-throughput technique is a fast and cost-effective 
method to prepare large numbers of EBs of uniform size as 
described in detail earlier by Wartenberg et al. [27]. 

10. It is absolutely essential to use lx PBS containing 0.9 mM Ca 2+ 
and 0.5 mM Mg 2+ during this step of the protocol. 

11. Using 1000 cells per drop for spheroid preparation is of critical 
importance for the technique as it gives the best results in the 
sprouting assay. Increasing the number of cells per drop leads 
to greater sprout density which complicates analysis. 

12. The calcein AM working solution should be freshly prepared 
before use. It is critical that the final working concentration 
of calcein AM in Opti-MEM® medium is not greater than 
8 pg/mL. 

13. All washes, fixation, and staining steps are performed in the 
well and require careful pipetting and aspiration. If the samples 
are not treated gently, the sprouts may detach and be lost from 
the fibrin scaffold. 
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Chapter 13 


Human Arterial Ring Angiogenesis Assay 

Giorgio Seano and Luca Primo 

Abstract 

In this chapter we describe a model of human angiogenesis where artery explants from umbilical cords are 
embedded in gel matrices and subsequently produce capillary-like structures. The human arterial ring 
(hAR) assay is an innovative system that enables three-dimensional (3D) and live studies of human angio¬ 
genesis. This ex vivo model has the advantage of recapitulating several steps of angiogenesis, including 
endothelial sprouting, migration, and differentiation into capillaries. Furthermore, it can be exploited for 
(1) identification of new genes regulating sprouting angiogenesis, (2) screening for pro- or anti-angio- 
genic drugs, (3) identification of biomarkers to monitor the efficacy of anti-angiogenic regimens, and (4) 
dynamic analysis of tumor microenvironmental effects on vessel formation. 

Key words Human explants, Sprouting angiogenesis, 3D cell culture. Umbilical artery, Drug discov¬ 
ery, Lentiviral transduction, Tumor microenvironment, VEGF 


1 Introduction 


The intrinsic complexity of vessel sprouting limits the efficacy of 
cellular in vitro assays in elucidating molecular, cellular, and phar¬ 
macologic mechanisms [1 ]. A functional solution to bridge the gap 
between cultured endothelial cells (EC) and in vivo animal models 
is the use of ex vivo assays, in which explants of vascular tissues are 
embedded in extracellular matrix gels and produce new vascular 
sprouts that differentiate in capillary-like structures [2-6]. In this 
chapter we describe a reproducible system for investigating the 
angiogenic cascade by controlling experimental variables and pre¬ 
cisely quantifying angiogenic outgrowth. In the human angiogen¬ 
esis model human umbilical artery rings are embedded in basement 
membrane extract (BME), producing capillary-lilce structures, 
which recapitulate different steps of angiogenesis, including EC 
sprouting, migration, and differentiation into capillaries. In con¬ 
trast to similar ex vivo assays [2-4, 7], the vessel outgrowth of the 
human arterial ring (hAR) assay is completely dependent on the 
addition of angiogenic factors in the culture medium [8]. The hAR 
assay offers the possibility for dynamic monitoring of the 
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angiogenic process [8]. The system can be potentially used for the 
development of a human model for the screening of anti-angiogenic 
drugs, preventing failures caused by a lack of interspecies cross¬ 
reactivity [9]. This assay is relatively cheap, using biological mate¬ 
rial that would otherwise be discarded, and it requires fewer 
resources than in vivo assays in mice or other small animal models. 
However, this method has the advantage over many in vitro cell 
systems that it takes into account that blood vessels are a 3D net¬ 
work composed by endothelial cells and associated stromal cells 
[8]. Moreover, some modifications of the original assay open other 
interesting fields of research otherwise inaccessible to ex vivo mod¬ 
els. Human arterial rings cultured with tumor spheroids give rise 
to massively branched structures, which mimic tortuous, abnormal 
tumor vessels that are more resistant to anti-angiogenic drugs [8]. 
Finally, the ease of genetic modification of hAR avoids the difficul¬ 
ties that scientists have encountered when knocking out genes that 
are required during the embryonic or adult life of the animal [9]. 
Here, we describe the preparation of explants from umbilical cords 
and their culture, along with all the modifications we have per¬ 
formed and validated and the analyses we implemented to dynami¬ 
cally investigate human sprouting angiogenesis in a 3D context (see 
Fig. la and see ref [8]). 


2 Materials 

2.1 Materials 
and Equipment 


1. Umbilical cords obtained front healthy deliveries (see Note 1). 
These can be stored in sterile plastic bags at 4 °C (see Note 2). 

2. A piece of polystyrene approximately 15x15 cm covered with 
aluminum foil and cleaned with 70 % ethanol. 

3. Scalpel (#23 for arteries and #24 for umbilical cords), 0.2 mm 
forceps (extra or super fine points), dissecting scissors. 

4. Stereomicroscope. 

5. Sterile 48-well, 60-ntm, and 30-ntm culture dishes. 

6. Sterile 200 pL and 1 rnL pipette tips. 

7. Basement membrane extract (BME), e.g., Matrigel (BD 
Biosciences). Aliquot and store at -20 °C. A maximum of 200 
pL per hAR is required. 

8. Dulbecco’s phosphate-buffered saline (PBS), pH 7.4. 

9. Endothelial Growth Medium (EGM)-2 (Clonetics) containing 
all the recommended supplements. 

10. Endothelial Basal Medium (EBM)-2: endothelial cell basal 
medium (EBM)-2 containing 5 % fetal bovine serum (FBS), 
GA-1000 (gentamicin, amphotericin B) and heparin with the 
addition of user-specified growth factors. 



a b 



human umbilical cord 



explanting 




cutting 



cleaning 



Fig. 1 (a) Schematic representation of hAR assay protocol, (b) Representation the umbilical cord anatomy in 
transverse section, (c) Stereomicroscope images of a cut margin of a human umbilical cord; lumen of one of 
the two arteries, arrow. The lumen of the artery is marked with an arrow and the edges of the artery delimi¬ 
tated by black line, (d) Explanted segment of artery from human umbilical cord, (e) Removal of peri-arterial 
fibro-adipose tissue and transverse cutting of explanted artery. Scale bar = 2 mm (for movies showing the 
dissection of the artery from the umbilical cord and preparation of the arterial rings, see supplementary movies 
of reference [8]). This research was originally published in Blood [8] ® the American Society of Hematology 












































194 Giorgio Seano and Luca Primo 


2.2 Stable Lentiviral- 
Mediated hAR 
Transduction 


2.3 Whole-Mount 
Live or 

Immunofluorescence 

Imaging 


2.4 Human Tumor 
Angiogenesis Assay 


2.5 Imaging/ 
Quantification 
of Angiogenic 
Dynamics 

2.6 Sprouted Cell 
Extraction 


1. HEK-293T, SV40-transformed human embryonic kidney 
(ATCC® CRL-11268), and HeLa (ATCC® CCL-2) cell lines 
were obtained from the American Type Culture Collection 
(ATCC) and maintained as frozen stocks. 

2. Growth medium: Dulbecco’s Modified Eagle Medium 
(DMEM) supplemented with 10 % FBS, 2 mM L-glutamine, 
and antibiotics. 

3. Polybrene stock solution: Dissolve polybrene in PBS at a con¬ 
centration of 8 pg/pL 1 day before use and filter sterilize. 

4. Lentiviral vectors carrying short hairpin RNA (shRNA) sequences 
against specific genes or scrambled sequences (used as control) 
from the RNAi Consortium library or similar resource. 

5. Packaging (pCMVdR8.74) and envelope (pMD2.G-VSVG) 
DNA plasmids. 

6. Ultracentrifuge for viral concentration. 

1. Glass-bottom dishes (e.g., WillCo wells). 

2. Zinc fixative: 0.1 M Tris-HCl (pH 7.4), 3 mM calcium ace¬ 
tate, 27 mM zinc acetate, and 37 mM zinc chloride. 

3. Cell permeabilizing solution: 0.2 % (v/v) Triton-XlOO in PBS. 

4. Antibody diluent: PBS containing 2.5 % (v/v) normal serum 
from the species in which the primary antibody was raised. 

5. DAPI nuclear counterstain stock solution: Dissolve 1 mg/mL 
4',6-diamidin-2-fenilindolo (DAPI) in PBS. 

6. Inverted fluorescence or confocal/multiphoton laser-scanning 
microscope. 

1. LNCaP prostate adenocarcinoma cell line obtained from 
ATCC (ATCC® CRL-1440) and maintained as frozen stocks. 

2. RPMI-1640 medium: Roswell Park Memorial Institute 
(RPMI)-1640 supplemented with 10 % FBS, 2 mM L-gluta¬ 
mine and antibiotics. 

3. Non-adherent, round-bottomed, 96-well plates. 

4. Methylcellulose medium: DMEM containing 1 % (w/v) meth- 
ylcellulose plus 10 % FBS. 

1. Inverted bright-held microscope equipped with CCD camera. 

2. Image Pro Plus (Media Cybernetics) and WinRhizo Pro 
(Regent Instruments Inc.) or ImageJ (NIH). 

1. BD Cell Recovery Solution (BD Biosciences). 

2. 15 rnL tubes. 

3. Centrifuge. 


Human Arterial Ring Assay 


195 


2.7 Cytometric 
Analysis 

and Fluorescence- 
Activated Cell Sorting 


2.8 RNA Extraction 


3 Methods 


3.1 Preparation 
of Human Arterial 
Rings 


3.2 Dissection 
and Removal 
of Fibro- 
adipose Tissue 


1. Bovine Serum Albumin (BSA) solution; 1 % (w/v) BSA 
in PBS. 

2. Cell fixative: 2 % (w/v) paraformaldehyde (PFA) in PBS, pH 7.4; 
heat on a stirrer at ~60 °C. This solution should be prepared 
when you are ready to fix or stored at 4 °C for up to 1 month. 
Formaldehyde is toxic and solutions should be prepared with 
care in a fume hood. 

3. Flow cytometer and/or cell sorter. 

1. TRIzol (Invitrogen) BD Cell Recovery Solution (Becton 
Dickinson). 


An overview of the steps for the preparation of umbilical arteries, 
the explant culture, and the liAR assay is shown in Fig. la [8], All 
procedures should be carried out working under sterile conditions 
in a class II biological cabinet. 

1. Obtain umbilical cords following normal obstetric procedures 
(see Notes 1 and 2). 

2. Working under sterile conditions, remove clamps and cut away 
the end of cords directly exposed to air. 

3. Wash twice with PBS by removing blood coagula. 

4. Using dissecting scissors, cut the umbilical cords in 3-4 cm- 
long pieces and fix with needles on the foil covered piece of 
polystyrene, stretching the border of the cord to allow you to 
see both arteries and the vein (see Fig. lb). 

5. Using a scalpel, accurately cut the umbilical cord around one 
of the two arteries and progressively stretch the border of the 
cord using needles (see Note 3). 

6. When it is possible to take one extremity of the artery by using 
micro-forceps, utilize the scalpel to dissect the artery from the 
fibrous tissue around it (see Fig. lc). 

7. When you dissect 1-2 cm of artery from the cord, cut it and 
place it in PBS (see Note 4) and proceed with the preparation 
of artery from other segments of cord. 

1. Place the artery in a new, clean 60-mm dish and add 200-300 
pL of PBS to avoid drying out (see Note 5). 

2. Using a stereomicroscope and two micro-forceps, clean the 
fibro-adipose tissue from around the arteries. Hold one end of 
the artery with one set of forceps and clamp the external layer 
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3.3 Cutting 
Arterial Rings 


3.4 Culture 
Conditions, 

Experimental Controls, 
and Sample Size 


3.5 Preparation 

of B ME Gels 

and Embedding of hAR 


3.6 Variations 
on the Standard 
Technique 


using the other forceps by pulling away from it (Fig. Id, see 
Notes 4 and 6). 

3. Add PBS and proceed with the other arteries (see Note 7). 

1. Place the artery in a new 30-mm plate without PBS. 

2. Cut the arteries transversely into 1-2 mm-long arterial rings 
(ARs) using the #23 scalpel (Fig. le) (see Notes 4 and 8). 

3. Add sterile EBM-2 and place in a humidified incubator. 

In our hands and with our experimental settings, the minimum sam¬ 
ple size to be able to detect a difference of 50 % in sprouting length 
is 6 hAR per experimental point (confidence level of 0.05 and statis¬ 
tical power of 0.80). Ideal positive controls are hAR cultured in 
fresh EGM-2 where a rich cocktail of angiogenic growth factors is 
present. Ideal negative controls are hAR cultured in fresh EBM-2 
plus 5 % FBS and heparin. The negative control hAR remain viable 
in culture for long periods, but no sprouting is ever detected. 

1. Thaw BME on ice or overnight at 4 °C. At no time should 
BME be warmed to room temperature during handling. 

2. Dilute BME gel with EBM-2 to obtain the final concentration 
of 8 mg/mL. 

3. Cool 200 pL and 1 mL pipette tips in a -20 °C freezer. 

4. Working under sterile conditions and on ice, pipette BME 
using pre-cooled tips and place (see Note 9). 

5. Add 100 pL of BME to coat the bottom of 48-well culture 
dishes, on ice and using pre-cooled pipettes, and allow to gel 
in a humidified incubator to avoid dehydration (see Note 10). 

6. Place hAR on 48-well culture dishes pre-coated with BME and 
seal them in position with an overlay of 100 pL of BME. Allow 
to gel in a humidified incubator to avoid dehydration (see 
Subheading 4, see Note 11). 

7. Cover hAR cultures with 500 pL of EBM-2 plus 5 % FBS and 
heparin with addition of specific growth factors or EGM-2, 
with or without chemical inhibitors (Fig. 2c and see Note 12). 

8. Change medium every 2-3 days (see Note 13). 

9. Carefully remove medium by pipetting, do not use vacuum- 
driven aspirator. 

10. Cover hAR cultures with fresh medium (see Note 14). 

The use of this standard technique, or variations of it, allows the 
dynamic analysis of angiogenic growth (Fig. 2a), 3D vascular 
architecture (Fig. 2b), potential anti-angiogenic inhibitors (Fig. 
2c), the role of specific genes (Fig. 3a, b), and the recapitulation of 
the tumor microenvironment (Fig. 3c). 
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Time (days) 


b 



c 
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Fig. 2 (a) Time course of the angiogenic outgrowth of endothelial sprouts (normalized to day 16) from hARs 
cultured with complete medium (EGM-2). (b) 3D isosurface rendering of hAR sprouting of whole-mount immu¬ 
nofluorescence staining for VE-cadherin (red) and nuclei (blue) acquired through confocal microscopy. Tick 
marks on axis = 50 fim. (c) hARs treated with anti-angiogenic drugs. Quantification of the angiogenic out¬ 
growth from hARs after 15 days of culture in EGM-2. The effect of various concentrations of Sunitinib or Avastin 
(VEGFRs RTKi or anti-VEGF monoclonal antibody, respectively) on angiogenic sprouting. This research was 
originally published in Blood [8] ®the American Society of Hematology 


3.7 Stable Lentiviral- Produce lentiviral particles by calcium phosphate-mediated 
Mediated AR transfection of the vector plasmid together with packaging and 

Transduction envelope plasmids in HEK-293T cells. 

1. 24 and 48 h post-transfection, harvest the HEK-293T medium, 
pass through a 0.22 pm filter, and concentrate (19,000 xjj for 
2 h at 20 °C). 

2. Freeze aliquots of concentrated and purified virus diluted in 
PBS. 

3. Evaluate the multiplicity of infection (MOI) by infecting HeLa 
cells. 
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Fig. 3 (a) Cytofluorimetric analysis of VEGFR2 expression in hAR-sprouted cells 
extracted from BME. hARs transduced with lentiviruses carrying VEGFR2-targeted 
shRNA (shVEGFR2_87 and shVEGFR2_88) and scrambled shRNA control (shSCRL) 
or not infected (notINF). Values shown are mean±SD, normalized to the mean of 
shSCRL hARs (*P<0.05 vs. shSCRL hARs; **P<0.01). (b) Quantification of sprout¬ 
ing angiogenesis in hARs transduced with lentiviruses after 15 days of culture in 
EGM-2 (*P< 0.05 vs. shSCRL mARs). (c) Representative image of hARs co-cultured 
with three-dimensional spheroidal aggregates of LnCap cells (STC) for 30 days in 
basal medium (EBM-2 plus 10 % FBS). Inset, higher magnification of the same 
photomicrograph. Scale bar: 400 /rm. This research was originally published in 
Blood [8] ®the American Society of Hematology 


4. Prepare hAR as described above (see Subheading 3.1). 

5. Incubate hAR for 48 h in 100 pL of EGM-2 plus 1 pi. of 
Polybrene stock solution (8 pg/pL) and 2-3 x 10 4 5 6 purified and 

concentrated virions (Fig. 3a, b). 
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3.8 Whole-Mount 
Live and/or 
Immunofluorescence 
(IF) Imaging 


1. Prepare hAR as described above (see Subheading 3.1). 

2. Optional step —Transduce hAR with lentiviruses carrying green 
fluorescent protein (GFP) or GFP-tagged protein (see 
Subheading 3.1). 

3. Place glass-bottom dish on ice. 

4. Place a 20 pF drop of BME on glass-bottom dishes and put in 
one hAR before BME is gelled (see Subheading 3.5). 

5. Cover hAR cultures with EBM-2 plus 5 % FBS, antibiotics, 
and heparin with addition of specific growth factors or EGM- 
2, with or without chemical inhibitors. 

6. Optional step —For five imaging, image hAR every 2-3 days 
with a fluorescent microscope. 

7. Fix hAR with zinc fixative overnight and equilibrate them in 
PBS. 

8. Permeabilize hAR with 0.2 % Triton-XlOO in PBS for 2 h. 

9. Saturate with 10 % normal serum for 2 h. 

10. Incubate with primary antibodies diluted in PBS containing 
2.5 % donkey serum and overnight at 4 °C in a humidified 
chamber. 

11. Wash hAR with PBS three times for 10 min. 

12. Incubate them for 1 h at room temperature with secondary 
antibodies. 

13. Wash hAR with PBS three times for 10 min. 

14. Stain nuclei with a 1/1000 dilution of DAPI nuclear counter¬ 
stain stock solution in PBS for 10 min. 

15. Observe hAR using an inverted fluorescence or confocal/mul- 
tiphoton laser-scanning microscope (Fig. 2b). 


3.9 Tumor Human 
Angiogenesis Assay 


1. Culture FNCaP cells in RPMI-1640 medium. 

2. The day before gel embedding, induce formation of autono¬ 
mous 3D spheroidal aggregates of cells (STC) by seeding 
6xl0 4 FNCaP cells into non-adherent, round-bottomed, 
96-well plates overnight at 37 °C in methylcellulose medium. 

3. Prepare hAR as described above (see Subheading 3.1). 

4. The following day, gently wash 2 FNCaP STC once in PBS 
and twice in methylcellulose-free DMEM medium (see Notes 
11 and 15). 

5. Embed STC with 20 pL BME in the proximity of hAR. 

6. Seal in place with an overlay of 50 pF BME and allow to gel in 
a humidified incubator to avoid dehydration (see Note 11). 

7. Cover with 500 pF of 10 % FBS EBM-2 or complete 
EGM-2. 
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3.10 Imaging/ 
Quantification 
of Angiogenic 
Dynamics 


8. Change the medium every 2-3 days. EBM-2 or EGM-2 
medium may be used depending on the aim of the assay: 
EBM-2 medium allows a solely tumor-driven stimulation 
(Fig. 3c), while culture in EGM-2 medium is faster but less 
specific (see Note 13). 

9. It is also possible to perform this human tumor angiogenesis 
assay for whole-mount live or IF imaging (see Subheading 3.8). 

1. Image tubular structures with an inverted bright-held micro¬ 
scope and photograph them every 2-3 days (1024 x 1024, 4x, 
or 5x magnification; see Note 16). 

2. To quantify capillary-lilce structures, process bright-held pho¬ 
tomicrographs using Image Pro Plus, as shown in Fig. 4. 

3. Process images with the Kernel well 7x7 (strength: 7 pixels) 
hlter. It makes binary-like modifications of the images without 
the requirement for user-defined threshold selection. 

4. Select capillary-like structures using WinRhizo Pro image anal¬ 
ysis software to recognize elongated particles (see Note 14). 

5. Quantify angiogenic sprouting as total sprout length (sum of 
every sprout from each hAR), normalized with the positive 
control (Fig. 2c). 

6. It is also possible to quantify the branching index of the 
capillary-like structures. For branching analysis, count all 
branching points manually and divide them by the WinRhizo- 
quantihed sprout length. 


Original Brightfield image 


Kernel7x7 graphical filter 


Analyzed by WinRhizo 



Fig. 4 Computer-assisted image analysis strategy for quantification of angiogenic outgrowth. Bright-field 
photomicrographs (4x magnification) of hAR outgrowth are digitally modified with 7x7 Kernel graphical filter 
and finally processed and quantified with threshold and noise removal methods through WinRhizo software. 
This research was originally published in Blood [8] ®the American Society of Hematology 
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3.11 Extraction 
of Sprouted Cells 


3.12 Cytometric 
Analysis 

and Fluorescence- 
Activated Cell Sorting 


3.13 RNA Extraction 


4 Notes 


1. Remove the medium and wash three times with cold PBS. 

2. Add 1 mL of BD Cell Recovery Solution per well and after 10 
min, pool into a 15 mL tube by adding 2 mL BD Cell Recovery 
Solution. 

3. After 1 h on ice, centrifuge the cells to a pellet at the bottom 
of the tube for 5 min at 4 °C. 

4. Wash cell pellet by gentle resuspension in cold PBS and pellet 
the cells by centrifugation at 4 °C. 

1. Optional Step Permeabilize sprouted cells with cell permeabi- 
lizing solution. 

2. Incubate with primary antibody or control IgG for 30 min. 

3. After three washes with PBS containing 1 % BSA, incubate 
cells with secondary antibody for 30 min. 

4. After final washes with PBS, fix cells with cell fixative. Acquire 
using cytometer or sort them by cell sorter (Fig. 3a). 

Extract RNA from (sorted or unsorted) sprouted cells using 
TRIzol (Invitrogen) according to the manufacturer’s instructions. 


1. Umbilical cords must be obtained under the appropriate local 
ethical approval in compliance with national laws and policies 
governing the use of human tissue. 

2. Umbilical cords can be preserved at 4 °C for several days after 
collection. However, a reduction in sprouting efficiency (~40 
%) was observed when arteries were processed from umbilical 
cords more than 2 days after clamping. 

3. Umbilical cord arteries are highly tortuous. If you are not care¬ 
ful in following the path of the artery with the scalpel, you may 
inadvertently cut the artery. 

4. A high level of operator skill is required for explanting, dissect¬ 
ing, and cleaning the arteries. Skilled operators can produce 
rings from around six arteries in 2-3 h. 

5. If you use too much PBS, the artery will float and may make 
any further microprocedure more complicated. 

6. Take care to remove all fibro-adipose tissue from arteries as we 
observed that failure removing periarterial fibro-adipose tissue 
results in a lack of EC outgrowth. 

7. Arteries can remain at room temperature in PBS for maxi¬ 
mum 1 h. 
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8. To be sure to have efficiently cut the segment, make sure that 
the whole length of the scalpel blade is pressing on the plastic 
of the dish and then displace the liARs from their positions. 
Arteries cannot be left dry for more than 5 min without affect¬ 
ing their viability. 

9. Bubbles may form when BME is pipetted. Try to minimize 
bubble formation as it may cause problems with the setting of 
the BME gels. Also, allowing the tubes to stand on ice for an 
additional 10 min will reduce the presence of bubbles. 

10. Variation in color of BME is normal and will not affect efficacy. 
These differences will disappear upon equilibration with 5 % 
C0 2 in the incubator. 

11. Sometimes, a drop of medium can be transported with the 
hAR when placing on the BME. Take care to blot the hAR by 
placing hAR on a dry sterile plastic well to prevent the transfer 
of medium which may dilute the BME immediately around 
hAR. 

12. Take care to add the medium down the side of the tissue cul¬ 
ture well and not directly on the gel. 

13. Maintenance of EBM-2 at pH 7.4 is of utmost importance for 
optimal growth. 

14. Image analysis can also be performed using ImageJ (NIH) or 
MATLAB (Mathworks), but this requires the in-house design 
of segmentation algorithms. 

15. STC are very delicate. To avoid the dismanding of formed 
aggregates, very carefully pipette on the border of the well and 
avoid aspirating STC. If necessary, use a stereomicroscope to 
pipette as close as possible. 

16. For optimal contrast and depth of field, reduce the aperture as 
far as possible. 
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Chapter 14 


A Modified Aortic Ring Assay to Assess Angiogenic 
Potential In Vitro 

Nina Zippel, Yindi Ding, and Ingrid Fleming 

Abstract 

Angiogenesis, an integral part of many physiological and pathological processes, is a tightly regulated mul¬ 
tistep process. Angiogenesis assays are used to clarify the molecular mechanisms and screen for pharmaco¬ 
logical inhibitors. However, most in vitro angiogenesis models measure only one aspect of this process, 
whereas in vivo assays are complex and difficult to interpret. The ex vivo aortic ring model allows the study 
of many key features of angiogenesis, such as endothelial activation, branching, and remodeling as well as 
later steps such as pericyte acquisition. This model can be modified to include genetic manipulation and 
can be used to assess the pro- or anti-angiogenic effects of compounds in a relatively controlled system. 

Key words Angiogenesis, Endothelium, Mouse aorta, Organ culture, Pericyte recruitment, Sprouting 


1 Introduction 


Angiogenesis, the sprouting of new blood vessels from pre-existing 
ones, is an essential process of normal development, tissue remod¬ 
eling, wound healing, as well as the reproductive cycle and pregnancy. 
At the same time, angiogenesis is an integral part of pathologi¬ 
cal processes, such as tumor growth and metastasis, proliferative 
diabetic retinopathy, rheumatoid arthritis, and psoriasis [1]. 
Angiogenesis is a complex event comprised of several distinct steps, 
including endothelial activation, basement membrane disruption, 
and invasion of the extracellular matrix by endothelial sprouts 
which develop from the parent vessel followed by their elongation, 
branching, and structural remodeling [2]. These processes are 
tightly regulated by a fine equilibrium of pro- and anti- angiogenic 
modulators, such as vascular endothelial growth factor (VEGF), 
angiopoietins, basic fibroblast growth factor (bFGF), and others 
[2-4]. However, the interplay between these regulatory factors at 
different stages of the angiogenic process is not completely under¬ 
stood. The importance of angiogenesis in pathology has led to a 
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general interest in clarifying the cellular and molecular mechanisms 
that are required for the formation of new blood vessels in order to 
identify novel therapeutic targets. Currently, a number of in vitro 
and in vivo angiogenesis assays are in general use, each with their 
own advantages and limitations [5,6]. 

Well-established in vivo assays of angiogenesis [7] are the chick 
embryo chorioallantoic membrane assay (CAM assay) [8, 9], tumor 
cell injection and implantation [10, 11], the matrix plug assay [12], 
as well as retina angiogenesis [13, 14] and the ischemic hindlimb 
[15, 16]. In vivo assays simulate the natural, sequential process of 
angiogenesis and have the benefit of potentially involving all of the 
relevant cell types and growth factors. However, despite their rele¬ 
vance, in vivo assays are extremely complex and time consuming 
and thus not suitable for high throughput analysis, can be difficult 
to interpret, and results are often confounded by inflammatory 
responses that have a direct impact on angiogenesis. 

While it is clear that in vivo studies cannot be completely 
avoided, it is important that the most be made of available in vitro 
studies that closely mimic the in vivo situation. Thus, while com¬ 
plete replacement may not be possible, angiogenesis assays that can 
assess responses in native endothelial cells can certainly help to 
reduce and refine in vivo studies. 

Several in vitro angiogenesis assays are used widely to investi¬ 
gate and quantify angiogenesis [17, 18]. Perhaps the most fre- 
quendy used are the endothelial tube (or cord) formation assay, 
network formation by fibroblast and endothelial co-cultures, or 
3D endothelial spheroid sprouting assays [19-22]. However, these 
cell-based assays are limited by the fact that they require the isola¬ 
tion and culture of the cells of interest and are only able to mimic 
selective phases of angiogenesis. These models also exclude impor¬ 
tant contributions front supporting cells such as pericytes as well as 
the processes involved in sprouting from the parent vessel, invasion 
and maturation, as well as later remodeling steps. 

It follows, therefore, that more biologically relevant informa¬ 
tion can be obtained by using native endothelial cells, i.e., avoiding 
the dedifferentiating culture step and organ culture models such as 
the aortic ring assay. The assay was originally described for the rat 
aorta by Nicosia and Ottinetti [23] and bridges the gap between 
in vitro and in vivo methods and is equally applicable to other spe¬ 
cies [24, 25], including the mouse [26, 27]. This means that it is 
also useful for the study of a broad spectrum of genetically modi¬ 
fied mouse lines [16, 28, 29]. 

As the name suggests, this model involves the embedding of 
aortic rings in an extracellular matrix (usually fibrin or collagen 
gels) and culture in a defined medium. Over a short period of 
time, i.e., 6-7 days (Fig. 1), hollow capillaries sprout spontane¬ 
ously front the cut surfaces of the aortic sections, which are 
thought to be initiated by the wound of the dissection procedure. 
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Dissection of the aortic rings 
See Notes 1,2 and 5-16 


Day 0 


• Dissection of the aorta 

ca. 20 min per animal 


• Cleaning the aorta from 



fibro-adipose tissue 



• Removal of blood 


f 

• Cutting the aorta to rings 


Embedding in Type I collagen or fibrin gels 
See Notes 17-22 


ca. 15 min per animal 


• Preparation of the gel 

• Embedding the rings 

• Gel polymerization 


Feeding and culture of aortic rings 
See Notes 3,4 and 23-27 


Day 0-7 

ca. 10 min/animal every 72h 


' t 


• Growth factors 

• Drugs 

• Neutralizing antibodies 

• etc. 


Staining 
See Notes 28-31 


Day 7-10 

ca. 15-90 min per day 


Imaging and quantification 
See Notes 32,33 

Day 10 

ca. 60 min per animal 


• Confocal microscopy 

• Counting sprout numbers 

• Measuring sprout length 

• Counting pericyte coverage 

• etc. 


• Formalin fixation 

• Immunofluorescence 
staining 


Fig. 1 Flow diagram showing the different steps of the aortic ring assay. The timing is indicated on the left with 
the main stages highlighted in solid boxes and single steps in gray boxes 
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The capillary-like tubes formed are made up of endothelial cells as 
well as supporting cells involved in vessel maturation, such as peri¬ 
cytes. Endothelial sprouts grow out from the aortic sections over 
a time course comparable to that seen in vivo [30, 31] in an expo¬ 
nential growth phase that can result in a relatively complex net¬ 
work before being followed by a regression phase. 

Tins sensitive assay allows assessment of the cellular and molec¬ 
ular steps in angiogenesis as well as the identification, characteriza¬ 
tion, or screening of novel angiogenic modulators [32], such as 
cytokines, peptides [11, 33], anti-angiogenic compounds [34], 
and neutralizing antibodies. It is important to realize that the vast 
majority of cells that grow out of the aortic ring are of adventitial 
origin, i.e., fibroblasts. This means that any conclusions about 
angiogenesis can only be made after the endothelial cells and/or 
pericytes have been visualized. 


2 Materials 

2.1 Preparation 
of Aortic Rings 


2.2 Collagen Gel 


1. Rats or mice of appropriate age, sex, and genetic background 
(see Note 1). 

2. Microdissection scissors and forceps: bone scissors, a pair of 
skin forceps, a pair of straight fine forceps (i.e., Dumont #5), 
and iris scissors (Vannas spring scissors with a blade size of 
3 mm for mice, or 4 mm for rat aortae). 

3. Dulbecco’s modified Eagle’s medium/Ham’s F12 nutrient mix 
(DMEM/F12) containing 100 U/mL penicillin/100 pg/mL 
streptomycin (see Note 2). 

4. Scalpel. 

5. Culture dishes (10 cm). 

6. Syringe (1 mL). 

7. Needles (27-G and 30-G). 

8. Dissecting microscope. 

9. A culture dish half filled with polymerized silicone (SYLGARD 
184 silicone elastomer). Prepare several days in advance to 
allow full polymerization of the SYLGARD 184. 

10. 70 % (v/v) ethanol. 

1. Rat tail collagen type 1 (Becton Dickenson). 

2. Sterile water, 4 °C. 

3. Medium 199 (M199) lOx solution. 

4. Sterile aqueous 7.5 % sodium bicarbonate (NaHC0 3 ). 

5. Sterile aqueous 0.5 N sodium hydroxide (NaOH). 



2.3 Embedding 


2.4 Culture Medium 


2.5 Staining, 
Imaging, 

and Quantification 


3 Methods 


3.1 Preparation 
of the Aortic Rings 
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1. 48-Well plates for mouse aortae, or 96-well plates for rat 
aortae. 

2. A pair of straight fine forceps (i.e., Dumont #5). 

3. Laminar flow tissue culture hood. 

1. Culture medium: Endothelial basal medium (EBM) containing 
2.5 % (v/v) autologous (mouse or rat) serum and 100 U/rnL 
penicillin/100 pg/mL streptomycin (see Notes 3 and 4). 

2. Humidified incubator with a 5 % C0 2 atmosphere at 37 °C. 

1. Dulbecco’s phosphate-buffered saline (PBS) solution. 

2. Blocking solution: PBS containing 0.5 % (v/v) Triton X-100 
and 1 % (w/v) bovine serum albumin (BSA). 

3. Anti-CD31 antibodies (e.g., Becton Dickinson, BD 550274). 

4. Anti-rat secondary antibodies (e.g., 488 Alexa Fluor). 

5.4% paraformaldehyde (PFA), pH 7.4. 

6. Confocal microscope. 


The protocol for aortic ring assay involves different steps including 
the dissection of the aorta, embedding the aortic rings in collagen 
or fibrin gels, culture of the aortic rings, staining, as well as image 
capture and the quantification of the capillary sprouts. 

1. Sacrifice the mouse or rat according to the relevant local ethical 
guidelines for animal care and experimentation (see Note 5). 

2. Sterilize the surface of the carcass with 70 % ethanol. 

3. Lay the carcass on its back and open the ventral skin. 

4. Cut through the sternum, and open the rib cage using a bone 
scissor and skin forceps. 

5. Remove the lungs and the esophagus (Fig. 2a). 

6. Remove aorta, now visible as a fat-covered vessel tracking 
down along the spine, rapidly from the sacrificed mouse or rat. 

7. Gently detach the thoracic aorta from the spine using closed 
microdissection forceps starting from the diaphragm toward 
the heart (Fig. 2b, c). 

8. Cut once at the posterior end and once at the anterior end 
(Fig. 2d-f) (see Notes 6 and 7). 

9. Transfer the dissected aortae immediately to ice-cold serum- 
free DMEM/F12 with antibiotics. Keep the aortae on ice until 
dissection. 
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Fig. 2 Dissection of the thoracic mouse aorta, (a) After opening the rib cage and removing the lungs and 
esophagus, the aorta (white dotted line) is visible as it runs along the spine from the heart (white asterisk) to 
the diaphragm (blackasterisk). Jhe heart (H) and liver (L) are visible, (b— c) The aorta is detached from the spine 
by blunt dissection using closed forceps, beginning at the posterior end moving gently toward the anterior end 
until the aorta is mostly detached, (d) The aorta is cut once at the posterior end (P) and (e) lifted gently without 
applying tension, (f) Cut the aorta again at the anterior end (white asterisk) 


10. For the dissection, add ice-cold DMEM/F12 plus antibiotics 
to a dish, which is half filled with polymerized silicone. 

11. Transfer the aorta to the silicone-filled dissection dish. 

12. Pin the ends of the aorta to the silicone with fine 30-G needles 
without applying tension to the aorta (Fig. 3a) (see Notes 8 
and 9). 

13. Carefully remove the surrounding periaortic fibroadipose tis¬ 
sues and branching vessels with fine microdissection forceps 
and iridectomy scissors under a microscope (Fig. 3b, c), paying 
special attention not to damage the aortic wall (see Note 10). 

14. Gently flush out blood from the lumen of the aorta with 
DMEM/F12 using a 1 mL syringe fitted with a 27-G blind 
needle (Fig. 3d) until the aorta is free of clotted blood (Fig. 
3e) (see Notes 11 and 12). 

15. Place a piece of millimeter paper underneath the dish. 

16. Using a scalpel blade, cut away the proximal and distal 1 mm 
segments of the aorta. 

17. With help of the scale paper, cut the aorta into equal sections 
~1 mm long (Fig. 3f) (see Notes 13 and 14). 

18. Store the aortic rings on ice until the gel has been prepared (see 
Notes 15 and 16). 
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Fig. 3 Clean and cut the extracted aorta, (a) The fat-covered aorta should be pinned at its ends (white aster¬ 
isks) to the silicone bottom of a dissection dish, (b-c) Clean the aorta of the surrounding fibroadipose tissues 
by running the scissors parallel to the aorta, thus removing whole strips of fat. (d) After removing one pin, the 
syringe should be partially inserted into the fat-free aorta (white arrow/) and flushed gently with medium until 
any remaining blood has been removed (e). (f) Place a piece of graph paper underneath a culture dish—this 
helps to cut the aorta into sections of equal length 


3.2 Preparation The use of a collagen matrix is recommended for the aortic ring 

of the Collagen Gel assay to support the outgrowth of large microvessel sprouts, which 

are easily distinguishable from fibroblast outgrowth. In addition, a 
collagen matrix supports the response to growth factors, such as 
VEGF [27]. However, specific conditions may require the use of a 
different matrix, as the type of matrix can be important for the 
angiogenic response to different growth factors [27, 35, 36], for 
example, sprouting in response to bFGF is stronger in a fibrin 
matrix [27]. The preparation of a fibrin gel is described as an 
option in Subheading 4 (see Note 17). 

Prepare the collagen gel on ice to avoid premature polymeriza¬ 
tion of the matrix. Note that all pipette tips and plates should be 
stored at 4 °C until use to avoid the premature coagulation of the 
gel. Work under sterile conditions using a laminar flow. 

1. Add rat tail collagen type-1 to a final concentration of 1.5 mg/mF 
to a 1.5 mL Eppendorf tube. 

2. Adjust with sterile water to a volume of 871 pF/mF and invert 
immediately. 

3. Add 100 pF/mF of lOx Medium 199. 

4. Add 34 pL/mF of 7.5 % NaHC0 3 solution 

5. Mix well for 10 s to prevent uneven polymerization. Avoid the 
formation of air bubbles. 
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Fig. 4 Generating and visualizing sprouts, (a) Mouse aortic rings are embedded on their sides into a drop of the 
collagen matrix, (b) Phase-contrast images of the aortic rings embedded in collagen at days 0,1,3, and 7. (c) 
Comparison of a phase-contrast image and CD31 immunofluorescent staining of the same aortic ring, (d) 
Co-staining with CD31 {green) and a-actin ( red) allows for the simultaneous visualization of endothelial cells 
and pericytes 

6. Adjust the pH with a few drops of 0.5 N NaOH to approximately 
7.4. The gel color should turn from orange to cherry red. Put 
the gel on ice for approximately 1 min until the color no lon¬ 
ger changes (tee Note 18). 

7. Keep on ice and use within 30 min. 

3.3 Embedding the 1. Place a 25 pi. drop of the gel in the middle of each well of a 
Aortic Rings pre-cooled 48 well plate (tee Note 19). 

2. Embed one aortic ring into the middle of each collagen drop 
using fine forceps (Fig. 4a). The gel should remain its drop¬ 
like shape (tee Note 20). 


3.3.1 Mouse Aortae 
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3.3.2 RatAortae 


3.4 Culturing 
the Aortic Rings 


3.5 Fluorescence 
Staining and Imaging 


1. Add 100 pL of the gel to each well of a pre-cooled 96 well 
plate ( see Note 21). 

2. Embed one aortic ring into the middle of each well using fine 
forceps ( see Note 22). 

1. Carefully place the plates in an incubator at 37 °C with 5 % 
C0 2 for approximately 45-60 min until the gel has solidified 
(see Note 23). 

2. Add endothelial basal medium supplemented with 100 U/rnL 
penicillin/100 pg/rnL streptomycin, optionally supplemented 
with 2.5 % autologous serum and/or growth factors (see Notes 
24 and 25). 

3. Change the culture medium every 72 h (see Note 26). 

4. Cultivate the aortic sections at 37 °C in a humidified environ¬ 
ment for 7 days (see Note 27). 

Although phase-contrast microscopy may provide an overview of 
microvessel outgrowth (Fig. 4b), it does not allow for discrimi¬ 
nation between endothelial cells and other cell types, such as 
fibroblasts, which grow out from the aortic explants in large 
numbers. Immunohistochemical staining can be used to identify 
the interacting cell types, and endothelial sprouts can be quanti¬ 
fied following staining with antibodies against CD31 (Fig. 4c). 
The interaction with supporting pericytes can also be visualized, 
e.g., by staining against a-actin (Fig. 4d) or aNG2 chondroitin 
sulfate proteoglycan. Sprout length can be quantified by measur¬ 
ing the number and length of the sprouts (Fig. 5), and coverage 
by pericytes can be quantified by counting the number of associ¬ 
ated pericytes per unit length. 

1. Remove the culture medium and wash with PBS (see Note 28). 

2. Fix with 4 % PFA for 60 min at room temperature (see Note 29). 

3. Remove the fixative and wash three times with PBS, each wash¬ 
ing step should be at least 5 min. 

4. Permeabilize and incubate with blocking solution overnight 
at 4 °C. 

5. Prepare the required primary antibodies, e.g., anti-CD31 for 
endothelial cells in PBS at an appropriate dilution (see Note 30). 

6. Incubate overnight at 4 °C. 

7. Wash five times in PBS for 10 min. 

8. Prepare secondary antibodies in PBS 1/500 and incubate over¬ 
night at 4 °C or for 2 h at room temperature (see Note 31). 

9. Remove the antibody solution and wash three times for 10 min 
in PBS. 
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Fig. 5 Quantification, (a) Fluorescence images of endothelial cell sprout outgrowth (CD31 staining, green) from 
solvent- or VEGF-treated rings after 7 days, (b) A skeletonized representation of the aortic ring shown in (a) 
generated with the help of quantification software. Total sprout length calculated following the conversion of 
pixels to mm 


10. Postfix for 5 min with 4 % PFA at room temperature. 

11. Wash two times for 10 min in PBS. 

12. Cover with PBS or mounting medium. 

13. Store at 4 °C in the dark. 

14. Image aortic sections using a laser scanning microscope with 
10 or 20x magnification (see Note 32). 
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3.6 Quantification 1. Count the number of sprouts that emerge from the main ring 

as well as the individual branches arising from it as separate ves¬ 
sels [37]. 

2. Sprout length can be quantified by manually measuring and 
converting pixels into pm (Fig. 4d) (see Note 33). 


4 Notes 


1. Outgrowth is optimal in aortic rings from 6- to 12-week-old 
animals, and with older animals, i.e., 6-10 months of age, 
sprouting is minimal [35, 38]. If using such animals, the use of 
collagen gels and medium containing autologous serum is rec¬ 
ommended. Fibrin gels, which poorly support sprouting and 
vascular endothelial growth factor (VEGF) response, or serum- 
free conditions would not produce meaningful results with 
these animals. In addition, it has been shown that gender influ¬ 
ences outgrowth from aortic explants, and angiogenic response 
in female rats or mice tends to be impaired compared to males 
[38]. For these reasons, the age and sex of the animals used 
within one experiment should be kept as consistent as possible 
to limit variability. In view of the significant impact that aging 
and genetic background have on sprouting, aortic rings from 
littermates should be used. 

2. When transfection of the aortic sections is planned, the use of 
Opti-MEM medium instead of DMEM/F12 is recommended. 

3. Do not add endothelial growth medium (EGM) supplements 
to the basal endothelial medium (EBM). 

4. To isolate the autologous serum collect blood (without adding 
anticoagulants) prior to sacrificing the mouse. This must be 
performed by trained and licensed individuals according to the 
relevant ethical guidelines for animal care and experimenta¬ 
tion. To obtain the serum, let the blood coagulate at room 
temperature and centrifuge at 800 x jj for 10 min. The serum is 
the supernatant. Transfer the supernatant to a fresh tube and 
pass through a sterile filter before use. Heat inactivate for 
10 min at 54 °C. 

5. This must be performed by trained and licensed individuals. 

6. Avoid overstretching which could damage the smooth muscle 
and endothelial cell layers. 

7. The abdominal aorta can also be used. However, results do 
tend to vary between sections from the thoracic and abdominal 
aorta. 

8. Prepare SYTGARD 184-filled dishes according to the manu¬ 
facturer’s protocol in advance, since complete polymerization 
takes several days. 
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9. Avoid overstretching which damages the smooth muscle and 
endothelial cell layers. 

10. Handle the aorta only at its ends and avoid stretching the 
vessel. 

11. Make sure all remaining blood is removed since clotted blood 
impairs sprouting. 

12. Insert the syringe only into the tip of the aorta in order to 
avoid damage to the tissue during syringing. Take care that no 
air bubbles are introduced into the aorta as this is a great way 
of removing the endothelial cells. 

13. Keep ring width as consistent as possible within the experiment. 

14. Approximately 30 rings can be cut from each rat aorta, or ten 
rings from each mouse aorta. At least three rings per aorta and 
three different aortae should be used per condition. It is 
recommended to repeat each experiment several times, since 
animal experiments contain an inherent variance. 

15. If the assay cannot be continued immediately, store the aorta 
at 37 °C in an incubator with 5 % C0 2 . 

16. If transfection of the aortae is planned, starve the aortic rings 
in serum-free medium in an incubator at 37 °C with 5 % C0 2 
overnight prior to transfection, or viral transduction. 

17. To prepare a fibrin gel, dissolve lyophilized bovine fibrinogen 
in endothelial basal medium to a final concentration of 3 mg/ 
mL and add 5.0 mg/mL aprotinin, which prevents the degra¬ 
dation of the fibrin matrix by proteases. Incubate at 37 °C for 
1 h to dissolve and pass through a sterile filter (0.45 pm) to 
remove unpolymerized clumps of fibrinogen. Prepare aliquots 
of the fibrinogen solution and keep them on ice to prevent 
premature polymerization when thrombin is added. Add 0.5 
U thrombin to each 1 mL aliquot of fibrinogen immediately 
before use. Prepare only one aliquot at a time. Mix well but 
avoid the formation of air bubbles. Keep on ice and use within 
1 min. 

18. A pH of 7.4 is critical for collagen gel polymerization, as well 
as optimal angiogenic responses in the aortic ring assay [39]; 
sprouting is markedly delayed at a pH of 6.9 [40]. 

19. Do not pipette all of the drops at once, but only a few wells at 
a time to avoid polymerization before there is time to embed 
the aortic rings. 

20. To avoid the dilution of the gel with medium, carefully remove 
excess medium from the aortic sections by tapping them on an 
empty dish or sterile filter paper. 

21. Rat aortic rings are larger in diameter and thus require a larger 
amount of matrix, which can no longer be applied in a drop. 
Although it is also possible to embed mouse aortic sections in 
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50 pL gel in 96 well plates, this increases the amount of gel 
needed and the response to growth factors would be impaired. 

22. The rings can be embedded in the three-dimensional matrix 
either with the luminal axis perpendicular or parallel to the 
bottom of the well. It is preferable to embed the aortic rings 
on their sides rather than as open rings. This allows for optimal 
imaging of microvascular sprouting, as the sprouts mostly 
grow from the cut surfaces along the axis of the lumen. When 
the rings are placed on their end, the sprouts grow toward the 
observer and become more difficult to visualize and quantify. 

23. The addition of medium before the gel has polymerized can 
damage the gel. If the gel takes longer than 120 min to set, it 
will begin to dry out. 

24. Add the medium carefully to the side of the well to prevent the 
fragile gels from lifting or being damaged. 

25. Under serum-free conditions, spontaneous angiogenesis in 
murine aortic rings is usually minimal, whereas rat aortic sec¬ 
tions sprout in serum-free conditions. The addition of 2.5 % 
autologous serum is recommended for murine aortic rings; 
indeed, the assay rarely functions in its absence. Sprouting can 
be increased by supplementing small amounts of growth factor 
(e.g., 10-30 ng/mL VEGF, 10-30 ng/mL bFGF) (Fig. 4d, 
e); this is particularly useful when anti-angiogenic agents are 
being tested. 

26. If the medium is replaced more often, sprouting is impaired, 
probably due to the depletion or dilution of endogenous 
growth factors. 

27. Aortic explants can be cultured for up to 14 days before break¬ 
down of the collagen or fibrin matrix occurs [39]. During the 
first 3 days, fibroblasts grow out of the rings, followed by 
endothelial cell sprouts. Initially there is an exponential phase 
of sprouting and growth which peaks approximately at day 7, 
depending on age and genetic background of the mice and 
choice of extracellular matrix. In the second week of culture, 
explants become quiescent and the sprouts begin to regress, 
probably due to the lack of flow and the depletion of growth 
factors and other soluble components and the reduction in 
integrity of the surrounding matrix [30, 41]. 

28. The PBS buffer should be at room temperature. 

29. The 4 % PFA solution should be at room temperature. 

30. To co-stain for pericytes, antibodies against a-NG2 chondroitin 
sulfate proteoglycan (i.e., Millipore, AB5320, 1/200 dilution) 
are recommended. 

31. The addition of 4',6-diamidino-2-phenylindole (DAPI) or 
Hoechst 1/5000 to counter stain nuclei can be performed 
during this step. 
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32. Imaging can be performed directly in the culture wells if 
appropriate hardware is available. Alternatively, the gels can be 
mounted on microscope slides; fill the wells with water and 
detach the gel from the wells using needles or forceps and a 
spatula. Carefully arrange the gel on microscope slides and 
add mounting medium. 

33. Quantification of sprout outgrowth from immunostained rings 
can be performed either by manually counting the number of 
sprouts and measuring their length as described above or by 
using computer-assisted image analysis programs, as described 
elsewhere (see refs. [32, 42]). However, if sprouts grow out in 
large numbers, computer-assisted automatic image analysis is 
error-prone since it can no longer distinguish between single 
sprouts, which visually fuse together. In order to obtain mean¬ 
ingful results, manual counting is recommended. 
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Chapter 15 


Quantitative Imaging-Based Examination of Pericytes 
Controlling Endothelial Growth Dynamics 
and Angiogenesis 

Anthony R. Sheets, Jennifer T. Durham, and Ira M. Herman 

Abstract 

Microvascular endothelial cell-mural cell interactions are instrumental in modulating both physiological 
and pathologic angiogenesis. Pericyte-endothelial cell communication through direct physical associations 
and secreted effectors comprises a bidirectional signal array that regulates vascular maturation and integ¬ 
rity. As endothelial cell proliferation, migration, and morphogenesis are key elements of vascular growth 
and remodeling during angiogenesis, we have developed novel preclinical systems for studying the roles of 
endothelial-mural cell dynamics on cell cycle entry and angiogenic activity in vitro. These coculture models 
not only enable evaluation of endothelial cell-pericyte “cross talk” but also allow for the quantitative analy¬ 
sis of both heterotypic contact-dependent and contact-independent cell cycle progression in either cell 
population, as well as angiogenic sprouting in three-dimensional vascular networks. Cells actively prolifer¬ 
ating in two-dimensional assays can be labeled via incorporation of 5-ethynyl-2'-deoxyuridine (EdU) into 
their DNA. Additionally, each cell population can be vitally labeled with a variety of cell-specific and/or 
membrane-permeant lipophilic dyes prior to coculture, such as DiO, or through immunofluorescence of 
mural or endothelial cell-specific markers after cellular fixation and/or permeabilization. Ultimately, this 
experimental approach can be used to investigate cellular contact-dependent and soluble mechanisms 
mediating mural-endothelial cell interactions, which may be instrumental in microvascular development 
and remodeling in vivo. 

Key words Mural cell, Microvasculature, Morphogenesis, Proliferation, Diabetic retinopathy, 

Diabetic ulcer, Chronic wound. Tumor vessels, Vascular stabilization 


1 Introduction 


Microvascular morphogenesis occurs through two parallel yet dis¬ 
tinct processes: vasculogenesis, the creation of new blood vessels 
from endothelial precursor cells, and angiogenesis, the sprouting 
of capillaries from existing vascular structures. As microvascular 
remodeling and maturation proceeds, blood vessels are primarily 
composed of endothelial cells in direct contact with blood and 
mural cells that invest the abluminal endothelial surfaces [ 1 ]. Mural 
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cell populations, including microvascular pericytes, maintain vas¬ 
cular stability, aid in barrier function, and regulate vascular tone 
[2-4]. In order for remodeling during angiogenesis to occur, peri¬ 
cytes must divest from nascent vessels, allowing the endothelial 
cells to divide, migrate, and undergo morphogenesis into a new 
vascular conduit. Indeed, these processes must occur throughout 
life, as tissues and organs continue to grow, and capillary sprouting 
and remodeling are indispensible for cutaneous wound healing in 
children and adults. Several studies have revealed the bidirectional 
nature of microvascular pericyte-endothelial cell interactions, shed¬ 
ding light on the regulatory contributions of soluble and extracel¬ 
lular matrix-associated growth factors [5-8] as well as heterotypic 
intercellular contacts [9-11]. Importantly, whereas the cellular and 
molecular mechanisms governing blood vessel growth and remod¬ 
eling are tightly regulated in development and healing, perturba¬ 
tions in these signaling cascades and mural-endothelial cell 
associations underlie the pathogenesis of multiple disease states, 
including proliferative diabetic retinopathy, tumor angiogenesis, 
and chronic, nonhealing wounds [12-14]. 

Given the multiple factors regulating vascular stability in health 
and disease, we present a method of coculture to study the roles of 
endothelial-mural cell dynamics on cell cycle entry in vitro. Here, we 
describe a system that allows the user to simultaneously determine 
the roles of pericyte and/or endothelial cell-specific mechanisms 
that may control heterotypic cell contact-dependent and contact- 
independent cell cycle progression and angiogenic reactivation. 
Additionally, we present a protocol for quantitative analysis of mural- 
endothelial cell interactions in vascular morphogenesis in 3D, as 
extensions of our previously published methods [15, 16]. Thus, 
these experimental paradigms can be used to test the effects of 
altered microvascular cellular parameters on angiogenesis, as 
achieved through methods of forced expression and gene silencing, 
as well as the use of neutralizing antibodies against cell-specific 
secreted entities. Notably, these methods can be applied to studies of 
endothelial cell interactions with several types of mural cells, such as 
pericyte-like adipose-derived stem cells as well [17]. The outcomes 
of such experiments will provide information that may have critical 
implications for microvascular angiogenesis in health and disease. 


2 Materials 


In order to study the contributions of heterotypic cellular contacts 
and soluble growth factors on microvascular cell proliferative status 
in vitro, pericytes and endothelial cells can be plated at varying 
densities, depending on the vascular bed being modeled. For our 
assays of microvascular cell cycle progression in coculture (see sche¬ 
matic, Fig. 1 ), we typically culture retinal capillary pericytes, labeled 
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Fig-1 Schematic of pericyte-endothelial coculture proliferation assay 


with vital lipophilic tracers, and endothelial cells together at a 1:1 
ratio, thereby recapitulating the cellular distribution of the in vivo 
retinal microvasculature [18]. For our three-dimensional coculture 
model of vascular morphogenesis and angiogenic sprouting, we 
culture DiO-labeled pericytes and capillary endothelial cells 
together at a ratio of 1:25, embedded between layers of an extra¬ 
cellular matrix solution (Fig. 3). 


2.1 Coculture 
Proliferation Assay 
Components 


1. Primary pericyte and capillary endothelial cell populations. 

2. 15 mL conical tubes (VWR Scientific). 

3. 12 mm-diameter circular glass coverslips (Thermo Fisher 
Scientific). 

4. 24-well tissue culture plates (BD). 

5. Vybrant DiO Cell Labeling Solution (Life Technologies). 

6. Serum-free Dulbecco’s Modified Eagle’s Medium (DMEM). 

7. Coculture media: DMEM containing 2 % bovine calf serum 
(BCS), 1 % L-glutamine, and 1 % antibiotic-antimycotic solution. 

8. Cliclc-iT EdU Alexa Fluor 594 imaging kit (Life Technologies). 

9. 4 % formaldehyde solution, pH 7.2. 

10. PBS pH 7.2 without sodium azide. 

11. PermaFluor (Thermo Fisher Scientific), or other aqueous 
mounting media. 


2.2 Three- 
Dimensional 
Angiogenesis Assay 
Materials 


1. Primary pericyte and capillary endothelial cell populations. 

2. Vybrant DiO cell-labeling solution (Life Technologies). 

3. 15 mL conical tubes. 

4. Serum-free Dulbecco’s Modified Eagle’s Medium (DMEM). 
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3 Methods 

3.1 Ultraviolet 
Sterilization of 12 mm 
Cover Glass 


3.2 Vital Labeling 
of Pericytes 


3.3 Coculture of 
DiO-Labeled Pericytes 
and Unlabeled 
Endothelial Cells 


5. Growth factor-reduced (GFR) matrigel. 

6. Type I collagen from rat tail tendon. 

7. Coculture media containing 25 mM HEPES pH 7.1. 

8. 1 M NaOH. 

9. 8-well chamber slides. 

10. Sterile 18G needles. 

11. Sterile, 1" long, 22G blunt-end needles, connected to a vac¬ 
uum source. 


1. One cover glass is placed into each well of a 24-well plastic tis¬ 
sue culture plate. 

2. The lid is removed from the plastic tissue culture plate, and the 
plate containing coverslips is placed in a biosafety cabinet. 

3. The open plate is exposed to UV light for 20 min at room 
temperature. 

4. Following sterilization, wells are filled with 400 pL coculture 
media and placed in a humidified tissue culture incubator until 
ready to be seeded with cells. 

1. Pericytes are suspended in serum-free DMEM at a density of 
1 x 10 6 cells per mL in 15 mL conical tubes and mixed with 10 
pL of the lipophilic, membrane-permeant tracer DiO for every 
mL of cell suspension. This suspension is then incubated for 
20 min at 37 °C. 

2. Following this incubation, the cells are pelleted by centrifuga¬ 
tion at 600 xjj for 5 min. The media is then aspirated, and the 
cells are washed and are resuspended in PBS, followed by 
another centrifugation at 600 xjj for 5 min. 

3. The PBS wash is aspirated, and the procedure is repeated two 
additional times. 

4. After the final PBS wash, pericytes are then suspended in cocul- 
ture media at a density of 1.5 x 10 5 cells/mL. 

1. Capillary endothelial cells are mixed at a 1:1 ratio with vitally 
labeled pericytes in coculture media. 

2. 50 pL of coculture cell suspension, containing 7500 of each 
cell type (a total of 15,000 cells), are added to UV-sterilized 
glass coverslips, prepared as described above. 

3. Cocultures are maintained for a total of 24 h in a tissue culture 
incubator at 37 °C and 5 % C0 2 . 
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3.4 Determining 
Mural/Endothelial Cell 
Cycle Progression 
In Vitro 


1. At 20 h after plating, cocultures are pulsed with 50 pL of 
coculture media containing 100 pM EdU, for a final concen¬ 
tration of 10 pM EdU in solution. 

2. Four hours later, at a total of 24 h after plating, cocultures are 
fixed with 4 % formaldehyde for 5 min at room temperature. 

3. After fixation, cocultures are washed with azide-free PBS (see 
Note 1) three times for 5 min each. 

4. Cocultures are then incubated in Cliclc-iT EdU reaction mix¬ 
ture, prepared according to the manufacturer’s instructions. 
Coverslips are placed cell side down on 25 pL drops of Cliclc-iT 
EdU reaction buffer on parafilm in a humidified chamber for 1 
h at room temperature, protected from light. 

5. Subsequently, nuclear counterstaining is performed using 
Hoechst 33342 (1:1000, Life Technologies) under the same 
conditions described in the previous step (see Note 2). 

6. Finally, coverslips are mounted on glass slides using PermaFluor 
or other aqueous mounting media, and allowed to dry prior to 
phase-contrast and fluorescence microscopy. 

7. Quantitative image analysis of pericyte/endothelial cell cycle 
progression is performed by calculating ratios of EdU-positive 
nuclei to total nuclei for the cells of interest; this methodology 
can be applied to studies of heterotypic cellular contact-depen- 
dent and soluble growth-factor-driven S-phase entry. A repre¬ 
sentative image of pericyte-endothelial cell coculture is shown 
in Fig. 2. 


3.5 Preparing 
Three-Dimensional 
Angiogenesis Arrays 


1. Equilibrate 8-well chamber slides, 15 mL conical tubes, and 
coculture media at 4 °C for 1 h. 

2. Once reagents are equilibrated, prepare extracellular matrix 
solution by mixing GFR matrigel, collagen I isolated from rat 
tail tendon, and coculture media in a 15 mL conical tube, at a 
ratio of 2:1:1 (see Note 3). Keep this mixture on ice. 

3. Pipet 250 pL of matrix mixture into the bottom of each well of 
an 8-well chamber slide. Spread this mixture evenly across the 
well bottoms using a sterile, 18G needle. 

4. Allow the matrix mixture to polymerize, by placing chamber 
slides containing the bottom matrix layer in a 37 °C, 5 % C0 2 
tissue culture incubator for 1 h. 

5. While the bottom matrix layer is polymerizing, prepare the 
pericyte-endothelial cell coculture as follows: to achieve a 
pericyte-endothelial cell ratio of 1:25, combine DiO-labeled 
pericytes (prepared as above) and unlabeled endothelial cells at 
densities of 2.4xl0 1 2 3 4 and 4xl0 5 6 cells/mL, respectively. Mix 
this suspension thoroughly, and store on ice until use. 

6. Following polymerization, pipet the pericyte-endothelial cell 
suspension until the mixture is homogeneous, and add 250 pL 
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Fig. 2 Representative image of pericyte-endothelial coculture proliferation assay. 
Bovine retinal endothelial cells and DiO-labeled bovine retinal pericytes were 
cultured together at a 1:1 ratio on UV-sterilized glass coverslips in DMEM sup¬ 
plemented with 2 % BCS and antibiotics for 24 h. After 20 h of coculture, wells 
were pulsed with 10 pM Edll for the remaining 4 h. At the experimental end 
point, cocultures were fixed with 4 % formaldehyde, and the Edll “click” reaction 
was performed according to the manufacturer’s instructions. In this image, a 
DiO-labeled pericyte is present in green, and white arrowheads denote areas of 
physical contact with endothelial cells. Hoechst 33342-labeled nuclei are 
depicted in blue, and an Edll-positive nucleus of an actively proliferating endo¬ 
thelial cell is shown in red 


3.6 In Vitro 
"Wounding” and 
Quantifying 
Angiogenic Activity 


of coculture mixture to each well of an 8-well chamber slide. 
Allow cells to settle for 1-2 h in a tissue culture incubator at 
37 °C and 5 % C0 2 . 

7. After visually confirming that cells are adherent on the bottom 
matrix layer under a microscope, carefully aspirate the superna¬ 
tant, and add an additional 250 pL of matrix mixture to form 
the top layer. Allow this layer to polymerize as above, and incu¬ 
bate 3D arrays overnight to allow microvascular network for¬ 
mation (see schematic, Fig. 3). 

1. Prepare matrix mixture as described above, and store on ice 
until ready to use. 

2. Visually confirm capillary network formation using phase- 
contrast and fluorescent microscopy. 
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Matrigel / 
Collagen 
matrix 


Full thickness 
wounding 




2-7 days 


Quantifying the 
angiogenic response 




Fig. 3 Schematic and representative image of three-dimensional pericyte-endothelial cell coculture angiogen¬ 
esis assay. DiO-labeled bovine retinal pericytes and bovine retinal endothelial cells were cultured together at 
a 1:25 ratio and embedded between two layers of an extracellular matrix solution. Tube networks were allowed 
to form overnight, and full-thickness wounds were created in the gels the following day. These defects were 
immediately filled with fresh matrix solution, and live fluorescent and phase-contrast images were captured 
immediately after injury and at 24-h intervals after injury. In this image, endothelial cells are unlabeled, DiO- 
labeled pericytes are present in green, and arrowheads within the inset denote areas of angiogenic sprouting 
into the defect 


3. Attach a sterile, 22 G blunt-end needle to a vacuum supply. 
Using a gentle suction, create a full-thickness defect in the 
microvascular network by placing the needle directly in the 
center of each well of the 8-well chamber slide. 

4. Immediately fill this defect with 100 pL of matrix mixture (see 
Note 4), and capture images of each well using live phase- 
contrast and fluorescent microscopy on a temperature-con¬ 
trolled stage heated to 37 °C. 

5. Additional images are captured daily over a period of 7 days. 
Quantitative analysis of angiogenic activity can be performed 
using NIH Image J, by subtracting any cells/structures inside 
the wound immediately after injury (day 0) from those struc¬ 
tures present within the defect on subsequent days, thereby 
normalizing quantification for each wound and ensuring that 
only new angiogenic sprouts are measured (Fig. 3). In this 
way, average tube length, total tube length, and total number 
of sprouts can be calculated. 
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4 Notes 


1. EdU staining can be performed immediately following fixa¬ 
tion, or coverslips can be stored in lx PBS, without sodium 
azide, for later use. Sodium azide may react with the EdU 
alkyne. 

2. Postfixation immunostaining for cell-specific markers can be 
performed in between Cliclc-iT EdU incubation and nuclear 
counterstaining. 

3. Type I collagen is supplied as a solution in 0.02 N acetic acid. 
After combining the matrix components, neutralize the acidic 
solution with 10 pL 1 M NaOH for each mL matrigel-collagen 
I-media mixture. 

4. Matrix mixture can be combined with growth factors, such as 
FGF2 or VEGF, or other substances of interest, to determine 
their impact on angiogenic sprouting in this model of micro- 
vascular injury and repair. 
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Chapter 16 


Static and Dynamic Assays of Cell Adhesion Relevant 
to the Vasculature 

Lynn M. Butler, Helen M. McGettrick, and Gerard B. Nash 

Abstract 

Methods are described for analyzing adhesion of isolated cells (such as leukocytes, tumor cells, or precur¬ 
sor cells) to purified adhesion receptors or cultured endothelial cells. “Static” assays (where cells are 
allowed to settle on the adhesive substrates) and flow-based assays (where cells are perfused over the sub¬ 
strates) are compared. Direct observations of the time course of adhesion and migration can be made when 
purified proteins or endothelial cells are cultured in plates, after cells are allowed to settle onto them for a 
desired period. In the flow-based assay, cells are perfused through coated glass capillaries, flow-channels 
incorporating coated plates, or commercially available preformed channels. Again, direct video-micro¬ 
scopic observations are made. In this assay various stages of capture, immobilization, and migration can be 
followed. In general, the static systems have higher throughput and greatest ease of use, but yield less 
detailed information, while the flow-based assay is most difficult to set up but is most physiologically 
relevant if one is interested in the dynamics of adhesion in the vasculature. 

Key words Adhesion, Leukocyte, Endothelial cells, Tumor cells, Elow, Blood vessel 


1 Introduction 


Adhesion of several types of cells in the vascular system may be 
relevant to the process of angiogenesis: leukocytes, platelets, 
metastatic tumor cells, endothelial cell progenitors, and stem cells. 
We have recently described methods for studying dynamics of 
leukocyte migration [ 1 ] and attachment of flowing platelets [2] on 
endothelial monolayers. Here we concentrate on “generic” meth¬ 
ods, both static and with imposed flow, for studying cell adhesion 
to purified proteins or to cultured endothelial cells. These may be 
adapted for a variety of adhesion proteins or endothelial stimuli, or 
for different adherent cells, relevant to specific scenarios chosen for 
investigation. 

In general, flow-based assays are required to evaluate capture 
processes occurring in the vasculature, where cells are initially trav¬ 
eling rapidly on a scale of the receptors used. Microscopic 
observation of such models allows the different steps in the 
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2 Materials 

2.1 Culture 
of Endothelial Cells 


adhesion process to be dissected (e.g., capture, rolling, activation- 
dependent stabilization and migration, observed for leukocytes) 
[3-5]. While these stages have been well-described for flowing leu¬ 
kocytes, their existence for other cells types remains unclear and 
worthy of examination. Static assays are easier to set up and utilize, 
but results relating to the roles of specific receptors may be ambig¬ 
uous when several are available, and one cannot be certain whether 
an interaction described could occur under more realistic flow con¬ 
ditions in the vasculature. Specificity in assays (static or flow-based) 
can be improved by choosing individual adhesion receptors to coat 
surfaces, while endothelial cells may be used to generate more 
“physiological” data, provided one realizes that the definition of 
the operative adhesive mechanisms may require subsequent 
detailed evaluation. Either type of surface can be used to assess 
motility of adherent cells, with endothelial monolayers offering the 
potential to study transendothelial diapedesis. 

In this chapter, we describe static assays on purified protein 
and on cultured human umbilical vein endothelial cells (HUVEC). 
The proteins most relevant for these assays would be basement 
membrane constituents such as collagen, laminin, or fibronectin. 
HUVEC are a widely used primary cell capable of expressing a 
range of adhesion molecules. Alternatively, endothelial cell lines or 
EC whose derivation is described earlier (cf. Chapter-) might also 
be used. In the following description of flow-based assays, relevant 
purified proteins are those adapted for “capture” such as E-selectin, 
P-selectin, or vascular cell adhesion molecules-1 (VCAM-1). EC 
would typically be stimulated with agonist such as inflammatory 
cytokines (tumor necrosis factor-a, TNF, or interleukin-1, IL-1) so 
that such capture receptors are expressed [4, 6]. 


1. Medium 199 with glutamine (M199) supplemented with genta- 
mycin sulfate (35 pg/ml), human epidermal growth factor (10 
ng/ml), and fetal calf serum (20 % v/v heat-inactivated). Adding 
hydrocortisone (1 pg/ml, from 10 mg/ml stock in ethanol) 
improves growth if going beyond first passage. 

2. Phosphate buffered saline with 1 mM Ca 2+ and 0.5 mM Mg 2+ 
(PBS). 

3. Bovine skin gelatin (Type B, 2 % solution, culture tested). 

4. Collagenase (type IA) stored at -20 °C at 10 mg/ml in PBS . 
Thawed and diluted to 1 mg/ml with M199 for use. 

5. Autoclaved cannulae and plastic electrical ties. 

6. EDTA solution (0.02 %, culture tested). 

7. Trypsin (culture tested). 
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2.2 Purified Proteins 
(See Note 1 ) 


2.3 Surfaces 
for Protein Coating or 
Endothelial Culture 


2.4 Flow-Based 
Adhesion Assay 


8. 70 % (v/v) ethanol or industrial methylated spirits. 

9. Tumor necrosis factor-a (TNF) and interleukin-1 p (IL-1), 
stored in aliquots at 80 °C. 

All dissolved in PBS at ~mg/ml and stored at -20 °C unless stated 
otherwise. 

1. Basement membrane or extracellular matrix proteins: 

(a) Collagen type IV (Human placenta). 

(b) Fibronectin (Human foreskin fibroblasts). 

(c) Laminin type 1 (Human placenta). 

(d) Human Laminin type 10 (Human placenta) (Chemicon). 

2. Capture receptors for flowing cells, e.g.: 

(a) Recombinant human VCAM-1 (R&D systems). 

(b) Recombinant human P-selectin stop protein (R&D 
systems). 

3. Bovine serum albumin (BSA) (diluted in PBS from 7.5 % (w/v) 
culture-tested solution, typically to 1 % (w/v)). 

1. Multi-well plate?, we typically use 6-well plates but other formats 
may be used (see Subheadings 3.1.1 and 3.2.3). 

2. Chamber slides'. Plastic chamber with cover, mounted on glass 
slide. 

3. Microslides\ Glass capillaries with rectangular cross-section 
(0.3 mmx3 mm; length 50 mm) (Vitro Dynamics Inc., New 
Jersey, USA; available through Camlab Ltd., Cambridge, UK). 

4. Aminopropyltriethoxysilane 4 % (v/v) in acetone with molecular 
sieve (BDH Laboratory Supplies) added to ensure anhydrous. 

5. A special culture dish for use with microslides (Fig. 1). 
Constructed by fusing either three or six glass tubing side arms 
into the wall of a Pyrex glass petri dish 100 mm in diameter. 
Made to order by the Glassblowing Workshop of the School of 
Chemistry, The University of Birmingham, UK. 

6. Coatable preformed channels with a range of dimensions are 
commercially available: 

(a) Ibidi p-Slides (www.ibidi.com). 

(b) Cellix Biochips (www.cellixltd.com) 

(c) BioFlux Plates (www.fluxionbio.com/bioflux/) 

(d) GlycoTech parallel plate flow chambers (http://www.gly- 
cotech .com/apparatus/parallel. html ) 

1. Flow system'. Syringe pump with smooth flow (e.g., PHD2000 
infusion/withdrawal, Harvard Apparatus, South Natic, MA, USA). 
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Fig. 1 Apparatus for culture of endothelial cells in microslides, (a) Microslide with silicone rubber tubing adapter 
attached, (b) Glass culture dish with six ports fused into the wall; diameter 90 mm; volume of culture ~50 ml. 
(c) Schematic diagram of apparatus for culture of endothelial cells in six microslides. The glass culture dish with 
six microslides attached is placed in a C0 2 -incubator. Tubing attached to each outlet passes through a port in the 
incubator wall. Perfusion is supplied for 30 s in each hour by a multichannel roller pump which pumps to waste 


Electronic 3-way microvalve with zero dead volume 
(LFYA1226032H Lee Products Ltd., Gerrards Cross, 
Buckinghamshire, UK.) with 12 V DC power supply for valve. 
Silicon rubber tubing, internal diameter/external diameter 
(ID/OD) of 1/3 and 2/4 mm (Lisher Scientific). Scotch dou¬ 
ble-sided adhesive tape, ~1 cm wide (3M Ltd.). Three-way 
stopcocks (BOC Ohmeda AB). Sterile, disposable syringes (2, 
5,10 ml) and glass 50 ml syringe for pump (Popper Micromate; 
Popper and Sons Inc., New York, USA). 

2. Lor chamber slides: Custom made flow-channel assembly, 
made to order by Wolfson Applied Technology, University of 
Birmingham, UK, or by suitable workshop (Pig. 2). This 
includes a gasket, cut to the size of the chamber slide, with a 
slot that forms the flow channel when the assembly is clamped 
together (Pig. 2). The gasket can be cut fresh each time using 
lengths of Parafilm sealing film and a scalpel (typical depth 
-130 pm), or cut from silicone rubber sheet (e.g., 250 pm 
thick; ESCO, Bibby Sterilin Ltd., Staffordshire, UK) and 
reused. In either case, the depth of the channel should be 
checked after the system is clamped together, by focussing 
alternately on the upper and lower surfaces of the channel on a 
microscope, using a calibrated microscope focus control. 
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Fig. 2 Apparatus for flow-based adhesion assay using chamber slides, (a) Photograph 
of chamber slide incorporated in flow-channel, (b) Photograph of parallel plate 
flow-channel to hold chamber slide 

3. Commercially available flow channels were listed above 
(Subheading 2.3, item 6). We have used the Ibidi p-slide VI 04 
in studies of leukocyte recruitment [7]. This slide contains six 
individual channels, and is suitable to perform analysis of cell 
recruitment as described in Subheading 3.3, step 3. We have 
no experience with the other systems. The Glycotech cham¬ 
bers have been incorporated in flow-based adhesion assays by 
others, e.g., ref. 8. This is also the case for Cellix [9] and 
Fluxion [10] devices which can be supplied with their own 
custom flow systems. 

4. Video-microscope\ Microscope with heated stage or preferably, 
with stage and attached flow apparatus enclosed in a tempera¬ 
ture controlled chamber at 37 °C, and phase-contrast optics. 
Fluorescence capability is desirable for some variants of assay. 
Video camera (e.g., analog Cohu 4912 monochrome camera 
with remote gain control), monitor and video recorder 
(e.g., time lapse, Panasonic AG-6730), or digital camera for 
direct capture to computer. 

5. Image analysis'. Computer with video capture card (if recording 
to video) and specialist software for counting cells, measuring 
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3 Methods 


3.1 Preparing 
Surfaces Coated 
with Purified Protein 
for Adhesion Assays 

3.1.1 Coating Multi- well 
Plates (See Note 3) 

with Purified Proteins 


3.1.2 Coating 
Microslides with Purified 
Proteins 

3.1.2.1 Pretreatment 
with APES 


motion etc. There are a range of commercial packages available, 
as well as image analysis software available free over the Internet 
(NIH Image http://rsb.info.nih.gov/nih-image/). We currently 
use Image Pro software. 


This chapter aims to provide detailed protocols for adhesion assays 
that can be used for various cell types (such as leukocytes, stem 
cells or tumor cell lines). Cell isolation protocols are given in the 
chapters in Section 2 of this volume or in previous works on leuko¬ 
cyte adhesion [1]. Isolation of HUVEC is described below. We 
primarily use microscopy to directly examine the adhesive behavior 
of different leukocyte subsets to purified proteins or endothelial 
cells (but see Note 2). For flow-based assays various systems can be 
used. We have used glass capillaries (microslides) coated with either 
purified proteins or cultured endothelial cells [11]. Microslides are 
economical (content only ~50 pi) and easy to use with purified 
proteins, but endothelial cells require a specialized culture system 
(see Subheading 3.2.5). For endothelial cells, it may be easier ini¬ 
tially to culture in commercially available chamber slides and incor¬ 
porate them in a custom-made flow channel (Fig. 2), or to use 
commercially designed flow channels (see Subheading 2.4, item 3) 
or 35 mm dishes with the GlycoTech system. Flow systems have 
been used mainly with leukocytes, and they will need to be opti¬ 
mized (e.g., with respect to flow rates, cell concentrations etc.) for 
other cells types. In addition, pretreatment of the endothelial cells 
(e.g., with cytokines) may be necessary to stimulate them to pres¬ 
ent adhesion receptors for the cells under study. 

1. Make up the purified protein (e.g., a basement membrane or 
extracellular matrix constituent) to the desired concentration 
(see Note 4). 

2. Add 1 ml to each well in a 6-well, or proportionately less in 
smaller-well formats. 

3. Incubate for 2 h or overnight at 37 °C. 

4. Aspirate off residual protein solution and add 2 ml 1 % (w/v) 
BSA to each well for 2 h to block nonspecific binding sites. 

1. Immerse microslides in nitric acid (50 % (v/v) in distilled 
water) for 24 h (e.g., in batch -100-300). 

2. Wash thoroughly in beaker using running tap water and rinse 
through with deionized distilled water. 

3. Blot water on tissue paper, and dry microslides at 37 °C. 

4. Place in polystyrene tubes and rinse twice with anhydrous acetone 
by gently inverting the tubes over 30 s. 



Cell Adhesion Assays 


237 


3.1.2.2 Coating 
with Purified Proteins 


3.2 Culture 
of Endothelial Cells 
on Chosen Surfaces 


3.2.1 Isolation 
and Primary Culture 
ofHUVEC 


5. Immerse in a freshly prepared solution of APES (4 % v/v in 
anhydrous acetone) for 1 min, ensuring all capillaries are filled 
{see Note 5). 

6. Remove microslides from the APES and blot out onto tissue, 
ensuring all capillaries are emptied. 

7. Reinsert into a fresh aliquot of the APES solution for a further 
1 min. 

8. Remove APES by blotting and rinse the microslides once with 
anhydrous acetone, followed by three washes with deionized 
distilled water and then dry at 37 °C. Between each change, 
care must be taken to remove all the liquid from the microslides. 

9. Attach a short length of 2 mm ID silicon rubber tubing to 
APES-coated microslide. The tubing assists in handling and 
filling of microslides, and is required for adaptation to the 
endothelial culture system. 

10. Autoclave the microslides at 121 °C for 11 min and store asep- 
tically, indefinitely. 

1. Using a pipettor inserted in the silicon tubing adaptor, aspirate 
~50 pi of adhesion receptor at desired concentration into a 
microslide {see Note 6). 

2. Incubate at 37 °C for 2 h. 

3. Aspirate -100 pi of PBS with 1 % (w/v) bovine albumin into a 
microslide as above and incubate at 37 °C for 2 h to block 
nonspecific binding sites. 

4. In our experience, similar coating can be carried out for Ibidi 
p-slides. For other commercial chambers, refer to manufacturer’s 
instructions. 

There are various methods for culture of endothelial cells from 
different sources, and for the novice, it is probably best to start by 
buying cells and media from commercial suppliers. Our current 
method for isolating and culturing human umbilical vein endothe¬ 
lial cells is given below, adapted from Cooke et al. [11], which also 
described methods for coating microslides {see “Pretreatment with 
APES”) and culturing HUVEC in them (Subheading 3.2.5). 

1. Place the cord on paper toweling in a tray and spray liberally 
with the 70 % ethanol. Choose sections of about 3-4 in. that 
do not have any clamp damage. Each 3^4 in. piece of cord 
equates to 25 cm 1 2 3 4 flask of primary cells. 

2. Locate the two arteries and one vein at one end of the cord. 

3. Cannulate the vein and secure the cannula with an electrical tie. 

4. Carefully wash through the vein with PBS using a syringe and 
blow air through to remove the PBS. 
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5. Cannulate the opposite end of the vein and tie off. 

6. Inject collagenase (~10 ml per 3-4 in.) into vein until both 
cannulae bulbs have the mixture in them. 

7. Place the cord into an incubator for 15 min at 37 °C. 

8. Remove from the incubator and tighten the ties. Massage the 
cord for ~1 min. 

9. Flush the cord through using a syringe and 10 ml PBS into a 
50 ml centrifuge tube. 

10. Push air through to remove any PBS, repeat this twice more 
(3 x 10 ml). 

11. Centrifuge at 400 xg for 5 min. Discard supernatant. 

12. Resuspend the cells in ~1 ml of culture medium and mix well 
with pipette 

13. Make up to 4 ml in complete medium. 

14. Add cell suspension to a 25 cm 1 2 3 4 5 culture flask. 

15. Culture at 37 °C in a 5 % C0 2 incubator. 

16. Change medium after 2 h, again the next day, and every 2 days 
thereafter. Cells should be confluent in 3-7 days. 


3.2.2 Dispersal 
of Endothelial Monolayers 
for Seeding New Surfaces 


1. Rinse a flask containing a confluent primary monolayer of 
HUVEC with 2 ml EDTA solution. 

2. Add 2 ml of trypsin solution and 1 ml of EDTA for 1-2 min at 
room temperature, until the cells become detached. Tap on 
bench to loosen. 

3. Add 8 ml of culture medium to the flask, to neutralize the 
trypsin, and remove the resulting suspension and centrifuge at 
400 xg for 5 min. 

4. Remove supernatant and resuspend the cell pellet in 0.5 ml of 
culture medium and disperse by sucking them in and out of a 
1 ml pipette tip. 

5. Make up to desired volume of culture medium for seeding 
onto the chosen surface. 


3.2.3 Seeding HUVEC 
in Multi-well Plates (See 

Note 3f 


1. Add 1 ml of 1 % gelatin (in PBS) to each well in a 6-well, or 
proportionately less in smaller-well formats, for 15 min. 

2. Trypsinize a single flask of HUVEC as in Subheading 3.2.2. 

3. Make up to 8 ml with culture medium (see Note 7) and add 
2 ml of HUVEC suspension to each of 4 wells, or proportionately 
less in smaller-well formats. 

4. Culture at 37 °C in a 5 % C0 2 incubator. 

5. Replace the medium 24 h later and culture for 1-3 days 
(see Note 7). 
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3.2.4 Seeding HUVEC 
in Chamber Slides 


3.2.5 Culturing HUVEC 
in Microslides (See Note 8J 


6. If required add cytokine stimulant, e.g., TNF (100 U/ml) or 
IL-1 (5xl0 -11 g/ml), to cultures for desired period before 
assay (e.g., typically 4-24 h when studying neutrophils or 
lymphocytes). 

1. Trypsinize a single flask of HUVEC as in Subheading 3.2.1. 

2. Make up to 6 ml with culture medium (see Note 7). 

3. Remove chamber cover and add 2 ml to each Lab-Tele Chamber 
Slide (Nalge Nunc International, Naperville, IL) (Fig. 2). 

4. Replace plastic cover. 

5. Use the tray in which the chamber slides come as an incubation 
rack and incubate at 37 °C in a 5 % C0 2 incubator. 

6. Replace the medium after 24 h and culture for 1-3 days. 

7. Add cytokine stimulant (as suggested above) to culture for 
desired period before migration assay. 

1. Prepare the special culture dish (Subheading 2.3, item 5) by 
attaching a length of silicon rubber tubing (40 cm long) onto 
each external arm. 

2. Autoclave the dish with tubing attached at 121 °C for 11 min 
before use. 

3. Draw in 1 % gelatin (in PBS) using a pipettor with tip inserted 
into the adaptor tubing on microslides. Allow to coat for 30 min. 
Microslides hold ~50 pi. 

4. Wash microslides with PBS followed by air to remove excess 
gelatin using a pipettor with tip inserted into the adaptor 
tubing. 

5. Trypsinize a single flask of HUVEC as in Subheading 3.2.2. 

6. Resuspend cell pellet to -400 pi with culture medium and 
transfer to one corner of a tilted 35 mm petri dish. 

7. Aspirate -50 pi of cell suspension into each of the six microslides 
using a pipettor inserted in the silicon tubing adaptor. 

8. Place a sterile, glass microscope slide inside a 100 mm petri dish, 
rest the filled microslides across it (to keep them horizontal), 
and incubate in the dish at 37 °C for 1 h. 

9. Add 50 ml of culture medium to the special culture dish, prime 
the tubing and clamp ends. 

10. Connect the microslides aseptically to the internal side-arms of 
the special culture dish, via adaptor tubing, using sterile forceps. 

11. Placed the dish in a humidified C0 2 incubator and pass the 
silicon tubing through a service port located in the incubator 
wall (manufactured to order; e.g., either model GA2000, LEEC 
Ltd., Nottingham, UK or Nuaire DH; Triple Red, Thame, UK). 
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12. Attach the tubing to individual channels of a multichannel, 
roller pump (e.g., Watson Marlow 500 series pump with 
308MC pumpheads; Watson-Marlow Bredel Pumps Ltd., 
Falmouth, UK), itself linked to a timed power supply (e.g., RS 
Components Ltd., Corby, UK.). 

13. Pump medium through each microslide to waste (see Fig. 1 for 
layout) at a flow rate ~0.2 ml/min for 30 s in each hour to 
change medium contained in the microslides. 

14. The original seeding is designed to yield confluent monolayers 
within 24 h. 

15. After 24 h, treat HUVEC with TNF (100 U/ml) or IL-1 
(5 x 10 _n g/ml) if desired. Cytokines can be added to the dish 
to treat all microslides equally. Or, detach the microslides with 
tubing adaptor and place them in a separate disposable plastic 
culture dish. Aspirate differently diluted cytokines into the 
separate microslides as desired and repeat aspiration at hourly 
intervals. 


3.2.6 Culturing HUVEC 
in Ibidi \i-Slides VP 1 2 3 4 5 6 7 8 or 
Other Commercial 
Chambers 


1. Trypsinize a single flask of HUVEC as in Subheading 3.2.2. 

2. Resuspend cell pellet to -600 pi with culture medium. 

3. Aspirate -30 pi of cell suspension into each of the six channels, 
by placing the pipette at the entrance of the channel and gently 
releasing the cells. 

4. Incubate the slide at 37 °C for 1 h. 

5. Add 100 pi of medium to one end of the channel and remove 
from the other to remove non-adherent endothelial cells. 

6. Add 100 pi of medium and return the slide to the incubator for 
24 h prior to use in the assay. 

7. Other commercial chambers may also be coated with endothe¬ 
lial cells; for methods, refer to manufacturer’s instructions. 


3.3 Static Cell 
Adhesion Assays 

3.3.1 Cell Adhesion 
to Purified Proteins or 
Endothelial Cell 
Monolayers (See Note 2) 


1. Pre-warm the microscope and PBSA wash buffer to 37 °C. 

2. Pretreat the endothelial cells with cytokine if desired. 

3. Rinse the surface of the plate/monolayer (6-well format) with 
2 ml PBSA, using a plastic pipette to remove any residual 
protein. 

4. Add 2 ml of cell suspension to each well. 

5. Leave to settle for desired time (see Note 9). 

6. Aspirate off the cellular suspension and gently rinse twice 
with PBS. 

7. Add 2 ml PBSA and view the well under phase-contrast video¬ 
microscope with an objective magnification of x20. 

8. Make video/digital recordings immediately after the wash stage, 
choosing at least five different fields at random and record 
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them for 5 s each, to allow counting of adherent cells. If migratory 
behavior is of interest, choose one field at random and record 
continuously for 5 min (for leukocytes) or longer for analysis 
of movement ( see Note 10). 

3.3.2 DataAnalysis 1. Make video/digital recordings of a microscope stage microm¬ 

eter to calibrate the size of the field observed on the monitor 
and to calibrate scale of the image analysis system. 

2. To measure cell adhesion : Count all cells visible in each video field 
(seee. g., Fig. 3) (see Note 11). Take the average for the fields and 
convert to number per mm 2 using known dimensions of field. 
Multiply this by the area of the wells (9.6 cm 2 for 6-wells) and 
divide by the number of cells added. Multiply by 100 to obtain 
percentage of cells adherent. 

3. To measure cell migration'. Take images at intervals from the pro¬ 
longed video/digital sequence into a program such as Image Pro 
(DataCell, Finchampstead) in a sequence (e.g., at 1 min intervals 
for leukocytes). Outline cells using a pointer and record the posi¬ 
tions of their centroids. Calculate the distances and directions of 
cell migration in each interval. Calculate the average migration 
velocity over time and the direction of migration as required. 

4. To measure cell transmigration in endothelial cell assays (see 
Note 11): Express the count of phase-dark cells in each video 
field as a proportion of the total number of adherent cells. 
Take the average for the repeated fields. For leukocytes, 
phase dark cells are under the monolayer. This can be verified, 
e.g., by removing the endothelial layer with trypsin, to leave 
the transmigrated cells [5]. 



Fig. 3 Phase-contrast micrographs of confluent monolayers of (a) untreated HUVEC or (b) HUVEC treated 
withlOO U/ml TNF, after completion of a neutrophil adhesion assay. Neutrophils were settled for 5 min on 
HUVEC, and the non-adherent cells were washed off, and allowed to migrate for a further 15 min. In (b) phase 
bright neutrophils are adherent to the surface of the HUVEC (a) and phase-dark spread cells (m) are migrated 
underneath the monolayer 
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Fig. 4 Schematic of flow-based adhesion assay flow system. In expanded section of C. 1 = microslide, 2=double¬ 
sided tape, 3 = silicon rubber tubing with ID/OD 2/4 mm, 4=silicon rubber tubing with ID/OD1/2 mm 


3.4 Flow-Based 
Assay of Cell Adhesion 

3.4.1 Setting 
up the Flow Assay 


1. Assemble flow system shown in Fig. 4 but without chamber 
slide or microslide attached. The electronic valve has a com¬ 
mon output, and two inputs, from “Wash reservoir” and 
“Sample reservoir,” which can be selected by turning the 
electronic valve on or off. 

2. Fill wash reservoir with PBSA and rinse through all tubing, 
valves, and connectors with PBSA, ensuring bubbles are dis¬ 
placed (e.g., using syringe attached to 3-way tap for positive 
ejection). Fill sample reservoir with PBSA and rinse through 
valve and attached tubing. Prime downstream syringe and tub¬ 
ing with PBSA and load into syringe pump. All tubing must be 
liquid-filled. 


3.4.2 Connecting 
the Chamber Slides 
(Endothelial Cell Coated) 


1. Remove the medium from the chamber slide. 

2. To detach slide from the chamber, grip one end of slide and 
gently squeeze both ends of the chamber toward the center, 
lifting the chamber as its sealing gasket releases. 

3. To remove the gasket: insert the tip of a thin bladed spatula or 
similar tool under gasket at one corner. Without stretching 
or tearing the gasket, smoothly lift it away from the slide 
(see Note 12). 
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3.4.3 Connecting 
the Itlicroslides (Purified 
Protein or Endothelial Cell 
Coated) 


3.4.4 Connecting 
the Coated Ibidi |j -Slides 
or Other Commercial 
Chambers 


3.4.5 Perfusing Cellular 
Suspension and Recording 
Behavior 


4. Use dampened cotton bud to remove any gasket residue. 

5. Put the glass slide in the bottom Perspex plate of the flow 
channel and place a pre-cut gasket over the slide. Put the top 
Perspex plate onto the gasket (Fig. 2). 

6. Screw the top and bottom Perspex plates together evenly, 
tightening diagonally opposite screws by turn, a bit at a time. 

7. Put the tubing into the inlet and outlet holes in the top Perspex 
plate of flow chamber. 

1. Glue a coated microslide across the middle of a glass micro¬ 
scope slide using two spots of cyanoacrylate adhesive (Superglue 
Loclctite UK., Welwyn Garden City, UK.) applied to the edges 
of the slide. Discard tubing adaptor used for filling. 

2. Wrap double-sided adhesive tape around each end of the 
microslide, without obstructing lumen. 

3. Connect microslide to silicon rubber tubing by pushing over 
each of the taped ends. Start at the upstream (sample) end to 
avoid injection of air. Squeeze the 2 mm ID silicone rubber 
tubing to flatten and ease over rectangular end of microslide, 
one corner first. 

1. Mount the slide on the microscope stage, using a slide holder 
or some adhesive tape. 

2. Connect the supplied tubing, with Luer fittings, to the system 
and connect to the slide through the ports. Start at the upstream 
(sample) end to avoid the introduction of air bubbles. 

3. Cellix and Fluxion systems are supplied with custom-made 
flow systems specific to these devices. 

1. Place chamber slide or microslide onto microscope stage and 
start flow by turning on syringe pump in withdrawal mode, 
with electronic valve and 3-way tap in position to allow deliv¬ 
ery of PBSA front wash reservoir. 

2. Wash out culture medium and observe surface using phase- 
contrast microscopy. 

3. Adjust flow rate to that required for assay (see Note 13). 

4. Perfusion of leukocytes through microslides in our group is 
typically carried out at a flow rate (<2=0.37 ml/min) equiva¬ 
lent to a wall shear rate of 140 s _1 (which is comparable to that 
found in post-capillary venules) and wall shear stress of 0.1 Pa 
(=1 dyn/cnt 1 2 3 4 5 ). Descriptions of flow rates and corresponding 
shear stresses for the commercially available chambers are avail¬ 
able from the manufacturers. 

5. Load isolated cells into sample reservoir (Fig. 4) and allow to 
warm for 5 min. 
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3.4.6 Analysis of Cell 
Behavior from Video 
Recordings 


6. Switch the electronic valve so cell suspension is drawn through 
microslide. 

7. Deliver timed bolus (e.g., 4 min). Typically, flowing cells will 
be visible after about 30 s, the time required to displace dead 
volume in valve and tubing. 

8. Switch electronic valve so that PBSA from wash reservoir is 
perfused. Again, 30-60 s will be required before all cells have 
been washed through the chamber slide or microslide. 

9. Video recordings can be made as desired during inflow and 
washout of cells. Typically, a series of fields should be recorded 
along the centreline of the microslide during inflow (e.g., six 
fields recorded for 10 s each during the last minute of the bolus), 
for offline analysis of the behavior (e.g., rolling or stationary 
adhesion) of the cells. Another series should be made after 1 min 
washout (when the bolus is complete) for analysis of the num¬ 
bers of adherent cells. Fields are recorded over a desired period, 
or at later times (e.g., after a further 5 and 10 min) to assess 
cellular movement or transmigration through the monolayer 
when endothelial cells are used. All analyses are made offline. 

10. If a defined timing protocol is developed, digital images, or 
sequences of digital images could be recorded instead of video 
images. The continual recording of the latter gives flexibility in 
analysis. 

1. Calibrate size of video fields and image analysis system as in 
Subheading 3.3, step 3. 

2. Digitize a sequence of images at 1 s intervals from recordings 
made at desired times. 

3. Count cells present on a stop-frame video field at the start of a 
sequence. Repeat and average counts for the series of sequences 
recorded, e.g., after washout of non-adherent cells. Convert 
this to count of adherent cells/mm 1 2 3 4 5 . 

4. Divide this by the numbers of cells perfused (in units of 10 6 cells) 
to obtain number adherent/mm 2 /10 6 perfused. The number 
perfused is simply calculated by multiplying the concentration 
of the suspension (typically 10 6 /ml) by the flow rate (e.g., 0.37 
ml/min) by the duration of the bolus (e.g., 4 min). This 
normalization allows correction for changes in conditions 
(bolus duration, cell concentration, flow rate) between experi¬ 
ments, and effectively calculates an efficiency of adhesion. 

5. The count includes cells that are rolling (circular phase bright 
cells tumbling slowly at -1-10 pm/s over the surface) or stably 
adherent on the endothelial surface (phase bright cells typically 

with distorted outline and migrating slowly on the surface at 
<10 pm/min) or transmigrated cells (phase-dark spread cells 
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migrating under the HUVEC at >10 (rm/min). Non-adherent 
cells will only be visible as blurred streaks. 

6. To assist in obtaining data for proportion of adherent cells 
behaving in the different ways, play the digitized sequence as a 
loop. Observing cells in turn it is easy to classify them as roll¬ 
ing, stably adherent or transmigrated. 

7. Repeat the analysis at different times (e.g., after 1, 5, or 10 min 
of washout) to quantify the progress of migration through the 
endothelium or any changes in behavior such as transmigration 
through the endothelial monolayer. 

8. To measure rolling velocity, mark the leading edges of a series 
of cells to be followed and move to second captured frame. 
Re-mark the leading edges and record the distance moved. 
Repeat through the 10 s sequence. This will yield data for posi¬ 
tion versus time. Velocity for each cell can be averaged over the 
observation time, and estimates of variation in velocity made if 
desired. 


4 Notes 


1. The proteins suggested are typical of those used in static or 
flow-based assays for leukocytes. Previous studies of leukocyte 
adhesion have used laminin type I from Elizabeth-Horm- 
Sarcoma, but this is not stricdy appropriate as it is only found in 
the prenatal human basement membrane. The alternative lam¬ 
inin mixture, containing predominandy LN10, along with LN1, 
LN2, LN6, and LN8, may be more physiologically relevant. 

2. Microscopy gives unequivocal, direct evaluation of cell adhe¬ 
sion and allows the state of the cells and surface, and unifor¬ 
mity of adhesion to be checked. There are alternative methods, 
for example, a radioactive or fluorescent label, or a dye can be 
preloaded into the target cells. The label is released upon lysis 
of the cells adherent to the surface and quantitated by mea¬ 
surement of radioactivity, fluorimetry or densitometry respec¬ 
tively. There can be problems of label leakage and also uptake 
by the endothelial cells. Other methods include total lysis of 
adherent cells and measurement of total protein., or analysis 
of a released enzyme (e.g., myeloperoxidase from neutro¬ 
phils) or cell-specific marker. All of these approaches should 
be calibrated using known numbers of cells to obtain quanti¬ 
tative results. 

3. Six well plates are useful for adhesion assays as the large well 
format allows for efficient washing and provides a large, optically 
clear, area to view under the microscope. However, if limited 
purified proteins or cells are available, a smaller well format can 
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be used. 12- or 24-well plates give reasonable washing and 
viewing. Others have used 96-well plates, but visual quantifica¬ 
tion of adhesion is problematic (due to the limited area and 
poor optical properties). In our experience the problem with 
well-based assays lies in difficulty in achieving efficient washing 
and the tendency of cells to collect around the edges of the 
well. This is worse the smaller the well, and higher nonspecific 
background adhesion occurs which decreases sensitivity. 
Direct visual observation alleviates this problem to a degree, 
but is again better in larger wells. With the smaller well 
plates, washing can be improved using a swinging-bucket, 
plate centrifuge, with a sealed plate, to “spin” cells off the 
surface before analysis. 

4. The main constituents of the endothelial basement membrane 
are laminin, collagen type IV, and fibronectin, which we have 
used at coating concentrations ranging between 0.02 and 20 
pg/ml. A 0.2 pg/ml laminin solution deposited protein onto 
the surface equivalent to that found in the basement mem¬ 
brane deposited from HUVEC which had been cultured for 
20 days (measured by ETISA) [12]. The same was true for a 
collagen solution of around 2 pg/ml. It is advisable to titrate 
proteins for particular cells under study. 

5. Successful coating with APES requires that the reagent be 
anhydrous. We buy small volumes adequate to coat a batch of 
microslides, use a fresh bottle for each batch, and discard any 
unused reagent. It is important to efficiently remove all liquid 
from each microslide between changes, and to ensure all bubbles 
are displaced on refilling with agents. 

6. In general, microslides are coated with receptors involved in 
capture of flowing cells, such as P- or E-selectin, or VCAM-1 (-), 
where concentrations ~1 pg/ml have been effective. Leukocytes 
typically form unstable rolling attachments on these receptors. 

In our hands, titration of P-selectin has shown that as the 
concentration used increases, attachment quickly saturates, but 
velocity at which cells decreases steadily. If capture receptors 
are combined with other receptors for firm adhesion, then cells 
may become stably attached and migrate. For leukocytes this 
typically requires addition of an activating agent, such as a che- 
mokine, to activate integrin receptors. 

7. One confluent 25 cm 2 flask of HUVEC, resuspended in 6 ml, 
will seed 3 wells (2 ml per well), to produce a confluent mono- 
layer within 24 h. Alternatively, one 25 cm 2 flask can be resus¬ 
pended in 8 ml and used to seed four wells, which will be 
confluent in 2-3 days. We have found no difference in neutro¬ 
phil adhesion or migration on 1 or 3 day cultures [12]. 
Chamber slides can be seeded as if equivalent to a single well in 
a 6-well plate. 
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8. The microslide culture system is one we have developed for 
culture of endothelial cells under flow as well as for testing of 
adhesion and migration [13]. The culture dishes can have 
three ports or six ports. Three port dishes are ideal for setting 
up different cytokine treatments or culture regimes, whilst six 
port dishes are ideal when those parameters are fixed but the 
endothelial cells or perfused cells are different. A system is 
available commercially (GlycoTech, Rockville, MD) based on 
culture of endothelial cells in 35 mm diameter culture dishes. 
An adaptor and gasket are inserted on top of the cells and held 
in place by vacuum. The device allows perfusion of fluid (± 
suspended cells of interest) over a central region of the endo¬ 
thelial surface. 

9. When studying neutrophil adhesion we found 5 min to be an 
appropriate settling time. This short duration and the effective 
wash procedure in 6-well plates results in little or no background 
neutrophil adhesion on albumin coated proteins or unstimulated 
HUVEC controls (see Fig. 3a). However, the settling time needs 
to be tested depending on the type of cell being studied, and may 
need to be longer for poorly adherent cells. 

10. We have found that 5-10 min is sufficient to visualize neutro¬ 
phils migrating on proteins or over, through and underneath 
endothelial monolayers. However, the rate of migration varies 
between cell types. Longer recordings maybe required allow¬ 
ing analysis of migration over hours rather than minutes 
e.g., for endothelial cells or fibroblasts. 

11. Adherent leukocytes can be classified into two groups: (1) 
phase-bright cells adherent to the upper surface of the endo¬ 
thelial cells; (2) phase-dark, spread cells that are transmigrated 
under the endothelial monolayer (see Fig. 3b). Leukocyte 
adhesion levels should not change between the two sets of 
recordings—only the proportion that have transmigrated. 

12. Take care with this procedure, so as not to disrupt the endo¬ 
thelial monolayer. 

13. The flow rate (Q) required to give a desired wall shear rate (y w 
in s -1 ) or wall shear stress (r w in Pascal, Pa) is calculated from 
the internal width ( w ) and internal depth (h) of the microslide 
(or flow channel) and the viscosity (ri) of the flowing medium 
using the formulae, 

Y =(6 Q) / [wh 2 y,T = ny 

For microslides, since w= 3 mm, h= 0.3 mm, n = 0.7 mPa s 
for simple cell-suspension buffers at 37 °C, this can be manipu¬ 
lated to give, 

Q{m\! min) = 0.0027y w (V')or Q(m\l min) = 3.95r w (Pa) 
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When using flow channels which are formed by slots cut in 
the gasket, the length and width of the slot, and the thickness 
of the gasket (i.e., depth) are used in the calculation. 
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Dorsal Skinfold Chamber Preparation in Mice: Studying 
Angiogenesis by Intravital Microscopy 

Axel Sckell and Michael Leunig 

Abstract 

Intravital microscopy represents an internationally accepted and sophisticated experimental method to 
study angiogenesis, microcirculation, and many other parameters in a wide variety of neoplastic and non¬ 
neoplastic tissues. Since 1924, when the first transparent chamber model in animals was introduced, many 
other chamber models have been described in the literature for studying angiogenesis and microcircula¬ 
tion. Because angiogenesis is an active and dynamic process, one of the major strengths of chamber models 
is the possibility of monitoring angiogenesis in vivo continuously for up to several weeks with high spatial 
and temporal resolution. In addition, after the termination of experiments, tissue samples can be excised 
easily and further examined by various ex vivo methods such as histology, immunohistochemistry, and 
molecular biology. This chapter describes the protocol for the surgical preparation of a dorsal skinfold 
chamber in mice as well as the method to implant tumors in this chamber for further investigations of 
angiogenesis and other microcirculatory parameters. However, the application of the dorsal skinfold cham¬ 
ber model is not limited to the investigation of neoplastic tissues. To this end, the investigation of angio¬ 
genesis and other microcirculatory parameters of nonneoplastic tissues such as tendons, osteochondral 
grafts, or pancreatic islets has been an object of interest. 
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1 Introduction 


Since 1924, when the first transparent chamber model in animals 
was introduced by Sandison [1], many other chamber models have 
been described in the literature for studying angiogenesis and micro¬ 
circulation in a wide variety of neoplastic and nonneoplastic tissues 
by means of intravital microscopy (for reviews see refs. [2-4]). 
Because angiogenesis is an active and dynamic process, one of the 
major strengths of chamber models is the possibility of monitoring 
angiogenesis in vivo continuously up to several weeks with high 
spatial and temporal resolution. In addition, after the termination 
of experiments, tissue samples can be excised easily and further 
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2 Materials 

2.1 Dorsal Skinfold 
Chamber Preparation 

2.1.1 Facilities and 
Apparatus 


examined by various ex vivo methods such as histology, irnmuno- 
histochemistry, and molecular biology. 

The advantages of using mice as experimental animals are, for 
instance, the availability of a large number of different well-defined 
mouse strains, including transgenic or knockout mice, and the 
wide variety of commercially generated agents suitable for mice, 
such as monoclonal antibodies, nanoparticles, and single-gene 
products. 

This chapter describes the protocol for the surgical preparation 
of the dorsal skinfold chamber in mice as well as the method to 
implant tumors in this chamber for further investigations of angio¬ 
genesis and other microcirculatory parameters. The model [5, 6] 
presented here is the development of a similar model in hamsters 
[7]. In brief, take a fold of the depilated dorsal skin of an anesthe¬ 
tized mouse and cut out surgically a circular area of one skin layer 
(consisting of epidermis, dermis, subcutis, cutaneous muscle, and 
subcutaneous fatty tissue) completely. Then, fix the skinfold like a 
sandwich between the two titanium frames of the chamber and 
close the operation field with a sterile coverslip to avoid drying, 
infection, or mechanical damage of the inner layer (i.e., the cutane¬ 
ous muscle) of the unprotected side of the opposite skin. For tissue 
implantation or other local treatments, the chamber can easily be 
opened again by removing the coverslip and be reclosed with a 
new sterile coverslip. The cutaneous muscle serves as a site for 
implantation of tissues such as little chunks of solid tumors (see 
Subheading 3.2). From now on, intravital microscopy can be per¬ 
formed for monitoring angiogenesis and other parameters such as 
tumor growth, microvascular perfusion index, microcirculation, 
and leukocyte endothelium interaction. However, the application 
of the dorsal skinfold chamber model is not limited to the investi¬ 
gation of neoplastic tissues. To this end, the investigation of angio¬ 
genesis and other microcirculatory parameters of nonneoplastic 
tissues such as tendons [8], osteochondral grafts [6, 9], or pancre¬ 
atic islets [10] has been an object of interest. In principle, the 
implantation of these tissues follows the same rules like the implan¬ 
tation of tumors as described in this chapter (see Subheading 3.2). 


1. Laminar flow hood. 

2. Dry sterilizer. 

3. Dissecting microscope. 

4. Two flat custom-made thermal pads. 

5. Halogen lamp with two flexible swan-neck light transmission 
tubes. 
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Fig. 1 Setup for the surgical preparation inside the hood: a mouse, b swan-neck light transmission tube 2 
(for transillumination from behind), c halogen lamp, c/thermal pad, e swan-neck light transmission tube 1 (for 
epiillumination from above), fskinfold, g holding thread, h baby mosquito, /'flexible swan-necks of the skin¬ 
spreading device 


6. Custom-made skin-spreading device (Workshop, Department 
of Experimental Surgery, University of Heidelberg, 
Heidelberg, Germany; Fig. 1). This consists of a heavy metal 
base and two flexible swan-neclc tubes for applying tension to 
spread out the mouse skinfold, prior to the fixation of the 
back titanium frame of the dorsal skinfold chamber to the 
sltinfold of the mouse. 

1. Isotonic sodium chloride (0.9 % NaCl solution injectable). 

2. Anesthesia: Mixture consisting of isotonic sodium chloride, 
ketamine hydrochloride, xylazine, and acepromazine. 

3. Depilatory cream. 

1. Custom-made dorsal sltinfold chambers (Workshop, 
Department of Experimental Surgery, University ofHeidelberg, 
Heidelberg, Germany; Fig. 2) consisting of 2 titanium frames, 
3 screws (M2 x 6), 6 nuts (size 4), and one tension ring to keep 
the sterile coverslip in position after closing of the chamber 
preparation. 

2. Sterile coverslips (0.13 to 0.16 mm thick, 11.75 mm diameter, 
circular, Assistent, Sontheim, Germany). 

3. Special pair of pliers (Garant®, Germany) to bring the tension 
ring in position to keep the chamber closed and to remove it 
again, respectively. 

4. Wrench (CHR-VAN, size 4, SKG, Germany). 


2.1.2 Drugs 


2.1.3 Dorsal Skin fold 
Chambers 
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Fig. 2 Construction plan of the dorsal skinfold chamber: (a) Cross-section; (b) lateral view: a titanium frame, b 
coverslip, c tension ring, d screw, e nut, f screw holes, g bore holes for holding sutures, h holes for weight 
reduction of the chamber 


2.1.4 Surgical 1. Electric hair clipper equipped with a 1/20 mm cutting head 

Instruments (GH 700; Aesculap®). 

2. Two delicate hemostatic forceps (baby mosquito, BH 115, 
Aesculap®). 

3. One needle holder (Castroviejo, BM 2, Aesculap®). 

4. One delicate dissecting forceps (Micro-Adson, BD 220, 
Aesculap®). 

5. Two microforceps (BD 331, Aesculap®). 

6. One pair of dissecting scissors, fine patterns (Cottle-Masing, 
sharp, OK 365, Aesculap®). 

7. One pair of microscissors (spring type) with round handles 
(FD 103, Aesculap®). 

8. One pair of microscissors (spring type) with flat handles and 
cross-serration (Vannas, FD 15, Aesculap®). 

9. Sterile scalpel blades. 

10. Polypropylene sutures. 

2.1.5 Other Materials 1. Mouse (25-30 g body weight, 6-12 weeks); depending on the 

research goal, inbreed, outbreed, immune-competent, 
immune-deficient, and so on. 

2. One cage per animal (see Note 1). 

3. Syringes (1 ml). 
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2.1.6 Additional 
Equipment Necessary 
for Tissue Implantation 


3 Methods 

3.1 Surgical 

Preparation 

of the Dorsal Skin fold 

Chamber 


4. 26-gauge needles (26G3/8, 0.45 x 10). 

5. Sterile nonwoven swabs (5x5 cm). 

6. Sterile Q-tips (cotton pads on wooden sticks). 

7. Fine black waterproof permanent pen. 

8. Surgical masks. 

9. Rubber gloves. 

10. 70 % alcohol to disinfect skin of the mouse, surgical instru¬ 
ments, and rubber gloves. 

1. Custom-made device consisting of a slitted polycarbon tube 
(24 mm internal diameter, 120 mm long) and a special mount¬ 
ing stage to fix the tube with the animal in it (Workshop, 
Department of Experimental Surgery, University of 
Heidelberg). 

2. Adhesive tape (hypoallergenic, «1.2 cmx9.1 m). 

3. Hank’s balanced salt solution (100 ml) stored at 6 °C. 

4. Sterile petri dishes (diameter«100 x20 mm). 


A scheme of the setup for the surgical preparation of the dorsal 
skinfold chamber is shown in Fig. 1. All surgical procedures should 
be performed under aseptic conditions (see Note 2). 

1. Anesthetize the mouse by an injection of a mixture of ket¬ 
amine (65 mg/kg body weight), xylazine (13 mg/kg body 
weight), and acepromazine (2 mg/kg body weight) intramus¬ 
cularly into the limb (see Note 3). 

2. For depilation of the entire dorsum of the mouse, carefully 
shave the anesthetized mouse with the electric hair clipper. Put 
the mouse on a thermal pad outside the hood and apply a thick 
layer (1-2 mm) of depilatory cream on the shaved skin area. 
After the cream was allowed to take effect for 5-10 min (see 
Note 4), it can be easily removed using a nonwoven swab 
soaked in hand-warmed, germ-free water, wiping in caudal-to- 
cranial direction (see Notes 5 and 6). 

3. Dry the wet depilated skin with a dry sterile swab and disinfect 
the skin with a 70 % alcohol-soaked swab. 

4. Place the mouse between the light transmission tube (tube 2) 
of the halogen lamp (Fig. 1) and the surgeon, in a prone posi¬ 
tion on an opened sterile nonwoven swab lying on the thermal 
pad inside the hood. The longitudinal axis of the mouse (with 
its head lined up to the left-hand side of the surgeon) should 
be parallel to the frontal plane of the surgeon. Illuminate the 
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mouse from top with the light transmission tube (tube 1) of 
the halogen lamp. Adjust tube 2 with its central light about 
2 cm parallel to the surface of the thermal pad and perpendicu¬ 
lar to the longitudinal axis of the mouse (Fig. 1). 

5. Lift up a fold of the depilated dorsal skin. This fold, running 
from the sacrum to the neck of the mouse, should be located 
directly over, and parallel to the spine. Adjust the fold under 
transillumination (tube 2) in such a way that both sides of the 
skinfold become congruent (see Note 7). Then, spread the 
skin in the upright position by fastening two holding threads 
(polypropylene 4-0; no knots but one baby mosquito each 
fixed at their ends) at the edge of the skinfold (see Note 8) and 
hanging them over two flexible swan-necks of the custom- 
made skin spreading device (Fig. 1; see Note 9). 

6. Fix the first titanium frame of the chamber to the side of the 
skinfold facing away from the surgeon with two temporary 
holding sutures (polypropylene 4-0) through both of the bore¬ 
hole pairs, left and right of the apical screw (see Notes 
10 - 12 ). 

7. Remove the two holding threads completely and make two 
small incisions (using a pair of Cottle-Masing scissors or a no. 
15 scalpel blade), perforating the entire skinfold to let the two 
lower screws of the titanium frame come through (see Notes 
13 and 14). The fixation of the latter two screws using the 
baby mosquitos helps to adapt the skinfbld temporarily to the 
titanium frame, facilitating further surgical preparations. The 
bent tip of the Baby-Mosquito should then point towards the 
mouse and not the surgeon. 

8. Use the cranial baby mosquito to turn the back titanium frame 
in a perpendicular position to the transilluminating light. The 
edge of the circular area being projected through the central 
window of the back titanium frame to the skin facing the sur¬ 
geon now can be easily marked with a dotted line using a fine 
black permanent pen. 

9. Place the mouse in right lateral position under the dissecting 
microscope (-sixfold magnification; see Note 15) with the 
skinfold pointing to the surgeon. 

10. Using delicate dissecting forceps (Micro-Adson) and micro¬ 
scissors (FD 103), remove all layers of the skin completely 
(epidermis, dermis, subcutis, cutaneous muscle, parts of the 
subcutaneous fatty tissue) along the marked dotted line (see 
Notes 16 and 17). 

11. Stop possible bleeding along the edge of the wound gently by 
using sterile Q-tips slightly moistened with isotonic saline. 
Now allow 3-5 min to elapse to ensure that no further bleed- 
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3.2 Tissue 
Implantation into the 
Chamber Preparation 


ing takes place. Meanwhile, to avoid drying out the operation 
field, perfuse this area with isotonic saline (see Note 18). 

12. Absorb excess saline with dry Q-tips (see Note 19) and put the 
optical magnification on -tenfold. The next step is probably the 
most critical step of the chamber preparation: Use microforceps 
(BD 331) and a pair of microscissors (Vannas) to carefully 
remove the last layer of subcutaneous fatty tissue that is con¬ 
nected to the underlying cutaneous muscle of the opposite 
skin (see Notes 20-22). 

13. Close the chamber preparation like a sandwich with the second 
titanium frame: First, connect the lower two screws to the cor¬ 
responding holes of the second frame and then the apical one 
(see Note 23). If no air bubbles are visible between the cover- 
slip and the underlying cutaneous muscle, screw on the nuts to 
finally fix the two frames of the chamber together (see Notes 
24 and 25). 

14. Perform four holding sutures (polypropylene 4-0) to spread 
and fix the edges of the sandwiched skinfold to all four pairs of 
boreholes left and right from the apical screw in both chamber 
frames. After stitching but before closing the knots of the two 
central holding sutures, cut the old temporary holding sutures 
from step 6 and remove them completely (see Note 26). 

15. Place the operated mouse in its cage and leave it on a thermal 
pad outside the hood at least until the mouse has regained 
consciousness (see Note 27). 

The following section describes the explantation of a solid tumor 
from a donor mouse and the consecutive implantation of a chunk 
of this tumor into the dorsal skinfold chamber preparation of a 
recipient mouse (see Notes 28 and 29): 

1. Allow at least 48 h to elapse for the animals to recover com¬ 
pletely from surgery before implantation of any tissue into the 
dorsal skinfold chamber preparation. Exclude all animals from 
further treatment and sacrifice them when there are signs of 
bleeding, inflammation, or any other irritation at the implanta¬ 
tion site (see Note 30). Only chambers meeting criteria of 
intact microcirculation [11] should be used as sites for 
implantation. 

2. Sacrifice the donor mouse bearing a solid subcutaneous tumor 
according to official Guidelines for Care and Use of Experimental 
Animals. For 2-3 min, completely insert the dead animal into 
a 70 % alcohol solution for disinfection. Excise the desired 
tumor surgically under aseptic conditions in the hood and put 
it into a sterile petri dish previously filled with cold (-6 °C) 
Hank’s balanced salt solution. 
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Fig. 3 A mouse fitted with a dorsal skinfold chamber inside a polycarbon tube fixed on the special mounting 
stage: a mouse, b slitted polycarbon tube, c slit, d breathing hole, e special mounting stage, /"device to fix the 
polycarbon tube on the mounting stage, g dorsal skinfold chamber preparation, h objective of the intravital 
microscope 


3. The dissecting microscope is only needed for this step of the 
protocol (magnification -tenfold). Remove the capsule and all 
hemorrhagic or necrotic parts of the tumor with the help of 
microforceps and a pair of microscissors. Cut the remaining 
tumor into small chunks of a diameter no greater than about 
0.5-1 mm (see Note 31). 

4. Put the nonanesthetized recipient mouse in the slitted polycar¬ 
bon tube (Fig. 3). An adhesive tape fixed across the slit right 
behind the chamber jutting out will prevent the animal escap¬ 
ing from the tube (see Note 32). Then, fix the chamber in a 
horizontal position in the special mounting stage, which will 
also serve as a stage to perform intravital microscopy of the 
implant at a later time (Fig. 3). 

5. Remove the tension ring with the wrench. Use a 26-gauge 
needle as lever to lift the coverslip a few millimeters, finally 
grasping and removing it with microforceps. 

6. Transfer one of the tumor chunks with another set of sterile 
microforceps onto the cutaneous muscle in the center of the 
open chamber (see Note 33). 

7. With a new, sterile coverslip, reclose the chamber prepara¬ 
tion. Before inserting the tension ring to fix the coverslip in 
position, make sure that there are no persisting air bubbles. 
These air bubbles can be removed with a Q-tip (see Notes 24 
and 34). 
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8. Cover the central window of the back titanium frame, which has 
no coverslip inserted, with a piece of adhesive hypoallergenic 
tape (see Notes 35 and 36) and release the mouse back into its 
cage after removing the other adhesive tape from the tube. 

9. Intravital microscopy of the implanted tumor chunk can be 
performed now repeatedly in the conscious or anesthetized 
animal by means of normal light and transillumination, or by 
means of epiillumination from a mercury lamp and a fluores¬ 
cent filter set in combination with appropriate fluorescent dyes 
injected intravenously into the animal (see Note 37). 


4 Notes 


1. For optimal quality of the chamber preparation, one of the 
basic requirements is that the area of the dorsal skin associated 
with the chamber preparation lacks any injuries, scars, or other 
irritations. Therefore, prior to surgery, only mice from one 
brood should be held together in one cage, since mice from 
different broods tend to cause injury to one another. After 
chamber implantation, the animals must be housed separately 
in single cages; otherwise, they may destroy each other’s cham¬ 
ber preparations by scratching and biting. 

2. Work under a laminar flow hood and wear a surgical mask as 
well as rubber gloves to minimize the possibility of bacterial 
contamination of the chamber preparation. Between prepara¬ 
tions of two different animals, all surgical instruments should 
be first cleaned mechanically with sterile nonwoven swabs 
soaked in alcohol and then sterilized with a dry sterilizer. The 
gloves should be washed with alcohol and changed from time 
to time. 

3. To avoid cooling of the body temperature of the mouse, the 
anesthetized animal should be placed on a thermal pad (~37 
°C) whenever possible. 

4. While the depilatory cream is taking effect, clean and prepare 
the surgical instruments for the following chamber 
preparation. 

5. To avoid irritation of the skin, wipe gendy but unsparingly 
with fresh water-soaked swabs. 

6. It is important to use depilatory cream as needed to remove all 
hairs. Otherwise, during later transillumination microscopy 
the remaining hair roots will show up as dark shadows, decreas¬ 
ing the optical quality of the region of interest. 

7. Points of reference are the larger vessels of the skin, which run 
symmetrically to each other on the left and right side of the 
sagittal plane of the mouse. 
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8. The chamber should fit between the two holding sutures. 

9. The weight of a baby mosquito fixed at the end of each hold¬ 
ing thread is heavy enough to keep the skinfold in an upright 
position. 

10. If possible, place the central window of this frame in a manner 
that it is lying centrally between the two main vascular trunks 
coming from caudal and cranial. 

11. The skin between the two sutures should be unstressed and the 
apical screw of the chamber frame should just jut over the 
upper edge of the skinfbld. 

12. Because the two holding sutures have to be removed at a later 
time (see step 14) and to avoid local skin necrosis do not make 
these sutures too tight. 

13. The location of larger skin vessels may be controlled with 
transilluminating light. These vessels should not be cut or 
damaged by the incisions. 

14. There should not be any tension on the skin area between the 
two screws and holding sutures. 

15. The two baby mosquitos may be used to adjust the skinfold 
and keep it level, parallel to the surface of the thermal pad. 

16. Be sure to remove all macroscopic particles left inside or 
around the marked skin area before cutting. Loose hairs or 
small fibers of the nonwoven swab may be detected easily 
under the dissecting microscope and can be removed using 
microforceps. 

17. Avoid hurting the underlying inside of the opposite skinfold. It 
may be advantageous to perform the initial incision in the cen¬ 
ter of the marked area. Then continue cutting towards and 
along the dotted line, respectively. 

18. Allow enough time for bleeding to stop. The last layer of sub¬ 
cutaneous fatty tissue still protects the underlying cutaneous 
muscle of the opposite skin, which will later serve as the site of 
tissue implantation. After-bleeding at a later time onto the 
unprotected cutaneous muscle can easily destroy the chamber 
preparation. 

19. Place the Q-tip close to the edge of the operation field. In 
doing so, touching of the vulnerable inside of the underlying 
skin is avoided. 

20. Be sure to dissect the subcutaneous fatty tissue from the under¬ 
lying cutaneous muscle by cutting, and not by pulling it away. 
Too much pulling may lead to disruption of small vessels of the 
muscle and thus to uncontrolled micro-bleeding. 

21. Steps 12 and 13 have to be performed as free of interruption 
as possible, to avoid drying and damage of the tissue layer 
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(cutaneous muscle), which will later be used as a bed for 
implanting other tissues. 

22. To save time, it may be advantageous to remove all the remain¬ 
ing subcutaneous fatty tissue in toto, starting from caudal and 
toward cranial if you are cutting right-handed. 

23. At the time of closure of the chamber preparation, the cover- 
slip should already be inserted and fixed in the second titanium 
frame with the tension ring. 

24. Usually, the cutaneous muscle should stick to the coverslip 
solely by adhesion forces, automatically expelling remaining 
air. After closure of the two chamber frames, small, persisting 
air bubbles may be carefully “pushed out” of the chamber 
from behind through the central window of the first titanium 
frame with a dry Q-tip. If you fail to remove all air bubbles, 
open the slit between both titanium frames for some millime¬ 
ters, insert few drops of saline between the coverslip and the 
cutaneous muscle using a 26-gauge needle to drive out remain¬ 
ing air bubbles and close the chamber again. 

25. The first nut should be screwed on the apical screw. Make sure 
not to tighten the nuts too much. This could result in local 
skin necrosis or a deficient blood flow to and from the skin 
being part of the chamber preparation. 

26. Make at least 6-8 knots in each of the four holding sutures, 
since the mice sometimes try to chew through sutures. 

27. It will take a maximum of 1-2 days for the mouse to get com¬ 
pletely accustomed to its new “knapsack.” To allow the mouse 
to eat easily during these first days after surgery, some food 
may be put directly on the floor of the cage. After this time 
period, the mouse should show normal behavior again (e.g., 
cleaning itself, eating, drinking, sleeping, playing, and climb¬ 
ing around in the cage). 

28. To avoid immune reactions between the recipient animal and 
the tumor, use either isografted mouse carcinomas or immu- 
nodeficient mice as recipients (e.g., severe combined immuno- 
deficient [SCID] mice). 

29. Only fast-growing tumors are suitable for implantation since 
the mice must be sacrificed (on average) less than 30 days after 
the initial chamber implantation. Stimulated by the weight of 
the chamber, new skin will grow and lead to a lateral tipping 
over of the chamber preparation, causing reduced blood flow 
to and from the skinfold sandwiched between the two titanium 
frames. As a rule of thumb, solid tumors reaching visible size 
within 1-3 weeks after subcutaneous implantation may be suit¬ 
able for implantation into the chamber preparation. 
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30. Daily weight monitoring may help to appraise the general state 
of health of the animal. After an initial loss of weight (<10 %), 
mice should stabilize again within the first 48 h after surgery. 
When bearing a tumor, a further loss of weight might be 
observed in these animals with increasing tumor volume over 
time. 

31. To avoid warming of the tumor chunks before implantation in 
different animals, put the petri dish on ice from time to time. 

32. Since it may be stressful for mice to be inserted into a tube dur¬ 
ing experiments, it is recommended to leave a tube in their 
cage 1 or 2 weeks prior to the chamber implantation so that 
they become accustomed to it. 

33. To avoid drying of the cutaneous muscle and to facilitate air- 
bubble-free reclosure of the chamber, moisten it with few 
drops of saline. 

34. Be sure that the tumor chunk implanted does not move away 
from its position in the center of the chamber. 

35. The growing tumor may sometimes provoke an itching stimu¬ 
lus at the site of implantation. Using a tape may prevent inju¬ 
ries to the skin and implant of the mice caused by scratching. 

36. Avoid direct contact between the tape and the skin of the 
mouse. 

37. This may be an advantage in comparison to other non-transparent 
chamber models such as the cranial bone window model in mice 
[12] where intravital investigations may be performed exclu¬ 
sively on anesthetized animals using epiillumination. 
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Chapter 18 


Quantitative Estimation of Tissue Blood Flow Rate 

Gillian M. Tozer, Vivien E. Prise, and Vincent J. Cunningham 

Abstract 

The rate of blood flow through a tissue (F) is a critical parameter for assessing the functional efficiency of a 
blood vessel network following angiogenesis. This chapter aims to provide the principles behind the estima¬ 
tion of F .', how F relates to other commonly used measures of tissue perfusion, and a practical approach for 
estimating F in laboratory animals, using small readily diffusible and metabolically inert radio-tracers. 
The methods described require relatively nonspecialized equipment. However, the analytical descriptions 
apply equally to complementary techniques involving more sophisticated noninvasive imaging. 

Two techniques are described for the quantitative estimation of F based on measuring the rate of tissue 
uptake following intravenous administration of radioactive iodo-antipyrine (or other suitable tracer). The 
Tissue Equilibration Technique is the classical approach and the Indicator Fractionation Technique, which 
is simpler to perform, is a practical alternative in many cases. The experimental procedures and analytical 
methods for both techniques are given, as well as guidelines for choosing the most appropriate method. 

Key words Backflux, Blood flow rate, Cannulation, Distribution volume. Indicator fractionation, 
Iodo-antipyrine, Partition coefficient, Radiotracer, Tissue equilibration 


1 Introduction 


The maturation phase of angiogenesis results in a functional blood 
vessel network. In established tumors, this network is abnormal, 
but nevertheless sufficient to support tumor growth and metastasis. 
Blood flow rate through the vascular network is a measure of its 
functional efficiency, knowledge of which is central to understand¬ 
ing the angiogenic process. Its quantitative estimation provides the 
basis for determining oxygen, nutrient, and drug delivery to tissue 
{see Note 1 ). In pathological angiogenesis, such as in tumors, blood 
flow rate is the most sensitive and relevant pharmacodynamic end¬ 
point for determining the efficacy of drugs designed to disrupt 
blood vessel function. Therefore, estimation of blood flow rate is 
essential for both basic studies of the angiogenic process and applied 
studies of the effects of therapy. This chapter aims to provide the 
principles behind, and a practical approach to, the quantitative 
estimation of blood flow rate in experimental mice and rats. 
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Blood flow rate is the rate of delivery of arterial blood to the 
capillary beds within a particular mass of tissue. It is typically mea¬ 
sured in units of mis of blood per g of tissue per minute (ml 
blood/g tissue/min), or, alternatively, per unit volume of tissue 
(ml blood/ml tissue/min). 

The average time taken for blood to pass through a particular 
capillary bed (capillary mean transit time (r)) is the parameter that 
relates tissue blood flow rate (Tin ml/g/min) to fractional blood 
volume of the tissue (F in ml/g). This classical relationship is 
known as the central volume principle [1]: 

r = V / F (1) 

For different tissues, F can vary widely, for example it is approxi¬ 
mately 0.1 ml/g/min in rat skin and 4.0 ml/g/min in rat kidney. 
From Eq. 1 and using a value for V of 0.03 ml/g for skin and 
0.06 ml/g for kidney, r is approximately 18 s and 0.9 s, respectively, 
for these tissues. From Eq. 1, z is only indirectly proportional to T, 
if V is constant, and so neither z nor V can be used to estimate F 
unless they are both measured simultaneously. The same consider¬ 
ations apply to parameters related to z, such as red blood cell velocity 
(RBC velocity) and the blood supply time (BST); see below. 

In order to estimate F , the most accurate approach is to mea¬ 
sure the rate of delivery of an agent carried to the tissue by the 
blood. A contrast agent is injected into the blood-stream; its con¬ 
centration time-course in arterial blood (input function) together 
with the kinetics of its uptake into tissue (tissue response function) 
are measured. Fis then estimated from a mathematical model relat¬ 
ing the tissue response function to the input function (see below). 
The contrast agent can be radio-active, whereby tissue concentra¬ 
tions can be measured by gamma or scintillation counting or by an 
external imaging system (e.g., a positron emitter for positron emis¬ 
sion tomography). Alternatively, a contrast agent that is suitable 
for external magnetic resonance imaging, computed tomography, 
or ultrasound imaging can be used. Radio-active agents have the 
advantage that they can be administered at true tracer concentra¬ 
tions, therefore not interfering with physiological processes, and 
they do not necessarily need sophisticated imaging technology. 

Some common methods for determining blood perfusion 
parameters are given below, most of which do not provide fully 
quantitative estimates of the blood flow rate, F: 

1. Intravital microscopy is a specialized technique that enables 
direct visualization of tissue microcirculation, usually via surgi¬ 
cally implanted transparent chambers or single-sided windows. 
This enables measurement of RBC velocity (pm/s) in individ¬ 
ual capillaries, as well as the blood supply time (BST, defined 
below). RBC velocity is measured either by directly tracking 
individual fluorescently labelled red blood cells through vessel 
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segments [2] or matching the interference patterns of light 
reaching a camera through a slit system [3]. Modern computing 
techniques now enable comparison of optical signals at indi¬ 
vidual spatial locations with those in neighboring locations 
over time, so that two-dimensional maps of both speed and 
direction of blood flow can be constructed, based on similar 
principles to the classical slit system approach [4 ]. Measurements 
can be combined with measurements of red cell flux (number 
of red blood cells traversing a vessel segment per unit time) to 
calculate microvascular hematocrit [5] or with morphological 
measurements of individual blood vessel segments to obtain 
each segment’s volume flow rate (F scg ), which assumes that 
RBCs are traveling with the bulk plasma flow [6]. Measurement 
of BST has been carried out in intravital studies of tumors, 
from images of the tumor vascular network over time, follow¬ 
ing the intravenous injection of a fluoresecent marker such as 
TRITC-dextran [7]. For each pixel of the vascular image, BST 
is defined as the time difference between the frame showing 
maximum fluorescence intensity and the frame showing 
maximum fluorescence intensity in a tumor-supplying artery, 
during a short timescale following intravenous injection. Both 
RBC and BST provide functional information on tumor perfu¬ 
sion, but are not directly related to F, as discussed above. 

2. Laser Doppler flowmetry (LDF) provides a means of estimating 
relative changes in red cell velocity, e.g., following treatment, 
via surface or tissue-inserted probes. This measures a frequency 
shift in light reflected from moving red cells, which is a mea¬ 
sure of average red cell velocity [8]. Again, it should be noted 
that changes in red cell velocity may not accurately reflect 
changes in F. 

3. The fluorescent DNA-binding dye, Hoechst 33342, and cer¬ 
tain carbo-cyanine dyes are examples of rapidly binding agents 
that have been used to determine a ‘perfused vascular volume’ 
(as a fraction of the total tissue volume) rather than blood flow 
rate per se. This method has been used especially in tumor 
studies [9, 10]. In this case, tissues are excised after several 
circulation times, following intra-venous injection of the dye, 
and functional vessels appear in tissue sections as fluorescent 
halos. Alternatively, a fluorescently tagged lectin that rapidly 
binds to endothelial cells in vivo can be used [11]. Conventional 
Chalkley point counting [12, 13] or image analysis provides 
the fractional tissue volume occupied by fluorescence. This is a 
useful measure of vascular function in many circumstances, but 
is insensitive because it cannot discriminate between perfused 
vessels with different flow rates. 

4. For contrast agents that are confined to the blood-stream, 
methods based on Eq. 1 can be used to calculate F [14]. 
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However, this is difficult in practice because t is only a few 
seconds, requiring highly sensitive techniques for its measure¬ 
ment. Radioactive or colored ‘microspheres’ of diameters 
around 15-25 pm are a special class of contrast agents that are 
confined to the blood-stream because they should be trapped 
on first-pass through tissue. Therefore, following injection 
directly into a major artery, they distribute to tissues in direct 
proportion to the fraction of the cardiac output received by the 
tissues, enabling calculation of blood flow rate [15]. With this 
technique, care needs to be taken to ensure adequate mixing of 
the microspheres in the arterial blood (which is challenging in 
mice, for instance) and enough microspheres are lodged in the 
tissue regions of interest to obtain statistical validity. In the 
case of tumors, care needs to be taken to determine and cor¬ 
rect for microspheres that are re-circulated due to lack of trap¬ 
ping in large diameter vessels [16, 17]. 

5. The principles used to calculate blood flow rate using micro- 
spheres can sometimes be used even when the indicator crosses 
the vascular wall into the tissue and re-circulates after the first 
pass through the tissue. If the tissue concentration of the indica¬ 
tor reaches a constant level that is maintained for the first minute 
or so after injection, this indicates that the extraction fraction by 
the tissue is equal to that of the whole body [18]. The fractional 
uptake of the indicator into the tissue must therefore equate to 
the blood flow fraction of the cardiac output received. In the 
original description of the technique, potassium and rubidium 
chloride behaved as ‘pseudo-microspheres’ in most normal 
tissues, with the notable exception of brain [18]. 

6. Small, lipid-soluble, metabolically inert molecules, which rap¬ 
idly cross the vascular wall and diffuse through the extra-vascu¬ 
lar space, are also useful as blood flow markers. In this case, the 
fraction of marker crossing the capillary vascular wall from the 
blood in a single pass through the tissue (extraction fraction, 
E) is close to 1.0, and for fully perfused tissue, the accessible 
volume fraction (a) of the tissue is also close to 1.0. The inert 
radioactive gas, 133 Xenon, or hydrogen can be administered by 
inhalation [19, 20]. However, safety issues with 133 Xenon and 
the necessity for tissue insertion of polarographic electrodes 
for hydrogen have limited their use. A practical approach, 
which has utility for accessing the spatial heterogeneity of tis¬ 
sue blood flow rate, is the intravenous administration of a 
small, lipid-soluble, inert molecule dissolved in saline. In this 
case, net uptake rate into tissue over a short time (seconds) 
after intra-venous injection is determined primarily by blood 
flow rate. Methods for quantitative estimation of tissue blood 
flow rate and related parameters using these agents are 
described below (see Note 2). 
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2 Materials 

2.1 Radioactive 
Tracer Preparation 


2.2 Animal 
Preparation 


1. Any small, lipid-soluble molecule that can be suitably labelled 
and is not metabolized in tissue over the short time of the 
experiment can be used. Suitable radio-isotopes include 125 I 
and 14 C, where tissue and blood counts can be obtained using 
standard techniques and autoradiography/phosphor imaging 
can be applied if spatial variation in blood flow rate across a 
tissue of interest is required (see Note 3). 

2. One that has been used commonly for both normal tissue 
studies (primarily brain [21]) and tumor studies [22] is iodo- 
antipyrine (LAP) (Fig. 1). 125 I-IAP is commercially available, 
for example from MP Biomedicals and 14 C-IAP (4-Iodo[ 
N-methyl-14 C]antipyrine) from PerkinElmer. Alternatively, a 
technique for labelling IAP with 125 I is described by Trivedi 
[23] (see Note 4). 

Large vessel cannulation is required for intravenous administration 
and arterial blood sampling. Materials required: 

1. General anesthetic. 

2. Heparinized saline for cannulae (add 0.3 ml of 1000 U/ml 
heparin to 10 ml saline). 

3. General surgical equipment plus fine-angled forceps, small 
spring scissors, microvascular clip. 

4. Polythene tubing cut to suitable lengths, size appropriate to 
that of the vessel being cannulated (e.g., for rat 0.58 mm internal 
diameter; 0.96 mm outside diameter). 



b 




tissue 


blood 


Fig. 1 Chemical structure of 4-lodo[/V-mef/?y/ J4 C]antipyrine (a) and the compart- 
mental model used for the quantitative estimation of F(b). When the extraction 
fraction, E, of a blood-borne tracer is 1.0, the rate constant A, represents F. k 2 
represents the back-flux and C a and C tiss represent the arterial blood and tissue 
concentrations of the tracer, respectively. In this model, the tissue is a single 
well-mixed compartment 
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2.3 Blood 
Flow Assay 


3 Methods 

3.1 Animal 
Preparation 


5. Dissecting microscope. 

6. Cold light source. 

7. Thermostatically controlled heating blanket, with rectal 
thermometer. 

1. 125 I-labelled IAP ( 125 I-IAP) and suitable protective 
equipment. 

2. Minimal dead-space glass syringe. 

3. General dissecting instruments for excising tissue. 

4. Stop-clock. 

5. Lidded container containing saline-soalted gauze. 

6. Gamma counter and suitable vials for tissue and blood 
samples. 

7. Analytical balance. 

8. Anesthetic (see Note 5). 

9. Fraction collector set to collect at 1 s intervals. 

10. Syringe pump for infusion and withdrawal. 

11. 1000 U/ml heparin (use neat for rats and diluted 1 in 10 with 
saline for mice). 

12. Injection saline. 

13. High concentration solution of sodium pentobarbitone, 
e.g., Euthatal™. 


In the rat, a tail artery and vein are most suitable for cannulation. 
In the mouse, either the carotid artery and jugular vein or femoral 
artery and vein can be used. 

1. Prepare 30 cm lengths of cannulae. For rat, use 0.96 mm outside 
diameter (o.d.); 0.58 mm internal diameter (i.d.). The cannula 
wall may be shaved down at the tip and the end may be slightly 
bevelled to aid insertion. Use a microscope to ensure that there 
are no sharp edges. For mouse, use a short length of 0.61 mm 
o.d.; 0.28 mm i.d. cannula, stretched to a smaller diameter at 
the tip and connected to a longer length of 0.96 mm o.d.; 
0.58 mm i.d. cannula to reduce resistance to flow. Attach each 
length to a 1 ml syringe filled with heparinized saline. 

2. Anesthetize the animal, insert rectal thermocouple, and place on 
heating blanket. Also, an overhead lamp is a useful additional 
heat source. 

3. Illuminate surgical area with a cold light source. 
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4. Expose the relevant vessel. For the rat tail, this involves making 
two 2 cm incisions through the skin, each side of the vessel, 
approximately 5 mm apart and approximately 2 cm from the 
base of the tail. Use artery forceps to clear the skin from the 
underlying connective tissue and cut the skin at the distal end 
to create a flap (see Note 6). 

5. Keep exposed vessels moist at all times using warmed saline. 

6. Free the vessel from surrounding connective tissue using fine 
blunt-end forceps. 

7. Place two lengths of suture under the vessel, tying off the most 
distal to the heart, which can be used to apply slight tension to 
the vessel. 

8. Occlude the vessels as far proximal as possible using a micro- 
vascular clip. 

9. Using spring scissors, make a v-shaped cut in the vessel close to 
the distal knot and insert cannula. Advance cannula into the vessel 
approximately 2 cm or more, by removing clip (see Note 7). 

10. Aspirate gently to ensure that blood is free flowing. It may not 
be possible to aspirate the vein, but a small volume of saline 
can be injected to check for patency. 

11. Tie both sutures securely around the cannula. Use tape or 
tissue-compatible glue to secure the cannula to the skin distal 
to the distal suture. Close the wound. 

3.2 Blood Two alternatives are described; the classic tissue equilibration 

Flow Assay method for rats and the indicator fractionation method for rats or 

mice. Graham et al. [24] directly compared results obtained with 
these two techniques in a rat brain tumor model and the main 
advantages and disadvantages of each method are given in Table 1 . 


Table 1 

Comparison of radiotracer methods for estimation of tissue blood flow rate (F) 


Tissue equilibration technique 

Indicator fractionation technique 

Requires blood vessel cannulation 

Requires blood vessel cannulation 

Time-consuming 

Relatively easy to perform 

Calculations require curve fitting algorithms 

Calculations require only a simple formula 

Backflux is taken into account in the model 

Very sensitive to errors associated with backflux 

Relatively sensitive to timing errors and delay 
and dispersion effects 

Reasonably tolerant of timing errors and delay and 
dispersion effects 

Reasonably tolerant of imprecision in X 

Tolerant of imprecision in X 

Method of choice where X is well-defined 

Method of choice where X is ill-defined, especially if F 
is low and a large 
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3.2.1 Tissue Equilibration 
Technique 


3.2.2 Indicator 
Fractionation Technique 


Cannulation of two tail veins and one tail artery are required, as 
described above. 

1. Remove 125 I-IAP from the freezer and bring slowly to room 
temperature. Using suitable containment and a low dead-space 
glass syringe, carefully remove required volume 125 I-IAP 
(0.2-0.3 MBq per rat) and dispense into a vial. 

2. Evaporate the methanol using a very gentle stream of nitrogen 
and slowly add injection saline to the 125 I-IAP (0.8 ml per rat 
plus extra to account for syringe dead spaces, etc.). Gently mix. 

3. Load a syringe of size suitable for infusion with the 125 I-IAP 
solution (needle must be suitable size for the venous cannula). 

4. For anesthetized animals, keep warm, as described above. 
Check arterial blood pressure and heart rate by connecting the 
arterial cannula to a pressure transducer and recording device. 
Then clamp off the cannula and connect it to the fraction col¬ 
lector, loaded with pre-weighed glass tubes, for subsequent 
blood collection. 

5. Inject and flush in 0.1 ml neat heparin (=100 I.U.) via one of 
the venous cannulae to ensure the blood flows freely from the 
arterial cannula. 

6. Cut one of the venous cannulae to approx. 3 cm in length and 
connect a syringe containing approx. 0.5 ml Euthatal™. A small 
“T- connector” may also be used to allow drug administration 
via this cannula. 

7. Set syringe pump speed to 1.6 ml/min (see Note 8). Carefully 
place the 125 I-IAP-containing syringe in the pump and connect 
it to the second venous cannula. 

8. Start the stop-clock and unclamp the artery, checking that 
blood is free-flowing. At 5 s, start syringe pump and fraction 
collector (see Note 9). At 35 s, inject Euthatal™ and stop pump; 
rapidly excise tissues of interest and stop fraction collector 
(see Note 10). Place tissues in the lidded container to prevent 
drying. Weigh the blood tubes and cap them. Weigh the tissues 
and place them in gamma counting tubes. 

9. Count the blood and tissue samples on the gamma counter. 

Cannulations of one artery and two veins are required. Alternatively, 
cannulae attached to shafts of hypodermic needles can be inserted 
into tail veins percutaneously instead of cannulating veins. 

1. Follow points 1-3 above, preparing 0.07 MBq 125 I-IAP in 
0.05 ml saline per mouse. 

2. For anesthetized animals, keep warm, as described above. 
Check arterial blood pressure and heart rate by connecting the 
arterial cannula to a pressure transducer and recording device. 
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3.3 Blood Flow 
Analysis 

3.3.1 Tissue Equilibration 
Technique 


3. Set syringe pump speed to 150 pi/min (mouse) or 1.6 ml/min 
(rat). 

4. Load a 250 pi syringe (for mouse) or 2 ml syringe (for rat) with 
approx 100 pi saline, attach a 23G needle and position in the 
pump. 

5. Cut the venous cannula as short as possible and inject 0.05 ml 
of diluted heparin (=5 I.U.) for mouse or 0.1 ml neat heparin 
( = 100 I.U.) for rat. Disconnect heparin syringe and attach 
125 I-IAP syringe and a syringe containing injection saline via a 
T-piece. Connect syringe containing Euthatal™ to second 
venous cannula. 

6. Clamp the artery cannula, disconnect it from the pressure 
transducer, and connect it to the syringe pump. Ensure that 
the pump is set to withdraw and allow it to withdraw very 
briefly to ensure that the cannula is patent and the syringe is 
positioned correctly. 

7. Start the stop-clock and pump simultaneously. Check that the 
blood is flowing freely. At 3 s, inject 0.05 ml of 125 I-IAP for 
mouse or 0.2 ml for rat, as a rapid bolus via the venous can¬ 
nula, followed immediately by 0.05 ml saline from the second 
syringe. At 13-18 s (see Note 11), inject Euthatal™ and imme¬ 
diately pull out full length of arterial cannula and excise the 
tissue of interest. All the blood should be retained in the can¬ 
nula. Place the tissue in a pre-weighed gamma counting tube. 

8. Attach a saline-filled syringe to the arterial cannula and eject all 
the blood into a gamma counting tube together with 1 ml of 
saline. 

9. Count the blood and tissue samples on the gamma counter. 

1. Analysis is based on a model which assumes a vascular com¬ 
partment front which the input function derives a single (extra- 
vascular) well-mixed tissue compartment (Fig. 1). A small, 
highly soluble and inert tracer, such as LAP, is assumed to rap¬ 
idly equilibrate between all blood components and the tissue 
compartment. In this case, the model based on Kety [25] 
describes the relationship between the tissue concentration of 
the tracer at time t, C,( f), and the arterial blood concentration 
of the tracer at time t, C,( t), by the Equation: 

Q SS (0 = *l C a(0® eX PK0 (2) 

where k\ is tissue blood flow rate ( F) and k 2 is k\/aX\ a is the 
effectively perfused fraction of tissue (i.e., the fraction of tissue 
that is immediately accessible to the tracer); and A is the equi¬ 
librium partition coefficient of the tracer between tissue and 
blood; ® denotes the convolution integral; in imaging studies, 
aA is often referred to as the apparent volume of distribution 
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(VD app ) of the tracer in the tissue [26], C tiss (t) and C a (f) are 
expressed in radioactivity counts per g tissue and per ml blood, 
respectively, using 1.05 for the density of blood. 

2. In this method, C IISS ( t) is measured at only one time-point, 
i.e., after tissue excision. Hence, only one parameter, k t (F), 
can be estimated from the data (see Note 12). X is approxi¬ 
mated from literature values or estimated from separate experi¬ 
ment [27] and a is taken as 1.0 (see Notes 12 and 13). Studies 
have shown that the method is relatively insensitive to small 
changes in X because of the short time-scale of the experiment 
[28]. Also see Table 1. 

3. Solving Eq. 2: Data can be fitted to Eq. 2 using a simple ‘Table 
Lookup Method’. In this method, since the input function is 
known, the expected tissue activity at the time of excision Cti SS 
( T) can be calculated for each of a range of realistic values of i 7 , 
using Eq. 2. Direct comparison of the observed C tiss ( T) against 
the table then gives the required estimate of F (Fig. 2). 
Evaluation of the Integral in Eq. 2 requires a numerical integra¬ 
tion routine, which are commonly available in statistical analysis 
packages, or can be programmed using computer applications 
such as MATLAB (The Mathworlcs, USA ©). A further issue, 
which needs to be taken into account when assessing the accu¬ 
racy of this type of technique, is the possibility that the input 
function time course may not be accurately measured because 
of a time delay between the radioactivity reaching the tissue 
and reaching the blood collection tubes and because of smear¬ 
ing or dispersion effects occurring on the arterial cannula 
before blood collection. These delay and dispersion effects can 
be corrected for (see Note 14), but do add further complication 
to the analysis. 

3.3.2 Indicator 1. This method was first used by Goldman and Sapirstein [29], 

Fractionation Technique with later modifications [30]. It simplifies the model used in 

Eq. 2 by assuming that the backflux of the tracer from tissue 
into the blood is negligible compared with its influx into the 
tissue, for a short period of time after injection of the tracer 
(see Note 15). Under these conditions, Eq. 2 reduces to: 

A 1 =c tto (r)/}c a (f)d/ (3) 

0 

where k u t, C a (f) are as defined above and Q ss ( T) is concentration 
of tracer in the tissue at the end of the experiment (at time t= T). 

2. T is typically set at 10-15 s, during which time collection of 
sufficient blood samples, as described for the tissue equilibra¬ 
tion technique, is difficult. Instead, the constant withdrawal 
technique can be used. Here, blood is withdrawn from an 
artery at a constant rate using a pump from t=—T to t= T, 
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Fig. 2 Estimation of tissue blood flow rate (F) in the P22 rat sarcoma and several normal rat tissues using the 
tissue equilibration method with 126 I-IAP (a) and 14 C-IAP (b). Results in panel (a) were obtained by calculating 
Giss from gamma counts of large tissue samples. Data shows effects of the vascular disrupting agent combre- 
tastatin A4-P and the nitric oxide synthase inhibitor L-NNA plus the combination of the two. Asterisk represents 
a significant difference between treated and control untreated tumors. The image in panel (b) was obtained 
from an untreated P22 tumor by calculating multiple values for Cl iss from quantitative autoradiography of tumor 
sections. The mean Fis 3.8 ml/g/min.The image in panel( c) illustrates the vascular networks in the P22 tumor 
obtained by multi-photon fluorescence microscopy 

where —T is the time at which the pump is started. A bolus 
injection of tracer is given at t=0. Under these conditions, 

]c a (t)dt = C c (T + T') = C c VJr = X/r (4) 

0 

where C c is mean concentration of tracer in the blood sample; Vb 
is volume of blood collected; X is total radioactive counts in the 
collected blood sample, and r is rate of withdrawal of blood. 

3. X/r can be substituted into Eq. 3 and blood flow rate, k u can 
be calculated front a knowledge of the counts, X , pump rate, r, 
and concentration of the tracer in the tissue at the end of the 
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3.3.3 Comparison 
of the Two Blood Flow 
Methods 


4 Notes 


experiment, C tiss ( T). As for the tissue equilibration technique, 
there are inaccuracies in the measurement of the input func¬ 
tion using this technique, associated with delay and dispersion 
along the plastic cannula. However, the constant withdrawal 
method means that definition of a concentration-time curve is 
not required and only the last part of the actual arterial time- 
course is lost by the blood sampling method. In addition, the 
experimental set-up of the indicator fractionation method 
means that the arterial cannula can be kept short, minimizing 
the delay involved. 

The advantages and disadvantages of the classic tissue equilibration 
method and the indicator fractionation method are summarized in 
Table 1. Patlaketal. [28] carried out an evaluation of errors involved 
in the two techniques, which can be summarized as follows: 

1. Errors in the tissue equilibration method are minimized if an 
optimal infusion schedule is used (a ramped schedule is best 
but a constant infusion is reasonable), timing is measured pre¬ 
cisely, and corrections are made for delay and dispersion. 
Under these conditions, 10-15 % inaccuracy in the value used 
for X is well-tolerated in the calculation of F. If precise mea¬ 
surement of X can be made, this is the method of choice. 

2. If X cannot be measured reasonably accurately, the indicator 
fractionation technique may be the better option for estimat¬ 
ing F. Errors associated with backflux are minimized by a short 
experimental time. Errors associated with imprecise timing are 
minimized by bolus administration of the tracer (so that arte¬ 
rial concentration is low at tissue excision). The constant with¬ 
drawal method is an added advantage for its simplicity and 
accuracy. However, backflux cannot be completely prevented 
(especially with bolus administration) and may introduce sig¬ 
nificant errors where F is high and/or a is low. Delay and dis¬ 
persion effects are reasonably well-tolerated. 

3. Both techniques require accurate measurement of tracer con¬ 
centration in the tissue (C tiss ). 


1. The methodology presented here is based on a single tissue 
compartment model. This can be derived from the classic 
Renkin-Crone unit capillary model [31, 32], which gives an 
explicit relationship between flow, the extraction of substances 
from blood into tissue, and the mean permeability surface area 
product of the capillary bed. Recent simulation studies show 
that the degree of local heterogeneity in capillary architecture 
and transit times of blood through the capillaries may also 
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affect the precise relationship between flow and extraction of 
substances from the blood into tissue [33, 34]. 

2. The basic experimental principles and analytical methods 
described here also apply to various external imaging techniques 
that are now available for use in small animals, e.g., positron 
emission tomography [35]. These techniques allow repeated 
evaluation of blood flow rate (and other pharmacodynamic 
end-points) in the same animal, as long as the biological and 
radioactive half-lives of the tracer are compatible with the 
time-scale of the experiment. In addition, they allow definition 
of more than one vascular parameter (see Note 12 below). 

3. Instead of obtaining a single value for the blood flow rate 
within a tissue (usually by calculating Ctj SS from gamma counts 
of tissue activity), the variation of blood flow rate within a tis¬ 
sue can be obtained at high spatial resolution (~50 pm) by 
using a radiotracer that is suitable for autoradiography or phos¬ 
phor imaging (Fig. 2). In these cases, C tiss is obtained in raster 
fashion across tissue sections for calculation of corresponding 
k\ (F) values [36]. 

4. Local radiation safety procedures need to be followed for all 
the techniques described to avoid contamination of personnel 
and equipment. 

5. General anesthesia seriously affects mean arterial blood pres¬ 
sure in rodents, especially in mice, and its effects on tissue 
blood flow rates need to be considered in planning experi¬ 
ments. Animals can be allowed to recover from general anes¬ 
thesia induced by inhalational anesthetics following 
cannulation, but, in this case, procedures for preventing can¬ 
nula disturbance and minimising pain and distress to the ani¬ 
mals need to be implemented [37]. 

6. Tail cannulations: the tail artery lies relatively deep within a 
cleft in the cartilage and requires an incision to be made 
through the overlying connective tissue for it to be accessible. 
Once freed, it is robust for cannulation; the vein is much more 
superficial and easily located, although more fragile than the 
artery and liable to constriction and tearing. 

7. A topical vasodilator such as procaine can be used to aid can¬ 
nula insertion. 

8. Volumes of saline solutions of IAP for intravenous administra¬ 
tion are chosen to compensate for rate of blood loss during the 
course of the experiments. 

9. A constant infusion schedule for delivery of the radiotracer is 
described, as it is simple to achieve in practice. However, an 
infusion schedule that increases with time (ramped) could be 
employed because this reduces the influence of an incorrect 
value for 2, on the calculated value of F [28]. The movement 
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of the fraction collector and the infusion/withdrawal rates of 
the pump need to be carefully calibrated prior to experiments. 

10. Timing errors can be significant if blood flow to tissues of 
interest is not stopped at the instant that the pump is stopped. 
Also see Table 1 . 

11. A short duration increases timing errors, but a longer one 
increases errors associated with backflux of the tracer from the 
tissue into blood. Also see Table 1. 

12. A disadvantage of this particular technique is that the tissue 
concentration of the tracer is assayed at only one time point. 
Hence, as noted above, only one parameter ( F) can be esti¬ 
mated, whereas values for a and X have to be assumed. Other, 
more sophisticated techniques involving noninvasive imaging, 
such as PET (see Note 2), involve a full time course of the tis¬ 
sue to be assayed, allowing estimation of aX (VD app ) for exam¬ 
ple, as well as F. This is of particular interest in the case of 
tumor blood flow, where the effectively perfused tissue fraction 
(a) (i.e., the fraction of tissue that is immediately accessible to 
the tracer) is often less than 1.0 because oflarge intercapillary 
distances or ischemic regions [26]. However, the spatial reso¬ 
lution of noninvasive imaging cannot compete with the high 
spatial resolution achievable with the invasive techniques 
described here (tec Note 3). In the invasive technique, a is usu¬ 
ally assumed to be 1.0. If it is actually less than 1.0, for a sam¬ 
pled tissue region of interest, the measured tissue concentration 
of the tracer, C pss , will be low because it is averaged over the 
whole region, including the inaccessible part. Thus, the calcu¬ 
lated value of F will reflect average blood flow for the region 
and underestimate that of the perfused tissue fraction. 

13. Beyond the short time-scale of these experiments, IAP redis¬ 
tributes in tissue in a space-dominated rather than a flow- 
dominated pattern. At equilibrium, IAP might be expected to 
distribute in proportion to the tissue water content, such that 
X would be similar in all tissues and close to 1.0. However, 
experimental evidence indicates that, although X for IAP is 
close to 1.0 in many tissues, it is somewhat variable [27]. This 
may relate to its high lipid solubility or it may be a reflection of 
problems in accessing true values of X because of loss of the 
radioactive label from the molecule at long times (hours) after 
injection. 

14. A simple model which can be used to describe dispersion 
effects is given by the equation: 

C m {t) = Q (?) ® k A exp (-k d t) (5) 

where C m (t) is the measured tracer concentration at the can¬ 
nula outflow, C a (r) is the inflow concentration, and kd (min -1 ) 
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is a dispersion constant, which is dependent on flow rate, 
length, and internal diameter of the cannula and the interac¬ 
tion with blood on its internal surface. k d for a particular can¬ 
nula and flow rate of blood can be calculated from Eq. 5, if 
experiments are under taken in vitro whereby the blood 
pumped through a cannula at a particular rate is switched 
rapidly between labelled blood and unlabelled blood and the 
dispersion effect measured in the outflow. Results from such an 
experiment are presented in Table 2. Delay (t d ) can be esti¬ 
mated directly from the known volume of the cannula and the 
blood flow rate down the cannula. These values for k d and t d 
can be incorporated in Eq. 2 to give a working form of the 
Equation: 

Qss (0= {K 1 A 'd )' c m 0 + t A ) + (! - K / K) + ex P (~ k 21) ( 6 ) 

If dispersion effects are small, i.e., large k d , this Equation 
reduces to Eq. 2. If dispersion effects are marked, i.e., small k d , 
then the Equation illustrates that failing to take dispersion 
effects into account has a marked effect on estimates of F. 
These issues were first quantitatively described by Meyer [38] 
(but note that a dispersion time constant equivalent to l/k d 
was used in this case). 

15. In addition to using a short experimental time,!) errors associ¬ 
ated with backflux in this technique are minimized if blood 
flow rate is low and there is a big accessible space in the tissue 
for the tracer (high a). Note that the short T gives the poten¬ 
tial for large timing errors and great care must be taken to time 
the experiment accurately. As for the tissue equilibration tech¬ 
nique, this means that blood flow to tissues needs to be stopped 
precisely at T. Interestingly, timing errors appear to be less of 
an issue with this technique than with the tissue equilibration 
technique for measurement of cerebral blood flow rate [28]. 

Table 2 

Example of expressions used to calculate the dispersion constant k A 
(min -1 ) from the linear speed (v in cm per min) of blood flowing down 
various types of cannulae 


Type of cannula 

200 mm length 

300 mm length 

0.50 mm internal diameter 

6.72 + 0.048V 

3.84 + 0.036*2/ 

0.58 mm internal diameter 

9.54 + 0.040 V 

-0.6 + 0.042*2/ 


These expressions were obtained by pumping blood at several known flow rates through 
each type of cannula and rapidly switching between labelled and unlabelled blood. 
The time-activity curves for the blood flowing out of the cannulae were compared widi 
die known inflow time-activity curves, using Eq. 5, to estimate k d for each condition. The 
relationship between k d and v was described by the equation for a straight line, as shown. 
The cannulae used were prepared from Portex™ low-density polyethylene tubing 
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Chapter 19 


Chorioallantoic Membrane Microtumor Model to Study 
the Mechanisms of Tumor Angiogenesis, Vascular 
Permeability, and Tumor Cell Intravasation 

Elena I. Deryugina 

Abstract 

The mechanisms governing the development of angiogenic blood vessels, which not only deliver the nutri¬ 
ents to growing tumors but also provide the conduits for tumor cell dissemination, are still not fully resolved. 
The model systems based on the grafting of human tumor cells onto the chorioallantoic membrane (CAM) 
of the chick embryo offer several advantages to study complex processes underlying tumor angiogenesis and 
tumor cell dissemination. In particular, die CAM model described here allows for investigation of multiple 
microtuntors as independent entities, thereby greatly facilitating quantification and statistical analyses of 
tumor neovascularization and cancer spreading. This CAM microtumor system was designed specifically to 
measure the level of tumor cell intravasation in combination with quantitative analyses of the microarchitec¬ 
ture and permeability of the intratumoral angiogenic blood vessels. By using this newly established microtu¬ 
mor model we have demonstrated the functional involvement of tumor matrix metalloproteinase-1 (MMP-1) 
and epidermal growth factor receptor (EGTR) in regulating the development of a distinct angiogenic vascu¬ 
lature capable of sustaining tumor cell intravasation and metastasis. 

Key words Chick embryo, Chorioallantoic membrane, Animal models of cancer dissemination, 
Tumor angiogenesis, Vascular permeability, Tumor cell intravasation, Tumor invasion, Cancer metas¬ 
tasis, Matrix metalloproteinase 1, Epidermal growth factor receptor 


1 Introduction 


Tumor cell dissemination occurs through vascular routes and 
results in metastatic disease, a leading cause of cancer-related 
deaths. To establish secondary site metastases, aggressive tumor 
cells are believed to acquire certain genetic advantages, which 
allow them to successfully detach from the primary tumor, invade 
the local stroma, actively enter the vasculature (intravasation), sur¬ 
vive in the circulation, exit from the capillary network of the sec¬ 
ondary site (extravasation), and initiate proliferation (metastatic 
outgrowth) [1, 2]. Although studied extensively for more than a 
century, the specific mechanisms underlying different steps in cancer 
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progression are not fully understood and their necessity or suffi¬ 
ciency, active or passive mode of execution, and occurrence in per¬ 
missive or instructive environments are still under debate. 

A number of mammalian (mainly murine) models have been 
developed to study individual steps of the metastatic cascade [3], 
but most of these systems are costly, labor intensive, and require 
long-term commitment as well as sophisticated equipment. These 
limitations frequently lead to insufficiently powered studies and 
semiquantitative research. In this regard, chick embryo models 
offer practical alternatives allowing the rapid screening of the key 
molecules functionally involved in different processes of metastatic 
spread. First, the chick embryo is a naturally immunodeficient 
organism allowing human tumor cells to grow in the host without 
species-specific restrictions. Second, each step of the metastatic 
cascade (with the exception of cancer cell initiation) can be repro¬ 
duced and quantified in the independent chick embryo models 
specifically tailored to study tumor growth, invasion, angiogenesis, 
tumor cell intravasation, and spontaneous metastasis, as well as 
survival of tumor cells in the circulation, their extravasation, and 
colonization of different internal organs [4], All these models are 
based on the growth of human tumor cells in the specialized extra- 
embryonic tissue, namely the chorioallantoic membrane (CAM), a 
highly vascularized organ serving as an embryonic analogue of 
adult lungs [5]. 

The mechanisms of tumor cell dissemination via vascular routes 
have been in the spotlight of cancer research for many decades, but 
are not fully resolved and present many challenges for researchers. 
The full nature of angiogenic vessels in tumors is still unclear with 
regard to whether they are formed de novo front activated endothe¬ 
lial cells of pre-existing vessels or co-opted from adjacent mature 
vasculature, or even created bona fide from cancer stem cells [6]. 
Furthermore, the tumor vasculature is considered to be immature 
since it is represented by torturous vessels with high levels of per¬ 
meability and leakiness because of insufficient coverage with peri¬ 
cytes [7, 8]. On the other hand, a reduction in metastasis may be 
accompanied by a decrease in pericyte coverage and permeability 
of tumor-associated vessels [9]. Therefore, there is an intrinsic dis¬ 
crepancy in the notion that angiogenic vasculature of metastatic 
tumors is functionally underdeveloped, but should be attenuated 
further to prevent tumor cell spread. Correspondingly, not only do 
anti-angiogenic treatments commonly result in normalization of 
tumor vasculature [ 10], but they also may lead to increased spread 
of tumor cells [11]. Our research led us to a somewhat surprising 
conclusion that the angiogenic vasculature should actually be 
developed to a proper extent to accommodate efficient tumor cell 
intravasation and dissemination. These intravasation-sustaining 
vascular routes are represented by distinct angiogenic vessels with 
specific microarchitecture and a certain level of permeability. 
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1.1 The CAM 
Microtumor Model 
System 


To address how the microarchitecture of tumor vessels and vascu¬ 
lar permeability regulate the levels of tumor cell intravasation and 
metastasis, we developed a model system that allows the simultane¬ 
ous quantification of all these parameters in individual microtu¬ 
mors. In this model system, the microtumors are initiated on the 
CAM of chick embryos following grafting of collagen droplets 
containing human tumor cells (Fig. la). If fluorescently labeled 
tumor cells are used, CAM microtumors can be visualized by epi- 
fluorescence microscopy along with chick embryo vessels high¬ 
lighted with fluorescently conjugated lectins or dextrans of 
contrasting color (Fig. lb-d, left panels). Within 5-7 days of graft¬ 
ing, rich vascular networks develop in the CAM microtumors 
allowing the aggressive tumor cells to intravasate and metastasize 
to the internal organs of the chick embryo (Fig lb-d, right panels). 
When highly disseminating human HT-hi/diss fibrosarcoma 
and HEp3-hi/diss epidermoid carcinoma are used, the levels of 
intravasation and metastasis can be quantified as early as 5-6 days 
after cell grafting on the CAM (Fig. le). Disseminated human 
tumor cells are quantified in the portions of the CAM distal to the 
microtumors (intravasation) and in the internal organs such as liver 
(spontaneous metastasis) by human-specific real-time Alu qPCR 
conducted in comparison with chicken cell samples spiked with 
known numbers of human cells [12, 13]. 

The CAM also supports the growth of aggressive murine 
tumor cells. For example, the B16-F10 murine melanoma line 
gives rise to easily detectable dark brown microtumors (Fig. 2a, b). 
The B16-F10 microtumors rapidly develop well-integrated angio¬ 
genic vasculature that can be stained with fluorescently conjugated 
lectin and visualized as early as day 3-5 by epifluorescence micros¬ 
copy (Fig. 2b, c). 

By using the CAM microtumor model system, we have recently 
demonstrated that the intravasation and dissemination processes 
depend on the presence of angiogenic vasculature with certain 
microarchitecture characteristics, namely the vessels with a sizable 
lumen that can accommodate the volume of an intravasating tumor 
cell (Fig. 3a, top). Specifically, we have shown [14] that carcinoma- 
produced matrix metalloproteinase 1 (MMP-1) facilitates the for¬ 
mation of angiogenic blood vessels with a lumen of >15 pm in 
diameter (Fig. 3b), and that downregulation of MMP-1 produc¬ 
tion results in the development of collapsed, lumen-devoid intratu- 
moral vessels (Fig. 3a, bottom , b), incapable of sustaining tumor 
cell intravasation and metastasis (Fig. 3c). Furthermore, to facili¬ 
tate intravasation and metastasis, the intratumoral vasculature 
should have a certain level of permeability, which can be quantified 
by measuring the exudation of permeable and nonpermeable 
fluorescent dextrans injected into the chick embryo vasculature 
(Fig. 4). In HEp3-hi/diss microtumors, the intravasation-sustain- 
ing angiogenic vessels were permeable to low molecular weight 
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HEp3-hi/diss Microtumor 


CAM Microtumor Model System 



C PC3-hi/diss Microtumor 





Fig-1 CAM microtumor model system, (a) Human microtumors developed on the CAM of the chick embryo incu¬ 
bated ex ovo (adapted from ref. 1 4). A10-day-old chick embryo was grafted with five 10 pL droplets each containing 
1 x 10 5 human HEp3-hi/diss epidermoid carcinoma cells. Within 6 days, CAM microtumors (outlined by dotted cir¬ 
cles in the left panel) become visible to the naked eye and the vasculature becomes amenable for lectin or dextran 
injections. A couple of allantoic veins accessible for i.v. injections are indicated by the arrows. Note that allantoic 
veins, which bring the oxygenated blood towards the embryo, are bright red in color and should not be mistaken for 
allantoic arteries, which are dark red in color since they carry oxygen-depleted blood from the embryo for oxygen¬ 
ation in the CAM. Two enlarged microtumors are presented on the right, (b-d) CAM microtumors (leftpanels, both 
red and green channelsare shown) and their respective intratumoral vasculature (right panels, only “vascular” chan¬ 
nel is depicted) visualized in epifluorescent microscope are shown, (b) Left, CAM microtumor developed from 
HEp3-hi/diss epidermoid carcinoma cells labeled with CellTracker Green. CAM vasculature was highlighted with 
Rhodamine-conjugated Lens culinaris agglutinin (LCA). Bar, 250 pm. Right, Intratumoral vasculature at higher mag¬ 
nification. Bar, 100 pm. (c) Left, CAM microtumor developed from PC3-hi/diss prostate carcinoma cells stably trans¬ 
fected with tdTomato protein. CAM vasculature was highlighted with FITC-conjugated LCA. Right panel, Intratumoral 
vasculature at higher magnification. Bars, 250 pm. (d) Left panel, CAM microtumor developed from HT-hi/diss 
fibrosarcoma cells stably transfected with GFP. Bar, 500 pm. CAM vasculature was highlighted with Rhodamine- 
conjugated LCA. Right panel, Intratumoral vasculature at higher magnification. Bar, 100 pm. (e) Levels of tumor cell 
intravasation (CAM) and metastasis (liver) were determined by quantitative Alu PCR in the embryos bearing CAM 
microtumors developed from HEp3-hi/diss cells (bars on the left) or HT-hi/diss cells (bars on the right), (f) The lack of 
visible stromal invasion in the CAM microtumor model. Before grafting on the CAM, HEp3-hi/diss cells were labeled 
with CellTracker Green. After 6 days, the chick embryo vasculature was labeled with Rhodamine-conjugated LCA. 
Left panel A portion of HEp3-hi/diss microtumor (green) presenting a well-defined smooth border is shown. Right 
panel Fluorescence signals emitted by the tumor (green) and tumor-associated vasculature (red) are merged. The 
yellow color indicates overlap of intense green and red fluorescence signals. Bar, 100 pm 
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CAM Microtumor Model: Murine B16-F10 Melanoma 



B16-F10 Microtumor: Day 3 after cell grafting 



B16-F10 Microtumor: Day 5 after cell grafting 



Fig. 2 CAM microtumor system adopted for murine tumor cells, (a) Murine microtumors developed on the CAM 
of the chick embryo incubated ex ovo. A 10-day-old chick embryo was grafted with six 10 gL droplets each 
containing from 1 to2x10 5 murine B16-F10 melanoma cells. Left panel: Within 7 days, B16-F10 microtumors 
become visible as dark brown outgrowths. One of the allantoic veins accessible for i.v. injections is indicated 
by the arrow. Right panel: An enlarged portion of the CAM with three microtumors is shown, (b) Piece of the 
CAM containing B16-F10 microtumor was positioned on a glass slide and visualized in epifluorescent micro¬ 
scope at the low, 2x objective magnification. Bar, 500 pm. (c and d) B16-F10 microtumors 3 days (c) and 5 
days (d) after cell grafting on the CAM. The intratumoral vasculature was labeled with FITC-conjugated LCA 
and immunofluorescent signal acquired monochromatically. Note: the intratumoral angiogenic vessels are 
sprouting on day 3, whereas on day 5, the vessel network appears to be more developed with fully connected 
capillaries. Left , middle , and right panels depict the same microtumor evaluated at different magnifications 
with 4x, 10x, and 20x objectives, respectively. Bars, 500 pm 
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Fig. 3 Intravasation and metastasis of human tumor cells require the presence of intratumoral angiogenic ves¬ 
sels with specific microarchitecture (adapted from ref. 14). (a) Intratumoral vasculature within HEp3-hi/diss 
microtumors developing from control cells (treated with control siRNA; upper panels) or cells transfected with 
siRNA against MMP-1 (bottom panels). Before grafting, tumor cells were stained with CellTracker Green. The 
chick embryo vasculature was labeled with Rhodamine-conjugated LCA. Left , microtumors visualized with a 
10x objective. Bars, 25 pm. Right, Enlarged portions of microtumors visualized with a 20x objective. Bars, 50 
pm. Arrowheads in the upper panel depicting control tumor indicate dilated blood vessels containing tumor 
cells and erythrocytes, (b) Intratumoral vasculature in the CAM microtumors developed from control and MMP- 
1 -silenced HEp3-hi/diss cells was analyzed for the mean lumen diameter (bars on the left) and, more specifi¬ 
cally, for the percentage of vessels with a lumen of >15 pm in diameter (bars on the right), (c) Levels of 
intravasation (CAM) and metastasis (liver) of HEp3-hi/diss cells disseminating from CAM microtumors were 
measured with quantitative Alu PCR in the tissue samples harvested from embryos grafted with the MMP-1- 
competent cells (treated with control siRNA, siCtrl) or MMP-1 silenced (siMMPI) cells 
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dextran and this permeability was reduced significantly by either 
inhibition of MMP-1 production in tumor cells (Fig. 4a) or the use 
of a proteinase activated receptor-1 (PARI) inhibitor (Fig. 4b). 

The development of intratumoral vasculature with similar 
microarchitecture and permeability characteristics also underlies 
the mechanisms involved in dissemination of epidermal growth 
factor receptor (EGFR)-overexpressing cancer cells. Thus, func¬ 
tional inhibition of EGFR by RNA interference or small molecule 
inhibitors substantially diminished the production of vascular 
endothelial growth factor (VEGF) production and the develop¬ 
ment of VEGF-dependent permeable lumen-containing angio¬ 
genic vasculature in HT-hi/diss microtumors, concomitantly with 
a dramatic inhibition of tumor cell intravasation and metastasis. 

Importantly, CAM microtumors develop as relatively compact 
structures without any visible invasion into the surrounding tissue 
(Fig. If). Because of this characteristic, our findings also indicate 
that spontaneous dissemination can occur exclusively via the intra¬ 
tumoral vasculature and independently of stromal invasion at the 
tumor border, a conventionally accepted prerequisite for the escape 
of aggressive cancer cells from the primary tumor before they reach 
the adjacent tumor-associated blood vessels for intravasation. In 
contrast to this view, the data from our CAM microtumor model 
are consistent with the notion that spontaneous metastasis may 
occur at those stages of cancer progression that precede a pro¬ 
nounced stromal invasion, i.e., much earlier than the development 
of the invasive front revealed by cancer pathologists during histo¬ 
logical examination of resected primary tumors. 


2 Materials 


2.1 Embryonated 
Chicken Eggs 


2.2 Refrigerator 
and Incubators 


The use of chick embryo models as any animal model requires an 
Animal Protocol approved by the respective Institutional Animal 
Care and Use Committee (IACUC). 

The embryonated (“hatching”) eggs can be purchased from com¬ 
mercial sources such as Charles River Laboratories or from an 
accredited local poultry/chicken farm (see Note 1). 

1. A small refrigerator adjusted to ~10 °C and ~80 % relative 
humidity, which are optimal for chick embryo development 
(see Note 2). 

2. A rotating egg incubator set at 37.5 °C and 80 % relative 
humidity. Alternatively, if a specialized egg incubator is not 
available, a stationary thermostat or cell culture incubator 
(without a C0 2 supply) can be used and the eggs rotated man¬ 
ually 2-3 times a day. 
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a Permeability of Intratumoral Vasculature: MMP-1 silencing 


Control siRNA MMP-1 siRNA 





b Permeability of Intratumoral Vasculature: PARI Antagonist 



Fig. 4 Measurements of vascular permeability in the CAM microtumor model system (adapted from ref. 14). (a) 
CAM microtumors were generated from nonlabeled HEp3-hi/diss cells treated with control siRNA (leftpanels) or 
MMP-1 siRNA (right panels). Six days after cell grafting, tumor-bearing embryos were first inoculated with the 
permeable TRITC-conjugated dextran to determine the levels of vascular permeability (red fluorescence). After 1 
h incubation, the embryos were inoculated with the nonpermeable FITC-conjugate dextran to determine 
the volume of perfusable vasculature (green fluorescence). Red and green fluorescence signals were acquired in 
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2.3 Ex Ovo Chick 
Embryo Culture 


2.4 Tissue Culture 


3. An incubator at 37.5 °C and 80 % relative humidity (without 
C0 2 supply) for the ex ovo development of chick embryos 
within weigh boats. 

4. Tissue culture incubator adjusted to 37 °C, 5 % C0 2 , and ~90 % 
relative humidity. 

1. A shielded area or a “cloning” box with a glass front to accom¬ 
modate cutting the eggshell. 

2. A small drill (e.g., Dremel 300), with exchangeable circular 
blades (e.g.. No. 409). 

3. Weigh boats (3-1/2"), sprayed with 70 % ethanol, air dried, 
and sterilized under UV light in the laminar flow hood for at 
least 2 h. 

4. Sterile square 100 x 100 mm Petri dishes. The lids and bottom 
halves of dishes are used to cover individual weigh boats. 

1. Common tissue culture equipment and plastics including a 
laminar flow hood, pipettors and centrifuge, Petri dishes 
and cell culture flasks, serological pipettes. 

2. Light microscope to evaluate cell cultures and count 
detached cells. 

3. Hemocytometer (e.g., Neubauer) for counting cells. 

4. A suitable tumor cell line (see Note 3). 

5. Tumor cell growth medium: The recommended basal culture 
medium for the tumor line supplemented appropriately for the 
growth and maintenance of the tumor cells. 

6. Basal medium with either 10 % fetal bovine serum (FBS), or 1 
% bovine serum albumin (BSA), for washing cells prior to seed¬ 
ing on the CAM. 

7. Trypsin-EDTA solution or nonenzymatic cell detachment 
solution to remove adherent tumor cells from flasks. 

8. Dulbecco’s calcium and magnesium-free phosphate-buffered 
saline (PBS). Autoclave to sterilize. 

9. Native bovine skin type-I collagen solution: Acid-extracted 
collagen is neutralized on ice by mixing 8 parts (v/v) of collagen 
with 1 part lOx minimal essential medium (MEM) or PBS and 


Fig. 4 (continued) individual microtumors visualized in epifluorescent microscope (top panels). To appreciate the 
difference in the levels of permeability, only red fluorescence signal is shown in bottom panels. Bars, 200 pm. 
Graphs on the right show quantification of red and green fluorescence in lysates of individual microtumors 
measured in a fluorometer. The ratio of red-to-green signal provides the measurement of vascular permeability 
independent of the volume of perfusable vasculature in individual microtumors. Data are means ± SEM. *P< 0.05. 
(b) Developing HEp3-hi/diss microtumors treated with either a PARI antagonist or vehicle control. Vascular per¬ 
meability was measured as described above in (a). Bars, 500 pm. Data in the graphs are means ± SEM. *P<0.05 
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2.5 CAM Microtumor 
Analyses 


3 Methods 

3.1 Embryo 
Development 
and Preparation 
of CAM 


1 part of 1 N NaOH. The use of lOx MEM allows the pH to 
be monitored while the 1 N NaOH is added. Add a volume of 
ultrapure water equivalent to that of the solution used to give 
a solution with a final collagen concentration of 2.0-2.2 mg/ 
mL (see Note 4). 

10. Fluorescent labeling of tumor cells: Transfect cells with a con¬ 
struct expressing a fluorescent protein (e.g., enhanced green 
fluorescent protein (EGFP) or red fluorescent protein, e.g., 
tdTomato) or transiently stain with fluorescent dyes such as 
CellTracker Green (CMFDA). 

1. One-mL “tuberculin” syringes and 30 A gauge needles to inject 
fluorescent lectins or dextrans into chick embryo vasculature. 

2. Rhodamine- or fluorescein-conjugated (LCA) to highlight the 
chick embryo vasculature (see Note 5). Dilute the LCA with 
PBS to 0.1 mg/mL. 

3. Low mol wt, permeable, fluorescent dextran: e.g., 
Tetramethylrhodamine (TRITC)-conjugated dextran of 155 
kDa (Sigma; #T1287), or Rhodamine-conjugated dextran of 
70 kDa (Sigma; #R9379). 

4. High mol. wt., nonpermeable, fluorescent dextran, e.g., fluo¬ 
rescein isothiocyanate (FITC)-conjugated dextran 2000 kDa 
(see Note 6). 

5. Small size surgical scissors and forceps to cut the CAM and 
manipulate portions containing microtumors. 

6. Glass slides for microscopic evaluation and imaging of CAM 
microtumors (see Note 7). 

7. Black polystyrene 96-well microplates for fluorescence 
measurements. 

8. Microplate or single tube fluorometer. 

9. Immunofluorescent microscope equipped with objectives to 
evaluate specimens under low (2-4x) and high (10-63x) mag¬ 
nification, and a video camera to record images for subsequent 
quantitative analyses. 

10. Silver nitrate applicator (e.g., Grafco; #1590). 

11. mRIPA buffer for lysing of microtumors: 50 mM Tris-HCl pH 
7.4 containing 1 % (v/v) Triton X-100, 150 mM NaCl, and 
protease inhibitors. 


The chick embryo has a relatively short development (~21 days), 
which is tightly regulated. Experiments should be planned care¬ 
fully since the procedures need to be performed within a narrow 
time window allowing for only ~6 h variance. 



CAM Microtumour Model System 


293 


3.2 Establishing 
Microtumors 
on the CAM 


1. Upon receipt, the embryonated eggs may be placed into a 37.5 
°C/80 % humidity incubator in a horizontal positionto initiate 
embryo development. During incubation, the eggs should be 
rotated 2-3 times per day. Alternatively, eggs can be stored in 
an upright position (rounded, air sack-containing, large end 
up) at 10 °C/80 % humidity for 1-2 weeks (see Note 8). 

2. After a 3-day incubation at 37.5 °C remove the eggs from the 
incubator, spray with the 70 % alcohol, and dry with paper 
towels. 

3. Leave eggs in the horizontal position for 30-60 min, either on 
a flat surface or in the incubator, to allow the embryo to situate 
itself on the top of the yolk ( see Note 9). 

4. Cut the eggshell at the bottom of the egg superficially with the 
drill blade. Carefully press against the bottom to deliver the 
contents of the egg into a weigh boat. Viable embryos are vis¬ 
ible by naked eye and can be distinguished by their beating 
hearts and blood flow. 

5. Cover the boat containing live embryo with a lid or bottom half 
of a square Petri dish and transfer the covered boats to the sta¬ 
tionary 37.5 °C humidified incubator for 7 days (see Note 10). 

6. The CAM begins to develop between day 5 and 6 of embryo 
development and appears as a blood vessel-containing sack 
above the embryo proper. After 7 days of ex ovo development 
(day 10 of embryo development), the embryos present a well- 
developed CAM that can spread out over almost all the exposed 
surface of the embryo-containing boat. At this stage, the CAM 
is fully developed and can be grafted with tumor cells. Day 9 
embryos may also be used if the tumor cells are slow growing 
or large microtumors are required (see Note 11). 

To initiate microtumors, tumor cells are mixed with neutralized 
type I collagen solution and the mixture distributed in small drop¬ 
lets onto fully vascularized areas of the CAM (see Note 12) as 
described below. 

1. Detach adherent tumor cells with trypsin-EDTA or enzyme- 
free detachment solution. Harvest and wash the cells in basal 
medium supplemented with 10 % FCS or 1 % BSA. 

2. Centrifuge the cells and resuspend the cell pellet in serum-free 
medium and count using a hemocytometer. 

3. Centrifuge the cells and discard the supernatant. 

4. Resuspend the cell pellet in neutralized type I collagen solu¬ 
tion to a final concentration of 1-2 xlO 7 cells/mL (2.0-2.2 
mg/mLtype-1 collagen). 

5. Place four to six 10 pL droplets on the CAM of each embryo, 
thereby allowing the initiation of individual microtumors from 
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1 to 2 x 10 s cells grafted (see Figs, la and 2a). Droplets should 
be placed between the large CAM vessels, but not too close 
to the edges of the CAM, or weigh boat walls (see Note 13). 
Do not disturb the embryos for 10-15 min to allow the collagen 
to solidify. 

6. Return the embryos to the incubator for 5-7 days. 


3.3 Investigation 
of Tumor Angiogenesis 
and Tumor Cell 
Intravasation 
and Metastasis 


To study the mechanisms underlying the development of intratu- 
moral angiogenic vasculature and tumor cell intravasation and 
metastasis, the developing microtumors can be treated topically 
with growth factors, cytokines, small inhibitor molecules, or block¬ 
ing antibodies with or without additional rescuing components. To 
facilitate penetration into the tumor interior, the agents are applied 
in 1 % dimethyl sulphoxide (DMSO). The final concentrations of 
agent added to the CAM will depend on their specific characteris¬ 
tics, but volumes from 10 to 20 pL are enough to cover the area of 
growing micro tumors. Treatment regimes can be daily, or every 
other day, during 4-6 days of tumor development and initiated at 
the time of tumor cell grafting or after an initial 24-48 h incuba¬ 
tion. After 5-7 days of culturing ex ovo , the embryos with develop¬ 
ing human microtumors are ready for quantification of the levels of 
intravasation and metastasis by Alu qPCR (Figs, le and 3c) along 
with quantitative characterization of the micro architecture (Fig. 
3b) and permeability (Fig. 4) of the intratumoral vasculature. 


3.3.1 Tumor Cell 
Intravasation and 
Metastasis 


3.3.2 Intratumoral 
Angiogenic Vasculature 


1. The levels of human tumor cell intravasation can be determined 
using the DNA extracted from the CAM located most distal to 
the microtumors (see Note 14). Purified DNA can be used in 
human-specific Alu qPCRin parallel with the samples of human 
tumor cells spiked into the chicken tissue background. 

2. Harvest samples from the embryo taking care to prevent con¬ 
tamination of the samples with tumor cells from undeveloped 
primary tumors. If highly disseminating tumor cells are used to 
initiate microtumors, the level of spontaneous metastasis can be 
measured by Alu qPCR in liver (the major internal organ where 
metastasizing tumor cells may be found) or lungs of the embryo. 

To analyze the microarchitecture of the intratumoral vasculature, 
the embryos are grafted with fluorescently labeled tumor cells, 
e.g., stably expressing enhanced GFP. In this case, the vasculature 
of embryos should be stained with lectin conjugated with a con¬ 
trasting red fluorescent tag, e.g., Rhodamine-conjugated LCA. 

1. Inject 100-200 pL of 0.1 mg/mL LCA in PBS into one of the 
allantoic veins using a 30V2-gauge needle and 1 mL syringe. The 
bleeding at the injection site can be stopped by pressing a silver 
nitrate applicator against the cut. After approximately 10 min, 
the vascular endothelium will be labeled, and CAM tissue can 
be harvested for microscopic evaluation. 
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3.4 Vascular 
Permeability 
and Tumor Cell 
Intravasation 


2. Harvest ~ 2 x 2 cm samples of the CAM containing microtumors 
frand wash in PBS. 

3. Place the samples on the glass slides for evaluation and imaging 
in fluorescent microscope (see Note 6). 

4. Record digital images and analyze to quantify the different 
parameters of intratumoral angiogenic vasculature, including the 
lumen diameter, vessel length, and number of branching points. 

To investigate the relationship between the level of tumor cell 
intravasation and the extent of vascular permeability, CAM 
micro tumors are initiated with unlabeled cancer cells (see 
Subheading 3.2, steps 1-6). 

1. After 5-7 days of tumor development, inject an allantoic vein 
with the low mol. wt. (permeable) fluorescent dextran, e.g., 
Rhodamine-conjugated dextran of 70 kDa. The bleeding at 
the injection site can be stopped by pressing a silver nitrate 
applicator against the cut. 

2. Return injected embryos to the incubator, or leave in a warm 
room for 1 h. 

3. Inject high mol. wt. (nonpermeable) dextran conjugated with 
the fluorochrome of the color contrasting the permeable dex¬ 
tran, e.g., 2000 kDa FITC-dextran into a different allantoic 
vein (see Note 5). 

4. Immediately, harvest the CAM distal to the micro tumors for 
Alu qPCR and then resect the microtumors front the CAM 
and place into niRIPA buffer (between 200 and 300 mL per 
tumor; 2-3 small tumors could be mixed together). 

5. Mince the tumors with scissors and incubate at 4 °C for 
45-60 min under constant rotation to extract the dextrans. 

6. Clear the tumor lysates by centrifugation at 12,000-14,000 rpm 
for 15-20 min at 4 °C. 

7. The lysates front individual microtumors are distributed into 
96-well plate fluorescence microplates (100-150 pL per well) 
to measure fluorescence in a microplate fluorometer. 
Alternatively, a single tube fluorometer can be used for fluores¬ 
cence measurement. 

8. Levels of red fluorescence, reflecting amounts of tissue-retained 
low mol. wt. TRITC-conjugated dextran, are measured at 
576 nm (excitation at 557 nm). Levels of green fluorescence, 
reflecting amounts of high mol. wt. FITC-conjugated dextran 
trapped in blood vessels, are measured at 516 nm (excitation at 
492 nm). The relative “red” fluorescence indicates the level of 
vascular permeability, whereas the relative “green” fluorescence 
indicates the volume of perfusable vasculature (see Note 15). 
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4 Concluding Remarks 

The newly established CAM microtumor model makes it possible 
to investigate the functional involvement of tumor-derived and 
host-delivered molecules in the development of a specific intratu- 
moral neovasculature capable of sustaining tumor cell intravasation 
and metastatic dissemination. Our recent findings using this model 
indicate that tumor cell intravasation requires the presence of 
angiogenic vessels with a distinct size lumen and certain level of 
permeability. When this category of intratumoral vessels is lost due 
to changes in the tumor cells or tumor microenvironment, the lev¬ 
els of intravasation and metastasis are reduced dramatically. This 
requirement of functional angiogenic vessels with distinct microar¬ 
chitecture was confirmed recently in our studies employing synge¬ 
neic murine tumors as well as an orthotopic model of human head 
and neck carcinoma in immunodeficient mice. These confirmatory 
findings highlight the advantages of the chick embryo models as a 
discovery-based model system. Finally, by using our CAM micto- 
tumor model we have demonstrated the possibility of tumor cell 
dissemination via intratumoral angiogenic blood vessels and with¬ 
out involvement of tumor-adjacent blood vessels and stromal inva¬ 
sion of primary tumor cells towards these vessels. These important 
observations indicate that tumor cell metastasis can occur much 
earlier in the course of cancer progression than is currently appreci¬ 
ated based on histological examination of solid tumors in cancer 
patients. 


5 Notes 


1. We use the White Leghorn, but any breed of chicken can be 
used. It is important that the eggs are free of major pathogens 
that could affect embryo development and contaminate the 
laboratory environment and personnel. Specific pathogen-free 
(SPF) eggs are available from commercial sources. 

2. The temperature can range from 7 to 13 °C; the relative 
humidity from 70 to 90 %. The required humidity can be 
achieved using a container filled with distilled water placed at 
the bottom of the fridge or thermostat. It is important to 
maintain conditions free of fungal growth. 

3. Tumor cells should be capable of proliferation on the CAM 
and intravasation into angiogenic CAM vessels. However, if 
tumor cells generate microtumors, but are incapable of spon¬ 
taneous dissemination, the CAM microtumor model will still 
allow study of angiogenesis. 

4. Caution should be taken while handling the collagen solution 
to avoid trapping of air bubbles. 
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5. The vasculature should be highlighted with the lectin conju¬ 
gated with a contrasting fluorophore to that of the tumor cells, 
e.g., Rhodamine-conjugated LCA (Vector; #W1012) could be 
used with EGFP labeled tumor cells. 

6. The pair of permeable and nonpermeable fluorescent dextrans 
should have contrasting fluorophores to allow for the measure¬ 
ment of permeability versus total volume of perfusable vascula¬ 
ture. The measurement of both parameters allows the use 
of their ratio for comparison of permeability independent of 
differences in perfusable vasculature developed in the individ¬ 
ual microtumors. 

7. Glass slides should not be too thick to allow for epifluorescent 
examination of whole, nondissected, CAM microtumors. 

8. Not all embryonated eggs give rise to viable embryos even if 
immediately placed into an incubator. Furthermore, one week 
of storage at 4 °C results in ~ 10 % eggs without viable embryos. 
Each day of storage prior to incubation usually causes an addi¬ 
tional 1 % loss in embryo viability. This should be taken into 
consideration when calculating the number of embryos 
required for a particular experiment. To improve embryo via¬ 
bility, turn or tilt the stored eggs twice a day. 

9. Chick embryos are rarely contaminated with bacteria, but are 
easily contaminated with fungi. Therefore, all procedures 
should be performed in a clean room with sterilized instru¬ 
ments and materials. In addition, for long-term handling of 
embryonated eggs or embryos developing ex ovo, the room 
should be maintained at 24-26 °C. 

10. It is convenient to transport the embryo-containing boats on a 
shelf removed from the incubator. 

11. Avoid shaking the live embryos, especially after several days of 
development ex ovo, to prevent the CAM sticking to the side of 
the weigh boat. This may cause excessive bleeding and prema¬ 
ture death of the embryo. 

12. In theory, any extracellular matrix protein(s) which will form 
gels (e.g., Matrigel) can be used for generation of microtu¬ 
mors; however, we do not know whether formed microtu¬ 
mors will be sufficiently transparent for epifluorescence 
microscopy. 

13. The CAM constantly expands, enveloping the embryo, and 
therefore can bring microtumors placed too close to the edges 
to the bottom of the weigh boat. 

14. Tumor cell intravasation occurs via angiogenic blood vessels 
that provide vascular conduits for escaped cancer cells from the 
primary tumor. Because of the nature of blood circulation in 
the chick embryo, the majority of tumor cells, which have 
entered the CAM vessels, become trapped in the capillary 
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network of the CAM, which serves as a repository of newly 
intravasated tumor cells. 

15. The ratio of two parameters, namely the intensity of red fluo¬ 
rescence over the intensity of green fluorescence, gives the 
index that more accurately reflects the difference in vascular 
permeability since it becomes independent of total volume of 
perfusable vasculature in the individual microtumor. 
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Chapter 20 


The Rabbit Corneal Pocket Assay 

Lucia Morbidelli and Marina Ziche 

Abstract 

The rabbit corneal micropoclcet angiogenesis assay uses the avascular cornea as a substrate canvas to study 
angiogenesis in vivo. Through the use of standardized slow-release pellets, a predictable angiogenic 
response is generated over the course of 1-2 weeks and then quantified. Uniform slow-release pellets are 
prepared by mixing purified angiogenic growth factors such as basic fibroblast growth factor or vascular 
endothelial growth factor and a synthetic polymer to allow slow release. A micropocket is surgically created 
in the rabbit cornea under anesthesia and a pellet implanted. On the days later, the angiogenic response is 
measured and qualified using a slit lamp, as well as the concomitant vascular phenotype or inflammatory 
features. The results of the assay are used to assess the ability of potential therapeutic molecules to modu¬ 
late angiogenesis in vivo, both when released locally or given by ocular formulations or through systemic 
treatment. In this chapter, the experimental details of the rabbit cornea assay and technical implementa¬ 
tions to the original protocol are described. 

Key words Angiogenesis, Capillary, Endothelial cell, Angiogenic factors, Drug treatment, Slow 
release 


1 Introduction 


The cornea pocket assay consists in the placement of an angio¬ 
genesis inducer into a micropoclcet made in the cornea thickness 
and the evaluation of vascular outgrowth from the peripherally 
located limbal vessels toward the stimulus. The micropoclcet assay 
is a suitable model to characterize the pro- and antiangiogenic 
effect of modulators and drugs with potential application in other 
fields as wound healing or cancer or ocular disease. Specifically, 
a series of diseases are associated with corneal vascularization as 
traumatic injuries, corneal graft rejection, infections, and chronic 
inflammation. 

Respect to the use of smaller animals (mouse, rat), the rabbit 
has a series of advantages. Due to the easy manipulation of rabbit 
cornea, not only purified growth factors/drugs are studied, but 
also tumor tissue samples and cell suspensions. Since the rabbits are 
amenable and do not require anesthesia for daily monitoring, the 
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continuous observation of neovascular growth in the same animal 
allows the evaluation of drugs acting as suppressors or stimulators 
of angiogenesis with a reduction in the total number of animals 
needed for a statistical assessment. 

The assay was chosen for the absence of a preexisting vascular 
pattern in New Zealand white rabbits and for the easy manipula¬ 
tion of the cornea and continuous monitoring of the neovascular 
growth. Our group settled a series of modifications of the original 
method [1], having set up protocols for the implant of multiple 
samples, including cell suspensions and tissue fragments. This 
technique, extensively used during the years, has been substantially 
modified to characterize angiogenesis inducers, to validate angio¬ 
genesis inhibitors, to study the interaction between different fac¬ 
tors and the cellular, biochemical, and molecular mechanism of 
angiogenesis. 

Refinement of drug formulation for local eye delivery and 
pharmacokinetic profile in eye components can be established. 

In the following sections, the experimental details and proto¬ 
cols of the avascular cornea assay are presented. 


2 The Rabbit Cornea Pocket Assay 


2.1 Materials 

2.1.1 Animals 

2.1.2 Reagents 
and Drugs 


First of all, the protocols and treatments must be approved by the 
local laboratory animal ethical board and the national agencies, 
according to the current laws and guidelines (European Directive 
2010/63/EU or ARVO Statement for the Use of Animals in 
Ophthalmic and Vision Research, and 3R guidelines as in http:// 
www.nc3rs.org.uk/), since the surgical procedure requires general 
anesthesia. 

The micropocket assay is performed in albino rabbits (see Note 1) 
and requires the simultaneous presence of two qualified operators 
in all the steps (see Note 2). 

New Zealand albino rabbits (Charles River, www.criver.com) of 
1.5-2.5 kg (see Note 3). 

1. Recombinant growth factors or drugs to be studied as slow 
release preparation must be dissolved in water or phosphate- 
buffered saline (PBS) or ethanol or methanol in highly concen¬ 
trated solutions (0.1-1 mg/ml) (ter Note 4). 

2. Slow release polymer. Different polymers can be used (see Note 
5 for a comparison with other polymers). Ethylene-vinyl- 
acetate copolymer (Elvax-40) (DuPont de Nemours, 
Wilmington, DE, www.dupont.com) should be previously 
prepared and tested for biocompatibility [2] (see Note 6). 

3. Xilazine solution (20 mg/ml) (Xilor). 
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4. Zoletil-20, a combination of a dissociative anesthetic agent, 
tiletamine hypochloride, and a tranquilizer, zolazepam hypo- 
chloride (each at 10 mg/ml). 

5. The local anesthetic benoxinate or oxybuprocain chlorohy¬ 
drate (0.4 % solution). 

6. Tanax (T-61), an euthanasic mixture containing embutramide 
(200 mg/ml), mebenzonium iodide (50 mg/ml), and tetra¬ 
caine hydrochloride (5 mg/ml). 

7. Fixative: 4 % paraformaldehyde in PBS, pH 7.4. 

8. Liquid nitrogen, isopentane, and OCT tissue-teclc medium or 
similar. 


2.1.3 Facilities, 1. Cell culture facility equipped with vertical lamina! flow hood 

Equipments, and Materials and autoclave. 

2. Animal facility equipped with a sterile surgical room. 

3. Disposable scalpel for ocular microsurgery (n° 10-11, 
Aesculap). 

4. Sterile forceps, silver spatula, microsurgery scissors, micro¬ 
spatula (see Fig. 1 for details). 

5. Teflon plates (10x10 cm) and 6 cm glass Petri dishes. 



Fig-1 Stainless steel instruments necessary for pellet preparation and implant: (a) spatula, (b) Dumont twee¬ 
zers, and (c) Vannas scissors for pellet preparation and manipulation, (d) pliable iris spatula for ocular micro¬ 
surgery and micropocket creation, (e) microforceps to keep open the edge of the corneal micropocket during 
pellet implantation 
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2.2 Protocols 

2.2.1 Sample 
Preparation 


6. Vacuum. 

7. Latex dental dam for endodontic procedures (DentalTrey, 
www. dental trey, com ). 

8. Insulin syringes. 

9. Slit lamp stereomicroscope equipped with a digital camera. 

10. Histology equipment and materials. 

The material under test can be in the form of slow-release pellets 

incorporating recombinant growth factors, cell suspensions, or tis¬ 
sue samples. 

- Preparation of slow release pellets: In order to be implanted in 
the cornea, angiogenic factors (i.e. VEGF, FGF-2, cytokines, 
or other molecules) have to be prepared in a semisolid state, 
enabling surgical implantation and gradual release of the factor 
from the polymer. Pellets (implants)-bearing molecules to be 
tested are prepared under a laminar flow hood according to the 
following steps. A given amount of the compound to be tested 
is previously dried on a flat teflon surface. Then a pre¬ 
determined volume of polymer casting solution (10 pi/pellet) 
is mixed with the dried compound on the teflon plate by the 
use of a stainless steel spatula. After drying, the film sequester¬ 
ing the compound is cut into 1x1x0.5 mm homogeneous 
pieces under a stereomicroscope by the use of Vannas scissors 
and Dumont n. 5 tweezers. The pellets (in open glass Petri 
dishes) are left under vacuum at 4 °C overnight to remove 
residual solvent. Empty pellets of polymer are used as negative 
controls, while, depending on the experimental design, VEGF 
or FGF-2-containing pellets are used as positive controls (see 
Note 7). 

- When testing the co-release of different molecules from the 
same pellet, the two substances are let to dry closely in the 
teflon plate and then incorporated in the same polymer prepa¬ 
ration (see Note 8). 

- Preparation of cell suspension: The intrinsic angiogenic poten¬ 
tial due to different stages of tumor progression or to the 
expression of genes or gene products have been documented 
by our group as well as by others [3-6]. Prepare a cell suspen¬ 
sion by trypsinization of confluent cell monolayers to a final 
dilution of 2-5 x 10 s cells in 5 pi. When using cells, angiogenic 
response can be graded based also on the number of cells 
implanted into the corneal stroma. 

- Preparation of tissue samples: Tissue samples of animal and 
human origin have been successfully implanted into the rabbit 
cornea to produce angiogenesis [7-10]. When tissues are 
tested, fragments are removed within 2 h from patients or ani- 
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2.2.2 Surgery 


mals and kept at 4 °C in complete medium. Fragments of 
2-3 mg are obtained by cutting the fresh tissue samples under 
sterile conditions by the use of microdissection instruments 
under a stereomicroscope. 

1. Anesthetise animals with Xilor (0.5 ml, i.m.) followed by 
Zoletil (5 mg/kg i.m.) or alternatively sodium pentothal (10 
mg/lcg, i.v.). The deepness of anesthesia is checked as reflex to 
pressure (see Note 9). 

2. Each eye is enucleated by the use of a dental dam and a local 
anesthetic (0.4 % benoxinate) is instilled just before surgery. 

3. The pellet implantation procedure starts with a linear intrastro- 
mal incision, parallel to the corneoscleral limbus (linear lcera- 
totomy), using a surgical blade (disposable scalpel n. 10). The 
corneal micropocket for the pellet implant is produced with a 
1.5 mm pliable silver spatula with smooth edge blade in the 
lower half of the cornea (see Note 10). 

4. Pellet implant: The implant is introduced through the lcera- 
totomy line, parallel to the corneal epithelium and under it, in 
the external third of the stroma, up to 2 mm from the limbus. 
One single pellet is selected from the Petri dish using Dumont 
n. 5 tweezers and then introduced in the corneal pocket. 
Microforceps are used to keep open the edge of the cut. Locate 
the implant at 2 mm from the limbus to avoid false positives 
due to mechanical stress and to favor the gradient diffusion of 
test substances in the tissue, toward the endothelial cells at the 
limbal plexus. 

5. When two factors are tested simultaneously, make two inde¬ 
pendent and parallel micropockets (see Note 11 for different 
protocols). 

6. Cell or tissue implant: The pocket is produced with an enlarged 
base (4 mm) to allocate cell samples. To reduce corneal tension 
before cell or tissue implant, a small amount (20-50 pi) of the 
aqueous humor can be drained from the anterior chamber with 
an insulin syringe. 

7. By using a micropipette, introduce 5 pi containing 2-5 x 10 5 
cells in medium supplemented with 10 % serum in the corneal 
micropocket. When the overexpression of growth factors/ 
inhibitors by stable transfection of specific cDNA is studied, 
one eye is implanted with transfected cells and the other with 
the wild-type or vector-transduced cell fine. Suitable cell lines 
for these experiments are mammary carcinoma cells (MCF-7) 
[11], lymphoma Burkitt’s cells (DG75) [4], and Chinese ham¬ 
ster ovary cells (CHO) [6]. It might be necessary to evaluate 
the angiogenic potential of drug-treated cells. In these experi¬ 
ments, cell monolayers are pharmacologically treated before 
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2.2.3 Quantification 
of Neovascular Growth 


the implant (18-24 h). One eye is implanted with treated cells 
and the contralateral with control cells [11, 12]. 

8. Tissue fragments are inserted in the corneal pocket with the 
aid of Dumont n. 5 tweezer. The angiogenic activity of tumor 
samples is compared with healthy tissue [9]. 

1. Subsequent daily observation of the implants is made with a slit 
lamp stereomicroscope without anesthesia. The clinical evolu¬ 
tion of the implants and of the ocular lesions is recorded and the 
presence of corneal reactions, such as redness, corneal edema, 
the intensity of the corneal cellular infiltrate, and the total area 
of neovascularization, are scored. The use of slit lamp stereomi¬ 
croscope and of awake animals allows the observation of newly 
formed vessels during time with prolonged monitoring, up to 1 
month. When studying tumor-induced angiogenesis, neovascu¬ 
larization accompanies tumor cell growth (see Fig. 2). 

2. An angiogenic response is scored positive when budding of 
vessels from the limbal plexus occurs after 3^4 days and capil¬ 
laries progress to reach the implanted pellet in 7-10 days. 
Implants that fail to produce a neovascular growth within 10 
days are considered negative, while implants showing an 
inflammatory reaction are discarded. 

3. During each observation, the number of positive implants over 
the total implants performed is scored. 



Fig. 2 Example of tumor cell-induced vascularization. B16 melanoma cells were implanted in the cornea 
stroma and neovascularization and cell growth were monitored during time. Images were taken at day 3 (a), 6 
(b), and 10 (c). Note in (c) the increased intensity of melanin bearing cells (brown-black spots) 
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2.2A Histological 
Examination 

and Immunohistochemical 
Analysis 


2.2.5 Gene and Protein 
Expression 


4. The potency of angiogenic activity is evaluated on the basis of 
the number and growth rate of newly formed capillaries, and 
an angiogenic score is calculated by the formula [vessel den¬ 
sity xdistance from limbus] [11, 13]. A density value of 1 cor¬ 
responds to 0 to 25 vessels per cornea, 2 from 25 to 50, 3 from 
50 to 75, 4 front 75 to 100, and 5 for more than 100 vessels. 
The distance from the limbus is graded (in mm) with the aid of 
an ocular grid. 

5. To understand the mechanism of progression and/or regres¬ 
sion by drug treatment, the two parameters (density and 
length) are considered separately, thus documenting the activ¬ 
ity of treatment on endothelial cell proliferation (density) 
respect to elongation and organization (length). 

6. The anterior ocular pole images are computer-analyzed at fixed 
times on animals under anesthesia. An advanced video camera 
connected to a color video monitor and a computer with 
video-bluster and special capture software is used to record 
corneal responses. In order to extract the vascular tree from 
every image, the following graphic processing is required: 

• adjustment of contrast and brightness, in order to high¬ 
light the vascular tree (image conversion in a gray scale 
format can be helpful in this stage); 

• image extraction of the vascular tree (Fig. 3). 

Commercially available software (i.e. Corel Photo Paint and 
Corel Draw; Adobe Photoshop and National Institute of Health 
Image J1.38X) can be used for these purposes [14]. 

Depending on the experimental design, histological or immuno¬ 
histochemical analysis of corneal sections can be performed at fixed 
times during angiogenesis progression or at the end of the obser¬ 
vations [11]. 

1. Animals are sacrificed with intravenous injection of 0.5 ml of 
Tanax or sodium pentothal (bolus 30 mg/kg). 

2. The corneas are removed, oriented, and marked (see Note 12), 
immediately frozen in isopentane cooled in liquid nitrogen for 
10 s, and stored at -80 °C in OCT tissue-teck medium. If 
required, the cornea can be fixed in paraformaldehyde. 

3. Seven-pm-thick cryostat sections are stained with hematoxylin 
and eosin and adjacent sections can be used for immunohisto¬ 
chemical staining (see Note 13). 

At fixed times or at the end of the experiment, corneas can be 
removed and snap frozen in liquid nitrogen. By using standard 
extraction reagent and buffer, mRNAs and proteins can be 
extracted to assess gene transcription and protein expression dur¬ 
ing vascular and tissue responses or following drug treatment. 
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2.3 Drug Treatments 
and Pharmacokinetic 
Studies 



Fig. 3 Picture of neovascular growth induced by VEGF (100 ng/pellet) taken at 
day 1 0 (a). Panels (b) and (c) represent the same image processed by computer¬ 
ized image analysis for vessel extraction from the background 


When performing drug treatments for ocular pathologies and to 
validate stimuli or signalling pathway, different approaches can be 
followed. 

1. Eye drops: isotonic buffers (i.e. PBS without calcium and mag¬ 
nesium) at physiological pH can be used to dissolve drugs to 
be studied for their ability to modulate corneal angiogenesis. 
Depending on drug nature and half-life, eye drops treatments 
can be performed twice-fivefold a day, soon after an angiogenic 
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stimulus has been implanted in the cornea stroma. Awake ani¬ 
mals are immobilized in appropriate contention boxes. By the 
use of a sterile pipet, 50-100 pi of the drug solution is put in 
the subconjunctival space by pulling the lower lid. The eye is 
then kept close for at least 30 s to avoid liquid dispersion and 
drop out. 

2. Ointment and gels: Simple eye ointment contains liquid paraf¬ 
fin (mineral oil) and wool fat (lanolin) in a yellow soft paraffin 
base (see Note 14). These ingredients produce a transparent, 
lubricating, and moistening film on the surface of the eyeball. 
Drug mixing is performed under hood and insulin syringes are 
prepared. 100 pi of ointment are poured in the subconjuncti¬ 
val space once or twice a day. Eye lids are closed and gently 
frictioned to form a film of the ointment or gel on the eye 
surface [15]. 

3. Intravitreal injections (30-50 pl/eye) can be also performed 
under general anesthesia to study drug stability in the vitreous 
and diffusion to retina or to the anterior chamber, to obtain 
data closely related to human ocular pharmacology. 

4. When drugs or genes transduced by viral vectors have to be 
locally tested, microinjection of concentrated solutions is per¬ 
formed by the use of insulin syringes equipped with 30 G nee¬ 
dles. After the removal of aqueous humor, a volume of 10 pi is 
injected within the corneal stroma in the space between the 
limbus and the pellet implant [16]. 

5. At fixed times after treatment started, following animal sacri¬ 
fice, all the eye tissues (cornea, aqueous humor, lens, vitreous 
humor, retina) can be isolated and frozen in liquid nitrogen, 
and tissue homogenates assessed for drug distribution and 
metabolism. 


3 Notes 


1. Cornea has been found avascular in all strains of rabbits exam¬ 
ined so far. In albino rabbits, the newly formed vessels are 
clearly visible on the background of the iris. 

2. Operator skill for pellet manipulation, surgery, and monitoring 
of angiogenesis is required. All procedures and observations 
are conducted in a double-masked manner and the code iden¬ 
tities are revealed only after the end of the experiment and data 
elaboration. 

3. Body weight: in the range 1.8-2.5 kg for an easy handling and 
prompt recovery from anesthesia. Sex: except when hormone 
dependency of cells or tumors is a prerequisite of the experi¬ 
mental setting, males are used. Check with your animal facility 
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and veterinary doctor whether only specific pathogen-free 
(SPF) animals are admitted. 

4. Sterility of materials and procedures is crucial to avoid nonspe¬ 
cific responses. DMSO should be avoided since incompatible 
with Elvax-40 polymerization and handling. 

5. Ethylene vinyl acetate (Elvax-40) is the copolymer of ethylene 
and vinyl acetate (40 %). Elvax-40 is a polymer that approaches 
elastomeric materials in softness and flexibility, used in biomedi¬ 
cal engineering applications as a drug slow delivery device. While 
the polymer is not biodegradable within the body, it is quite 
inert and causes little or no reaction following implantation. 

Polyvinylalcohol and polyhydroxyethyl-methacrylate 
(Hydron) can be used instead of Elvax-40 [17]. Hydron is 
hydrophobic; however, when the polymer is subjected to water, 
it will swell due to the molecule’s hydrophilic pendant group. 
Depending on the physical and chemical structure of the poly¬ 
mer, it is capable of absorbing front 10 % to 600 % water relative 
to the dry weight. Because of this property, it was one of the 
first materials to be successfully used in the manufacture of flex¬ 
ible contact lenses. When comparing the release kinetics of pro¬ 
teins from Elvax-40 and Hydron, the release from Hydron was 
the most rapid, while it was the most slow from Elvax, which 
continued to release the incorporated protein till 100 days [2]. 
Polyvinylalcohol had an intermediate behavior [2]. 

In our experience, the polymer of hydroxyethyl-methacry- 
late gave less satisfactory results than Elvax-40. The release of 
molecules (i.e. gangliosides) from Elvax-40 pellets implanted 
in the cornea is in the order of 30-40 % in the first 48 h and 
then remains constant [18]. Initially, the most superficial mol¬ 
ecules are released, then water moves front the tissue inside the 
pellet matrix, leading the inner molecules on pellet surface [2]. 

6. Elvax-40 preparation and testing: 

- Weight 1 g of Elvax-40 (purchased as dry beads), exten¬ 
sively wash it in absolute alcohol for 100-fold at 37 °C, and 
dissolve in 10 ml of methylene chloride to prepare a 10 % 
casting stock solution. 

- Test the Elvax-40 preparation for its biocompatibility [2]. 
The casting solution is eligible for routine use if no implant 
performed with this preparation induces the slightest or 
histological reaction in the rabbit cornea during 14-day 
examination period. 

7. Variability among growth factors in inducing angiogenesis has 
been found considering different angiogenic factors, different 
providers, and batch of preparation. Usually, the dose of VEGF 
or FGF-2 able to give a positive angiogenic response varies in 
the range 200-400 ng/pellet. 
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8. When two factors are co-released from the same pellet, the 
advice is to check before pellet implant if drug release in vitro 
is modified respect to the single molecule, as described in [19]. 

9. Immobilization (in appropriate contention box) during anes¬ 
thetic procedure and observation is important to avoid self- 
induced injury. 

10. Make the cut in the cornea in correspondence of the pupil and 
orient the micropocket toward the lower eyelid for an easy 
daily observation. 

11. The modulation of the angiogenic responses by different stim¬ 
uli can be assessed in the rabbit cornea assay (a) by implanting 
single pellets releasing both the angiogenic stimulus and the 
inhibitor [20-22], (b) by implanting in the same cornea two 
pellets placed in parallel micropockets and releasing different 
molecules [18,23], and (c) through the addition or removal of 
single pellets in multiple implants [18]. 

12. Before embedding in OCT-tissue teclc medium, pellets should 
be removed and corneas sampled and marked (i.e. with a cot¬ 
ton thread) for subsequent orientation at the cryostat once 
embedded in OCT medium. 

13. Validated antibodies in our experience are anti-CD31 Ab 
(Dako, 200 pg/ml) (marker of neovascularization), anti- 
RAM11 Ab (Dako, 1.2 pg/ml) (marker of inflammation), anti 
a5pi integrin Ab (Chemicon, 1:50) (adhesion molecule 
expressed in epithelial and endothelial cells). 

14. When using eye ointment, take into account that paraffin- 
based preparations have to be used for short time (1 week) to 
avoid toxicity by excipients. 
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The Corneal Micropocket Assay: A Model of Angiogenesis 
and Lymphangiogenesis 

Shintaro Nakao and AM Hafezi-Moghadam 

Abstract 

The cornea is a transparent tissue that lacks blood and lymphatic vessels. In addition, the cornea is readily 
accessible, which makes it convenient for direct visualization of angiogenesis and lymphangiogenesis. The 
corneal micropocket assay is a commonly used quantitative technique, in which a growth factor containing 
pellet is micro-surgically implanted into the cornea of a rodent. Subsequently, the growth of the preexist¬ 
ing limbal vessels toward the growth factor is visualized by live microscopy or immunohistochemistry. 
Recently, there has been significant interest in the process of lymphangiogenesis and the factors that regu¬ 
late it. To facilitate these studies, we introduce a novel technique for visualization of the immune response 
during growth factor induced angiogenesis and lymphangiogenesis in the cornea. 

Key words Lymphangiogenesis, Imaging, Leukocyte recruitment, VEGF, LYVE-1, Cornea, 
Conjunctiva, Limbal vessel, Growth factor 


1 Introduction 


The cornea, a transparent and avascular tissue, is made of extracel¬ 
lular matrix, keratocytes, and leukocytes. Indeed, avascularity of 
the cornea is a prerequisite for its transparency. In contrast to the 
normal cornea, the conjunctiva contains blood and lymphatic ves¬ 
sels. The growth of these vessels can accompany various corneal 
disorders and cause significant loss of visual acuity. In corneal dis¬ 
eases, a number of cytokines and growth factors are released, which 
lead to the accumulation of neutrophils, macrophages, and lym¬ 
phocytes. The presence of inflammatory cells in the cornea goes 
often hand in hand with growth of new vessels. The underlying 
mechanisms are beginning to be understood. 

Recently, we investigated the lymphangiogenic potential of 
inbred mouse strains after implantation of various growth factors 
in the cornea [1]. Our results revealed a significant heterogeneity 
in preexisting lymphatics and the growth of new lymphatic ves¬ 
sels, depending on the genetic background [1]. With the use of 
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the corneal micropocket assay we were able to establish a new 
link between angiogenesis and lymphangiogenesis that finely reg¬ 
ulates lymphatic growth in spatial and temporal relation to angio¬ 
genic vessels [2]. Our studies further revealed a unique 
organization of the inflammatory cells during angiogenesis and 
lymphangiogenesis [3, 4]. Although various cytokines, e.g., vas¬ 
cular endothelial growth factor (VEGF)-A and interleukin 
(IL)-lp, are known to induce angiogenesis and lymphangiogen¬ 
esis in vivo, their role in leukocyte infiltration during angiogenic 
response has not been studied. In our recent studies we showed 
how to investigate the cytokine-dependent leukocyte recruitment 
during angiogenesis and lymphangiogenesis [3, 4]. Our results in 
the corneal micropocket assay revealed that interleukin-1 p (IL- 
ip) induces infiltration of both neutrophils and macrophages 
during the angiogenesis, whereas macrophages but not neutro¬ 
phils infiltrated in VEGF-A-induced angiogenesis. In the same 
assay we were able to show that infiltration of a subset of leuko¬ 
cytes that was key to lymphatic growth was regulated by the vas¬ 
cular adhesion protein-1 (VAP-1) [5]. 

In summary, we have been able to gain these insights by using 
the corneal micropocket assay, a powerful and reliable technique, 
the details of which are described in the following protocol. 


2 Materials 


2.1 Growth Factor/ 
Cytokine Pellets 


2.2 Pellet 
Implantation 


1. Poly(2-hydroxyethyl methacrylate) (PHM) solution: Add the 
PHM powder (see Note 1, P3932, Sigma) to ethanol to give a 
12 % (w/v) solution. Vortex until the powder is completely 
dissolved. 

2. Dulbecco’s phosphate buffered saline (PBS): Sterilize by auto¬ 
claving or filtration through a sterile 0.22 pm filter. 

3. Recombinant growth factors and cytokines: Growth factors, 
e.g., murine VEGF 164 and cytokines, such as monocyte che¬ 
moattractant protein-1 (MCP-1), or IL-ip can be implanted, 
depending on the experimental design. 

4. PBS containing 0.1 % bovine serum albumin (BSA): Dissolve 
0.1 % (w/v) BSA (high grade, IgG-free, low endotoxin suit¬ 
able for in vivo/in vitro use, e.g., A2058, Sigma) in 
PBS. Sterilize by filtration through a 0.22 pm sterile filter. 

5. Parafilm M. 

6. White paper. 

1. Forceps (e.g., 11252-23; Fine Science Tools). 

2. Blade holder (e.g., 10052-11; Fine Science Tools). 

3. Blade (e.g., 10050-00; Fine Science Tools). 
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2.3 Immuno- 
histochemistry 


2.4 Ex Vivo 
Leukocyte Assay 


3 Methods 

3.1 Growth Factor/ 
Cytokine Pellets 


4. Pin holder (e.g., 26018-17; Fine Science Tools). 

5. Insert Pin (e.g., 26007-02; Fine Science Tools). 

1.4% (w/v) paraformaldehyde (PFA). 

2. Methanol. 

3. PBS containing 10 % (v/v) goat serum and 1 % (v/v) Triton 
X-100. 

4. Antibodies for immunostaining of the corneal flat mounts. 

(a) a-Mouse CD31 antibody (e.g., 550274; BD Pharmingen). 

(b) a-Mouse LYVE-1 Ab (e.g., 103-PA50AG; RETIATech 
GmbH). 

(c) AlexaFluor 488 goat a-rat IgG (e.g., 52955A; Invitrogen). 

(d) Alexa Fluor 647 goat a-rabbit IgG (e.g., A21244; 
Invitrogen). 

5. Mounting medium (e.g., TA-030-FM, Mountant Permafluor; 
Tab Vision Corporation). 

1. Acridine orange (AO) solution: Make up a stock solution 
according to manufacturer’s instructions and dilute to 0.2 
mg/mL in PBS. 

2. Rhodamine-labeled Concanavalin A (Con A) lectin: Dilute 
rhodamine-labeled ConA to 10 pg/mL in PBS (pH 7.4). 


Perform all procedures at room temperature (see Note 2). To cre¬ 
ate a mold for the pellet, cut squares of 1 mm x 1 mm from Parafilm 
M. Use 1 mmx 1 mm graph paper and place the Parafilm on the 
paper. First, cut out the 1 mm x 1 mm frame as shown in Fig. 1 . In 
this space the cytokine pellet will be prepared and sectioned into 
smaller pieces (dotted lines). 

1. Mix the desired cytokine or growth factor with the 12 % PHM 
solution at a 1:1 ratio. For instance, to implant 200 ng of 
VEGF, prepare 1.8 pg ofVEGF in 3 pL of sterile PBS contain¬ 
ing 0.1% BSA added to 3 pL of 12 % PHM solution. Add 1 pT 
of the prepared cytokine-PHM mixture into each square mold 
that was cut out of Parafilm and allow the mixture to dry at 
room temperature. Repeat this step several times with the 
remainder of the cytokine-hydron mixture. 

2. Cut the pellet into nine equal pieces (see Fig. 1). However, 
since it is technically challenging to cut the square into exactly 
nine equal pieces, the four corner pieces should be discarded 
and the remaining other five pieces (gray) used as pellets for 
implantation. 
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1 mm 


E 

E 


Fig-1 Scheme for preparing the growth factor/cytokine pellets for implantation 
into the mouse cornea. The 1 mm should be divided into 9 equally. This is hard 
to achieve and we use only the pellets represented by the gray squares 


3.2 Pellet 
Implantation 


3.3 Immuno- 
histochemistry 


1. Anesthetize a mouse by intraperitoneal injection ketamine 
(100 mg/kg) and xylazine (10 mg/kg) (see Note 3). 

2. Cut the top of cornea until the stroma with a surgical blade. 
Take great care not to penetrate into the anterior chamber of 
the eye (see Note 4). 

3. Create a pocket in the corneal stroma. This can be accom¬ 
plished using the pointed tips of a pair of fine forceps. Advance 
the closed forceps through the cut into the stroma parallel to 
the surface of the cornea and gently allow the tips to open, 
then close again for retraction. 

4. Implant one of the prepared pellets into the mouse cornea. To 
prevent the pellet from spontaneously coming back out of the 
pocket, push it to the blind end of the pocket (see Note 2). 

5. The angiogenic response becomes visible within the first 6 days 
after pellet implantation. Recently, we characterized the time 
course of the angiogenic growth (see Ref. 6). 

1. Enucleate eyes and fix with 4 % PFA for 30 min at 4 °C. 

2. For whole-mount preparation expose the corneas by removing 
the rest of the eye. 

3. Wash the tissues with PBS three times for 5 min and place 
them in methanol for 20 min. 
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Fig. 2 Blood and lymphatic vessels in the mouse cornea. Corneal flatmount of a C57B6/J mouse illustrates 
CD31 positive blood and LYVE-1 positive lymphatic vessels. Left image, preexisting blood and lymphatic ves¬ 
sels. Right image, newly grown blood and lymphatic vessels in response to cytokine implantation 


4. Incubate overnight at 4 °C with a-mouse CD31 mAh (5 [tg/ 
mL) and a-mouse LYVE-1 Ab (4 pg/mL) diluted in PBS con¬ 
taining 10 % goat serum and 1 % Triton X-100. 

5. Wash tissues four times for 20 min in PBS followed by incubation 
with Alexa Fluor 488 goat a-rat IgG (~20 pg/mL) and Alexa 
Fluor 647 goat a-rabbit IgG (20 pg/mL) overnight at 4 °C. 

6. Place radial cuts in the peripheral cornea to allow flat mount¬ 
ing on a glass slide using a mounting medium. Examine the 
flat-mounted tissues by fluorescence microscopy and obtain 
photomicrographs for quantification purposes. A representa¬ 
tive micrograph is shown below (Fig. 2). 

3.4 Ex Vivo 1. Anesthetize the pellet implanted mice (see Subheading 3.1, 

Leukocyte step 1). 

Transmigration Assay 2. Inject 500 pL of AO solution (0.2 mg/mL) intravenously (see 

Ref. 7). 

3. Two hours after AO injection, perfuse the animals with 10 (tg/ 
mL rhodamine-labeled ConA. Open the chest cavity and place 
a 24-gauge perfusion needle into the aorta. Allow drainage by 
opening the right atrium. 

4. Perfuse with 10 mL PBS to wash out blood cells in the 
vessels. 

5. After PBS perfusion, perfuse with 5 mL rhodamine-labeled 
ConA and then again with 1 111 L PBS to remove residual 
unbound Con A. 

6. Immediately after perfusion, remove the corneas and prepare 
flat mounts using a mounting medium. 

7. Quantify the number of transmigrated leukocytes into the cor¬ 
neal stroma. 
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4 Notes 


1. Various studies have used Hydron (IFN Sciences) for this assay, 
however, since Hydron is no longer commercially available, we 
recommend the use of poly(2-hydroxyethyl methacrylate) 
(PHM) for this assay. 

2. It is important that the pellets are freshly prepared for each 
assay in order to achieve optimal results. 

3. Surgical procedures should be performed by trained and 
licensed individuals according to the relevant local ethical 
guidelines for animal care and experimentation. 

4. The corneal micropocket assay is a reliable and reproducible 
in vivo technique. However, it requires a high level of precision 
and microsurgical skills. Although it will eventually generate 
robust results, it takes considerable effort to master this in vivo 
assay. It is critical that all procedural sources of variability, such 
as those related to the microsurgical skills are minimized. In 
our experience, to become proficient in this technique, tens of 
hours of practice are required. 

Once proficient, a number of creative variations in the 
design will become possible. For instance, recently we intro¬ 
duced a variation of this technique, which allows quantitation 
of leukocyte extravasation from angiogenic vessels and their 
reentry into the lymphatic vessels [6, 7]. 
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Models of Oxygen Induced Retinopathy in Rodents 

Melissa V. Gammons and David 0. Bates 

Abstract 

Much of the knowledge we have gained into the development of pathological ocular angiogenesis has 
come from the development of in vivo models that enable functional assessment of key components of 
signaling pathways in disease progression. Indeed, rodent models have facilitated identification of several 
therapeutics that target pathological angiogenesis. Two of the most widely used rodent models of oxygen 
induced retinopathy (OIR), Smith’s mouse model and Penn’s rat model reproducibly induce neovascular¬ 
ization reminiscent of the disease retinopathy of prematurity (ROP). In this chapter we discuss develop¬ 
ment of ROP in humans and compare features with that of the rat and mouse models, focusing both on 
the benefits and caveats of using such models. Furthermore, we discuss in detail the methodology of both 
procedures and discuss the importance of various features of the model. 

Key words Retinopathy of prematurity, Oxygen-induced retinopathy, Neovascularization, Angiogenic 
cascade 


1 Introduction 


Retinopathy of Prematurity (ROP) is a potentially blinding disease 
affecting premature infants. Like other retinopathies including 
age-related macular degeneration (AMD) and proliferative dia¬ 
betic retinopathy (PDR), ROP is characterized by pathological 
ocular angiogenesis and retinal neovascularization (NV) [1, 2]. 
Premature birth alters the development of the retinal vasculature 
resulting in the delayed maturation of vessels, retinal ischemia at 
the peripheral retina causes a decrease in available oxygen that is 
detected in the retina by Muller cells which, in turn secrete large 
amounts of growth factors, namely vascular endothelial growth 
factor (VEGF). VEGF is a potent endothelial cell-selective mito¬ 
gen detected by receptors on retinal microvascular endothelial 
cells which, together with other signals leads to the induction of an 
angiogenic cascade [3]. The angiogenic signaling cascade makes 
for an attractive therapeutic target in ocular diseases that exhibit 
pathological neovascularization. 
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1.1 Human ROP 
Characteristics 


1.2 Experimental 
Models of ROP 


Knowledge gained from in vivo models of retinal diseases have 
yielded much of what we know about physiological and pathologi¬ 
cal blood vessel growth in the retina [4], knowledge that has also 
impacted our understanding of non-ocular angiogenic conditions. 
In this chapter we discuss two oxygen-induced retinopathy (OIR) 
models of ROP that have been developed over the years and have 
both been used to identify and therapeutically target molecular 
mechanisms that control the angiogenic cascade [5,6]. We outline 
in detail both the advantages and disadvantages of each model, and 
the methodological procedures necessary to complete each model. 

ROP alters the normal development of retinal blood vessels in pre¬ 
mature infants. Premature infants are susceptible to ROP due to 
the incomplete development of the retinal vasculature on birth. 
During normal retinal development vascularization begins at 
approximately 16-weelcs gestational age initially provided by the 
hyaloid vessels traversing from the optic nerve to the anterior seg¬ 
ment. Hyaloid vessels must regress for clear vision which usually 
occurs at 34-weelcs gestational age, and by this time the intraretinal 
vasculature is well advanced; however, vessels do not reach the ora 
serrata (serrated junction between the retina and the ciliary body) 
until week-40. At birth the hyperoxic postnatal environment (par¬ 
tial pressure of dissolved arterial oxygen (Pa0 2 ) is 55-80 nimHg 
compared with the uterine environment Pa0 2 of 30 nimHg) is 
believed to stimulate reduction of growth factor production [7]. 
In premature infants this occurs prior to the completion of the 
vascular development and retards developmental angiogenesis. 

ROP is a biphasic disease; initially characterized by the hyper¬ 
oxic postnatal environment inducing vasoattenuation or the cessa¬ 
tion of retinal vascular development [8, 9], as the vasculature is 
incomplete the retina becomes hypoxic inducing vasoproliferation 
and preretinal NV [10]. This preretinal NV predisposes the infant 
to plasma leakage, intravitreal hemorrhages, retinal detachment, 
and in some cases subsequent visual loss [11]. 

Improvements to the survival rates of premature babies have 
resulted in an increase in the prevalence of ROP in recent years. 
The Supplemental Therapeutic Oxygen for Premature Retinopathy 
of Prematurity (STOP-ROP) multicenter trail in 2004 showed 65 
% of premature babies routinely placed in oxygen therapy on birth 
went on to develop ROP (Dale Phelps, personal communication, 
information derived from the STOP trial [12]). However, the 
development and severity of ROP is a multifactorial process where 
there is not one sole determinant, factors including temporal devel¬ 
opment and gene expression combine with clinical care to impact 
ROP pathogenesis. 

In 1954, Patz first demonstrated preretinal NV in rats that had 
been exposed to a constant level of extreme hyperoxia [13]. Similar 
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results were seen in the same year in mouse models of retinal NV 
[14, 15]. However, such results were difficult to replicate in the 
mouse for many years. Ashton failed to produce a proliferative reti¬ 
nopathy using oxygen concentration of 80-90 % [16]. 

The inconsistencies and lack of quantification associated with 
this model led Smith and colleagues [6] to redefine exposure 
parameters to ensure consistent reproducible neovascularization 
in the mouse retina [6]. Smith’s oxygen induced retinopathy 
(OIR) model was used on C57BL6 mice after hyaloid regression; 
in brief 1-week-old (P7) mice are exposed to 75 % oxygen for 5 
days (P7-P12), during the first 48 h immature capillaries in the 
central retina rapidly regress leading to central vaso-obliteration, 
in the latter part of the hyperoxic exposure revascularization of 
this central retina begins. In addition, during this exposure vessels 
constrict to regulate P0 2 . At P12 mice are returned to room air, 
leading to hypoxia in the vaso-obliterated central retina and an 
induction of Hif-la-dependent angiogenic signaling. Hyperoxia 
exposure produced a far more profound and reproducible retinal 
NV in P7-P12 pups compared to previous experiments on P0 
pups [6]. Strict regulation of this protocol successfully models the 
defining disease characteristics observed during the development 
of human ROP in an efficient experimental setting. This model his 
since been adopted as the benchmark model of mouse OIR, con¬ 
tributing to over 30,000 publications since its description in 1994 
(Google Scholar search on keywords “oxygen induced retinopa¬ 
thy mice,” June 19, 2014). 

The development of the rat model of ROP experienced similar 
issues, Ashton and Blach failed to reproduce Patz’s initial data 
[17], concluding previous investigators claims were “inadequately 
substantiated on the evidence provided,” due to the inconsistent 
nature of the vasoproliferative response. Again like the mouse 
model the rat model has experienced numerous changes to make it 
more reliable, including alterations to staining employing histo- 
chemical methods as described by Flower et al., using ADPase 
staining [18]. The constant level of extreme hyperoxia in rat mod¬ 
els, like in the mouse, led Ricci and colleagues to observe “ marked 
peripheral retinal neovascularization’’’ after 5 days of continuous 
exposure to 80 % oxygen in newborn rat pups [19]. Both rat and 
mouse models demonstrate retinal NV and boast different advan¬ 
tages and disadvantages making both therapeutically applicable. 
However, both also lack pathophysiological features observed clin¬ 
ically in newborn babies, a factor that then sparked Penn’s enthu¬ 
siasm into making the rat model more clinically robust. 

Premature infants who develop the ROP experience rapid fluc¬ 
tuations in Pa0 2 resulting in alternating periods of hyperoxemia 
and hypoxemia. This exposure paradigm is not explicitly defined in 
previous models where rats are maintained in severe hyperoxia (80 
%) for 5 days, although they may experience relative hypoxia 
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during the experiment if oxygen levels are not meticulously moni¬ 
tored. During periods where gas cylinders were changed or bed¬ 
ding and water replaced the oxygen levels within the chamber will 
rapidly fluctuate, and this may explain why various investigators 
saw inconsistencies in neovascular growth. 

This led Penn and colleagues to pose the theory that it was in 
fact the transient fluctuations in oxygen levels during the experi¬ 
ment that stimulated neovascular growth and so he set up an exper¬ 
iment where newborn rats where exposed to a cycle of 80 % oxygen 
for 12 h followed by 40 % oxygen for 12 h for a number of days 
followed by a short period of time in normoxia. Indeed 66 % of rats 
developed preretinal NV during this insult compared to none 
exposed to a continuous 80 % followed by room air [5]. Penn sub¬ 
sequently went on to show that the range of Pa0 2 variation deter¬ 
mines the severity of OIRin newborn rats, more specifically showing 
fluctuations between 80 % and 40 % in healthy animals with normal 
lung functioning do not reflect the Pa0 2 experienced by neonates 
in the neonatal intensive-care unit (NICU). Consequently he set 
the oxygen levels to fluctuate between 50 % and 10 % on a 24 h 
basis; this not only better reflected the arterial blood gases experi¬ 
enced by sick premature infants in the NICU but also resulted in a 
greater retardation of retinal blood vessel development and increase 
NV severity comparatively. After 4 days postexposure in room air, 
the incidence of preretinal neovascularization was 97 % in the 
50/10 % rats and 72 % in the 80/40 % group [4, 5, 20]. 

Exposure to the 50/10 regime retards both the superficial and 
deep retinal vessels, thus causing the avascular periphery. Removal 
to normal air causes neovascular growth at the vascular boundary, 
the joining of neovascular tufts results in a ridge of preretinal vessel 
growth that is highly reminiscent of the mesenchymal ridge seen in 
human ROP [21]. 

1.3 Benefits and Both the mouse OIR developed by Smith and the rat 50/10 OIR 

Caveats of the Rat and model developed by Penn have proved useful scientific models 

Mouse Models which have aided in furthering knowledge of pathological oxygen- 

induced ocular angiogenesis, and in testing novel treatments for 
therapeutic application. However, like most scientific models, each 
boasts both advantages and disadvantages, and requires careful 
control of a number of variables. 

Unlike the development of the human disease the pathology 
induced in both models are induced by oxygen fluctuations post¬ 
partum. Eyes open once initial development of retinal vasculature 
is complete, in humans this coincides with birth whereas in rats and 
mice this starts to occur at around P12 in normoxic conditions. 
The high ex-uterine oxygen environment premature babies experi¬ 
ence prior to complete retinal development can thus be easily mod¬ 
eled in pups after birth by manipulation of oxygen levels, making 
rodents excellent for studying pathological as well as 
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developmental angiogenesis. Both models, when correctly moni¬ 
tored, provide a robust induction of pathological neovasculariza¬ 
tion in a time-efficient manner. 

In both models the severity induced can vary in different wild- 
type strains [22, 23] and because of vendor-related sub-strain differ¬ 
ences [24, 25]. Smith et al. observed higher NV induction using 
C57B1/6 wild-type mice from Jackson Laboratories (Bar Harbor, 
ME) compared to Taconic Farms (Germantown, NY) [25], and Penn 
et al. noted greater induction of NV in Sprague-Dawley rats from 
Charles River (Charles River Laboratories, Wilmington, MA) com¬ 
pared with several other vendors, observations that were confirmed in 
2002 by a study comparing Charles River to Harlan [24]. For both 
the rat and mouse model the susceptibility to, and severity of, NV is 
very much dependent on genetic background and environment. 

The mouse model is both highly reproducible and less com¬ 
plex than the rat model in terms of protocol. A strong advantage in 
using the mouse model is the ability to study gene knockouts rela¬ 
tively easily. Knockout mice allow investigation into the impor¬ 
tance of a gene throughout various stages of pathological 
development (providing the knockout is not embryonic lethal), 
furthermore rescue experiments can be achieved in inducible 
knockouts where genes can be turned on and off at different times 
during development. 

With current advances in technology the rat genome is becom¬ 
ing increasingly easier to manipulate and transgenic rats are avail¬ 
able; however, at present for gene-knockout studies the mouse 
model is easily the preferred choice. 

In the mouse model, pups do not enter the protocol until P7, 
so the hyaloid vessels have already significantly regressed and do 
not need to be removed from the retina following enucleation. In 
the rat model, however, pups are exposed to alternating oxygen 
levels immediately after birth, which substantially delays the regres¬ 
sion of the hyaloid vessels thus requiring their careful removal dur¬ 
ing dissection. Despite the development of the improved 50/10 
OIR model, getting a reproducible system requires detailed precise 
following of the methodology. For example as the procedure 
begins at birth it is important litters are monitored carefully, litter 
size is important for pathological induction thus it is often neces¬ 
sary to coordinate dams to give birth at a similar time so that litters 
can be pooled if necessary (observations from experimental data). 

An adequate model should replicate key characteristics 
observed in the human pathology. ROP is a biphasic disease con¬ 
sisting of vaso-obliteration followed by neovascularization; two 
phases reflected in both the rat [5] and mouse [6] models of 
OIR. The rat model is widely accepted as the most clinically rele¬ 
vant model of ROP, OIR rat pups present of a ridge of preretinal 
vessel growth at P20 that is highly reminiscent of the mesenchymal 
ridge seen in human ROP [21]. 
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1.4 Assessment 
of Induced Pathology 


1.4.1 Rat Model 


1.4.2 Mouse Model 


However, a clear disadvantage of both models from a clinical 
perspective is that the pathology observed recovers after time. In 
the rat model NV regresses after P25 [26], and in the mouse model 
regression begins at P17 with little or no vaso-obliteration or NV 
present by P25 [27]. If one requires a model that tests drug depen¬ 
dence and/or the effect of drug withdrawal over a prolonged 
period of time, then this model is not going to be appropriate. 

Assessment of the pathology must be carried out blinded to treat¬ 
ment for both rat and mouse models. The retinae need to be coded 
so that the measurer is unaware of the treatment of the retinae. 

One of the factors that make this model more robust compared 
to other OIR models is the ability to quantify retinal NV with 
clinical correlation. One method, although only semiquantitative 
and poses the possibility of becoming subjective, gives a quick 
read out of NV severity that correlates well with more quantita¬ 
tive and reliable methods. In this method a clock face is superim¬ 
posed onto a flat mounted retina with each retinal quadrant 
containing 3 clock hours, investigators sum the number of clock 
hours containing the pathology. The standard method for quan¬ 
tifying NV in rodent OIR is counting cell nuclei above the inter¬ 
nal limiting membrane in histologic sections; however, the much 
quicker clock-hour analysis demonstrated high correlation 
(r s =0.95, P=0.0001) with nuclei counts [28]. Initial PRNV is 
very difficult to quantify by looking at images, as you are looking 
for growth through the retina into the vitreous it is essential that 
you are able to focus the microscope up and down to properly 
visualize the abnormal growth. Although severe NV can be 
observed at low magnification you really need to analyze each 
retina at least at 40x magnification to be sure. More recent pub¬ 
lications have more quantitatively outlined NV tufts and expressed 
as a percentage of total retinal area [29]. 

In the mouse model two main features are assessed; during the first 
phase the area of vaso-obliteration can be determined (P8-P12) 
and during the second phase the area of NV can be assessed (P14 
onwards). These features can both be assessed in retinae at P17 
during maximal proliferation [6]. Vaso-obliteration and NV can be 
measured in whole retinal flat mounts stained for endothelial cell 
marker, isolectin-B4, where the vaso-obliterated and NV areas can 
be separately outlined and expressed as a percentage of the total 
retinal area using image-processing software (for example ImageJ 
or Photoshop) [25]. 

Tins chapter describes in detail the methodological procedures 
necessary to complete both the mouse and the rat model, both 
which have significantly advanced knowledge surrounding the fac¬ 
tors involved in the progression of retinopathy. 
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2 Materials 


For oxygen exposure protocol 

• Oxycycler (Biosperix) or ProOxllO (Biospherix)—if using a 
ProOxllO a Perspex chamber to house the cages will need to 
be made; we recommend this be sized to comfortably house 
two cages. 

• Carbon dioxide sensor—calibrated (this may be included with 
your oxygen controller). 

• Rat/mouse housing consumables—bedding, water, feed, 
replacement cages, etc. 

• Animals: Rat strain—Sprague-Dawley (Recommended vendor 
Charles River), Mouse strain—C57/B6 (Recommended ven¬ 
dor: Jackson Laboratories). 

• Nitrogen and oxygen cylinders (BOC). 

For intravitreal injection (if necessary) 

• 10 pi Hamilton syringe (WPI). 

• 35 gauge needle (for murine eyes). 

• 33 gauge needle (for rat eyes). 

• Injectable drug made up in vehicle. 

• Vehicle control (whatever the treatment is made up in minus 
the active ingredient). 

• Isoflourane rig connected to mask that will comfortably fit the 
pup. 

• Heat mat. 

For dissection and staining 

• Phosphate buffered saline (PBS). 

• Angled Vannas scissors (WPI). 

• 15° ophthalmic knife (for initial incision into eye, if not avail¬ 
able one can use a needle). 

• Forceps x2—fine pointed, select to suit individual 
preferences. 

• Petri dishes 35 mm. 

• 96-well round bottom well plate (or similar—for storage of 
retinae during staining protocol). 

• 4 % paraformaldehyde in PBS. 

• PBS-Triton X-100: lx PBS pH 7.4, 1 % bovine serum albu¬ 
min, 1 % Triton X-100. 

• PBlec: lx PBS pH 6.8,10 mM calcium chloride, 10 mM mag¬ 
nesium chloride, 0.5 % Triton-XIOO. 
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• Isolectin IB4. 

• Streptavidin conjugated Alexa Fluor 488 or 546/555/594. 

• Microscope slides 

• Coverslips 

• Vectashield mounting medium. 


3 Methodology 


3.1 Oxygen Exposure 
Protocol for Rat 50/10 
OIR 


1. Order several Sprague-Dawley (see Note 1) prepartum, mul¬ 
tiparous female rats, and receive them at approximately gesta¬ 
tional Day 13 or 14 upon arrival. Stress of shipping can severely 
affected pregnant dams so changes in environment any closer 
to birth should be avoided. Alternatively rats can be bred in- 
house following standard animal husbandry procedures. 

2. Check cages three times daily for newborn pups, dams usually 
give birth in the early hours of the morning; however, this is 
not always the case. 

3. After parturition (ideally within 4 h), place mother and pups 
into an oxygen chamber (see Note 2), and begin specific 
oxygen-exposure profile (50-10 % 0 2 alternate every 24 h). 
The mother and pups will remain in the oxygen chamber for 
maximum 14 days. If multiple mothers whelp within 24 h of 
each other, all pups will be pooled and each mother will be 
given 17 randomized pups. The minimum number of pups per 
Utter at the beginning of each study is targeted at 14 pups per 
mother. This wiU help to ensure optimal Utter sizes; Utter size 
is a dependent variable on preretinal NV in this model [30]. 
Normal lighting cycles will be maintained, as weU as standard 
room temperature (22 °C). On Day 7/0, animals are weighted 
(pups are expected to weigh less than aged matched conven¬ 
tional reared controls), and given fresh bedding and water 
(rrrNote 3) (Fig. la). 

4. Fourteen days postpartum (Day 14/0) or occasionally less 
than 14 days for some specihc studies, the mother and pups 
wiU be removed front the oxygen chamber and placed in room 
air conditions for up to 6 days (Days 14/0-14/6). Again, ani¬ 
mals are weighted and cages are changed. If the pup numbers 
drop below 13, this Utter is usually not used for a formal study, 
since the NV score wiU be low for many pups. 

5. At Day 14/0 or occasionaUy at another time point that is 
designed for the individual study, begin the deUvery of test 
compounds via most appropriate route of administration and at 
predetermined frequency (e.g., topical drops, intravitreal 
injection(s )—see Note 4, subcutaneous injection(s) and pump 
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Fig. 1 Diagram representing oxygen insult protocol for rat model (a) and mouse model (b) 


implantation, intraperitoneal injection(s), or oral gavage). If the 
procedure requires anesthesia, isoflourane inhalation is used. 

6. After predetermined period of room air exposure, most fre¬ 
quently 6 days (see Note 5) (Day 14/6), euthanize mother 
and pups and enucleate eyes (pups only) for histologic and 
biochemical evaluations. 


3.2 Oxygen Exposure 1. Order male and female mice of desired breed from desired 
Protocol for Mouse vendor (see Note 1 ) for in house breeding or order prepartum, 

OIR multiparous female mice, and receive them at approximately 

gestational Day 13 or 14 upon arrival. 

2. Mice should be checked daily for pups and the day of parturi¬ 
tion recorded, including litter size. Seven day old pups are 
placed into an oxygen chamber with their nursing dams and 
subjected to 5 days of 75 % oxygen—oxygen sensors should be 
calibrated prior to each experiment according to manufactur¬ 
er’s specification. During these 5 days the chamber should not 
be opened unless to replace food, water or bedding (see 
Note 5) (Fig. lb). 

3. At P12 mice are removed from the chamber to room air and 
retinal regrowth will occur. Pups should be weighed and 
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3.3 Intraocular 
Injections 


3.4 Retinal 

Dissection 

and Flat-Mounting 


documented. As with the rat model treatments can be admin¬ 
istered on or after exposure to normoxia—the same guidelines 
listed above should be adhered to (see Subheading 3.1, step 5). 

4. By PI7 neovascularization begins to spontaneously regress and 
is resolved by P25 so experiments should be concluded at PI7 
for maximal NV. Pups should, as with the rat model, be culled 
by lethal injection or isoflourane inhalation (see Note 6). 

1. It is important to collect and sterilize all equipment prior to 
placing the pups under anesthesia. Sterilizing injection equip¬ 
ment is essential to minimize risk of endophthalmitis. 

2. Ensure pups are under anesthesia (see Note 6). 

3. Using a 33-gauge needle for rat pups or a 35-gauge needle for 
mouse pups (NanoFil; World Precision Instruments, Sarasota, 
FL), connected to the Hamilton 10 pi syringe (WPI) insert at 
90° posterior to the limbus to avoid lens damage, angle the 
needle at 45° so the tip sits beneath the lens in the vitreous (see 
Note 7). 

4. Between 2-5 pi injections for rats and 1 pi injections for mice 
should be performed on both eyes using a Hamilton syringe 
(WPI) (see Note 8), one eye acting as a control (see Note 9). 

5. The injection should be done slowly and is often easier if 
another investigator is present to push the syringe plunger. 
After the injection the needle should be held steady in the eye 
for approximately 30 s. 

6. Animals should be monitored until recovery (~2 h) and then 
returned to normoxia. Any issues with the injection for exam¬ 
ple large backflow upon removal of the needle, external or 
internal vessel hemorrhaging of vessels should be noted and if 
necessary eyes excluded from the study. 

1. Rats or mice should be culled with an overdose of inhalation 
isoflourane anesthetic (see Note 10), weighed and eyes 
removed. 

2. Eyes should be fixed in 4 % PFA dissolved in lx PBS (pH 7.4) 
for 60 min and enucleation performed using fine curved for¬ 
ceps and curved tip scissors (World Precision Instruments, 
WPI). Care needs to be taken to avoid excessive pressure on 
the globe. Retinal flat mounts are prepared with a modification 
of the methods of Chan-Fing [31]. 

3. Dissection is performed in a petri dish adapted to hold an eye, 
in 1-2 ml of chilled lx PBS (4 °C) under a dissection micro¬ 
scope. Peribulbar fat and connective tissue are dissected away 
to expose the sclera. A short stump of optic nerve is left pro¬ 
truding from the globe. An incision is made immediately ante¬ 
rior to the corneoscleral limbus with a 15° ophthalmic scalpel. 
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Fig. 2 Dissection of a mouse eye. (a) Whole eye removed, (b) Incision made at the level of the ora serrata, and 
cut to expose lens, (c) Lens and anterior chamber removed, (d) Four incisions made in the posterior cup prior 
to separating retina from sclero-choroidal complex 


The cornea is grasped with fine-toothed forceps and an inci¬ 
sion is continued circumferentially with curved-tip microdis¬ 
section scissors. The cornea, iris, and crystalline lens are 
discarded (Fig. 2). 

4. For rat preps only: forceps are used to avulse the hyaloid vessels 
and vitreous gel from their retinal attachments (see Note 11): 
particular attention should be paid to the regions posterior to 
the ora serrata and around the optic nerve head, where the 
attachments are most marked. 

5. Four equally spaced radial relaxing incisions, extending two 
thirds of the way from the retinal periphery to the optic nerve 
head, are made with scissors to flatten the eyecup. The sclero- 
choroid is removed leaving just the retina, and two pairs of fine 
forceps used simultaneously to tease away residual vitreous and 
hyaloid vessels. 

6. The fully dissected retina is returned to lx PBS for staining. 

3.5 lsolectin-B4 
Histochemistry 


on microscope slides, drop Vectashield (Vector Labs) onto the 
retinas and coverslip. Coverslips require sealing with nail var¬ 
nish to prevent retinas from drying out. 


1. Fixed retinas in lx PBS are permeabilized for 2 h in PBS- 
Triton X-100 and retinae then washed twice in PBlec. 

2. Fluorophore-conjugated isolectin-B4 with specificity for alpha - 
galactosylated glycoprotein residues on vascular endothelial 
cells and macrophages (Griffonia simplicifolia type I isolectin- 
IB4), should be diluted (4 pg/ml) in PBlec, 50 pi added to 
each retina and retinae left overnight in the dark at 4 °C (see 
Note 12). 

3. The following day retinas are washed five times in lx PBS and 
secondary antibody Alexa Fluor 488 conjugate (Molecular 
Probes, OR, USA) added 2 pg/ml in lx PBS for at least 2 h. 

4. Stained retinas should be washed and carefully flat-mounted 
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3.6 Analysis 
and Quantification 
of Retinal Flat Mounts 

3.6.1 Rat 50/10 OIR 


1. Early stages of PRNV will be observed as small round clumps of 
cells protruding through the retinal surface, these have adopted 
the term “popcorn” swellings based on their phenotype. 

2. PRNV always occurs close to the edge of vascular develop¬ 
ment, just prior to the avascular area in a brush border type 
manner. It is important to note that the budding of the most 
peripheral vessels is not PRNV, PRNV occurs slightly more 
centrally. 

3. PRNV characteristically occurs at the ends of veins, not at the 
end of arteries. Arteries are identifiable as following oxygen 
insult the periarteriolar space is increased and you see an 
absence of vessels surrounding the arteries. 

4. Initial “popcorn” swelling merge to form PRNV brush bor¬ 
ders, characterized by dark staining. 

5. In a pup who has undergone the 50/10 OIR insult one should 
expect to see PRNV in at least 6 clock hours (Fig. 3a). 

6. For more quantitative analysis retinal flat mounts are imaged 
and if necessary separate images merged to form a full retinal 
image, the area of retina possessing PRNV is calculated and 
expressed over total retinal area (Fig. 3b and c). 

7. Other features of pathology can be further detailed, for exam¬ 
ple vascular area, vessel tortuosity and vessel diameter [29]. 



Fig. 3 Rat OIR analysis, (a) Stained flat-mounted retina split into clock hours for analysis, (b) Identification of 
pre-retinal neovascularization at the periphery, (c) Pre-retinal neovascularization outlined for area 
quantification 
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Fig. 4 Mouse OIR analysis, (a) Low power visualization (4x objective) of regions of the retina stained with IB4. 
The VOA is delineated from the NVA by an orange line. The NVA is separated from the Normal region by a white 
line, (b) Higher power (10x objective) with arrows showing where the neovascular front is 


3.6.2 Mouse OIR 


1. Two main features can be clearly observed in retinal flat mounts 
(usually from P17 pups) stained for isolectin-B4, areas of vaso- 
obliteration and neovascularization (Fig. 4). 

2. Retinal flat mounts are imaged and images captured as formats 
compatible with ImageJ [32], and if necessary separate images 
merged to form a full retinal image. The central vaso-obliter- 
ated area (VOA, observed by a lack of vessels present) is out¬ 
lined using the freehand selection tool in NIH image, and the 
area determined using the measure command in ImageJ. 

3. The same is done for the neovascular area (NVA) where each 
area of angiogenesis, determined by the overgrowth and lack 
of definition of individual microvessels (see Fig. 4b) is outlined 
using the freehand selection tool and this area calculated using 
ImageJ. The area of normal vasculature (normal), as defined 
by the clear two layers of vessel network stained without areas 
of vascular growth is also measured. 

4. Each of the calculated areas can be expressed as a percentage of 
the total retinal area (i.e., 100 xVOA/(VOA +NVA + nor¬ 
mal)). Some more automated methods have been developed 
and are discussed in [25]. 


4 Notes 


1. Studies have identified that the same strain of rat or mouse 
ordered from a different supplier can have profound differ¬ 
ences in pathology reproducibility. Smith et al. observed higher 





330 


Melissa V. Gammons and David O. Bates 


NV induction using C57B1/6 wild-type mice from Jackson 
Laboratories compared to Taconic Farms [25], and Penn et al., 
noted greater induction of NV in Sprague-Dawley rats from 
Charles River. We were able to successfully induce NV using 
C57/B6 and Sprague-Dawley from Charles River, though we 
did not compare strains in house [29, 33]. 

2. Should a Biospherix oxycycler not be available a similar system 
can be created using one or two ProOx controllers connected 
to a gas input (nitrogen for 10 % oxygen for 50 %) and an in- 
house built perspex chamber. The caveat being oxygen levels 
require daily manual switching and close monitoring to ensure 
correct oxygen levels are maintained. Should a manual opera¬ 
tion procedure be used take care to ensure chamber is venti¬ 
lated to prevent humidity and carbon dioxide build up (Carbon 
dioxide can be scrubbed using soda lime). 

3. Unnecessary opening of the oxygen chamber during the pro¬ 
cedure should be avoided to prevent pups acclimatizing to 
normoxia. Bedding and water will require changing at least 
once during the procedure, this should be done quickly and 
whilst changing the oxygen levels from 10 % to 50 % for the rat 
model. 

4. Conventionally reared rat pups open their eyes following com¬ 
plete development of the retinal vascularization at P12 (post¬ 
natal day 12); however, pups exposed to alternating oxygen 
levels during development experience retarded growth of the 
retinal vasculature and thus delayed opening of the eyes. It 
may be necessary to surgically open the eyes in order to admin¬ 
ister intravitreal injections; it is of paramount importance to 
perform control injections in the contralateral eye of the same 
pup as intralitter variation is often high in this model. 

5. The 50/10 OIR model develops vascular tortuosity at P12, 
peripheral avascular retina at pl4 and intravitreous neovascu¬ 
larization at P18. Note that in this model pre-retinal neovascu¬ 
larization recovers by P25 [26], thus to observe differences in 
pathology we recommend ending the experiment at P20. 

6. For isoflourane anesthesia we recommend 2-4 % isoflourane 
with an oxygen flow of 1-2 1/min. 

7. If available use an operating/surgical microscope to visualize 
the correct position of the needle in the eye during the injec¬ 
tion. You should be able to move the tip of the needle without 
altering the position of the lens. If you can’t do this it is likely 
you have injected into the lens and thus the injection is void. It 
will be clear if the injection has penetrated the lens as it will 
cloud the eye. You must also take care to avoid hemorrhaging 
oflarge vessels as you penetrate the eye. 
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8. For rat pups we recommend a maximum injection volume of 5 
pi but a preferred volume of 1-3 pi and for mice pups a recom¬ 
mended injection volume of 1 pi, larger volumes will signifi¬ 
cantly increase intraocular pressure (IOP) and disrupt retinal 
vessels. The larger the volume the greater the chance of losing 
drug via backflow during removal of the needle post-injection. 
Injection volume will be determined by the characteristics of 
the injected drugs. 

9. Control will depend of the vehicle used to dissolve or suspend 
the drug, for example DMSO. If injecting antibodies we rec¬ 
ommend using the equivalent concentration of IgG from the 
animal the antibody was raised in. If your treatment requires 
more than one injection take care not to inject into the same 
location as the previous injection. 

10. Avoid methods such as cervical dislocation as the pressure in 
the eye will increase and lead to the rupture of small blood 
vessels. 

11. Removal of the hyaloid vessels is important for staining of the 
retinal vessels. Usually the vessels regress during development; 
however, this is retarded under the variable oxygen conditions 
experienced during this procedure. Take care to carefully 
remove all the vessels for a clean prep. 

12. If necessary, time can be reduced to 2 h at room temperature. 
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The Sponge Implant Model of Angiogenesis 

Silvia Passos Andrade and Monica Alves Neves Diniz Ferreira 

Abstract 

The host response observed after the application of an appropriate stimulus, such as mechanical injury or 
injection of neoplastic or normal tissue implants, has allowed the cataloging of a number of molecules and 
cells involved in the vascularization of normal repair or neoplastic tissue. Implantation of sponge matrices 
has been adopted as a model for the accurate quantification of angiogenic and fibrogenic responses, as they 
may occur during wound healing, in vivo. Such implants are particularly useful because they offer scope 
for modulating the environment within which angiogenesis occurs. Sponge implantation model has been 
optimized and adapted to characterize essential components and their roles in blood vessels formation in 
a variety of physiological and pathological conditions. As a direct consequence of advances in genetic 
manipulation, mouse models (i.e., knockouts, SCID, nude) have provided resources to delineate the 
mechanisms regulating the healing associated with implants. Here we outline the usefulness of the sponge 
implant model of angiogenesis and detailed description of the methodology. 

Key words Angiogenesis, Sponge model, Blood flow, Myeloperoxidase, N- Acetylglucosaminidase, 
Cytokine, Chemokine, Collagen, Intraperitoneal adhesion 


1 Introduction 


The realization that advances in angiogenesis research depend on 
malting assays quantitative, and reproducible, in vitro and vivo has 
led to the development of new techniques and improvement of old 
or current models to comply with such requirements. Implantation 
technique for assessment of inflammatory process is a well estab¬ 
lished surgical procedure. Grindlay and Waugh [1], Woessner and 
Boucelc [2], and Edwards [3] were the first to use polyvinyl sponge 
implants, in dogs, rats, and rabbits, as a framework for assessing the 
ingrowth of vascularized connective tissue and measurement of 
enzyme activities in the newly formed fibrovascular tissue. 

This technique has further been developed to determine other 
biochemical variables in fibrovascular tissue including collagen 
metabolism [4], fibronectin deposition [5], and proteoglycan 
turnover [6]. Additionally, the technique has been employed to 
characterize the sequence of histological changes in granulation 
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2 Materials 

2.1 Sponge Matrix 


2.2 Cannula 
(Optional) 


tissue formation [7] and to monitor the kinetics of cellular 
proliferation [8]. The extent of neutrophil and macrophage accu¬ 
mulation in the sponge compartment has also been made possible 
by assaying the inflammatory enzymes, myeloperoxidase (MPO), 
and X- acetyl - (i-d-gl ucosam i n i dase (NAG) [9-11]. The effects of 
various anti-inflammatory agents on leukocyte migration and pro¬ 
duction of prostaglandin-like activity has also been evaluated in 
sponge implants [12]. The model of acute inflammation has been 
particularly useful and allows the collection and examination of 
both cellular and fluid phases of the exudate formed within the 
sponge [12]. It was also modified to study more chronic inflamma¬ 
tory responses and the evolution of the granulation tissue [12]. 
Intraperitoneal implantation of synthetic matrix in mice has been 
shown to induce adhesion-like tissue. The various components 
(inflammatory, angiogenic, and fibrogenic) of the peritoneal fibro- 
vascular tissue, as well as the effects of various compounds on these 
processes have been studied [13-15]. Sponge implantation has 
also been used as a framework to host rodent cell lines [16-18]. 
The advantage of the implantation technique for the purpose of 
investigating tumor-induced angiogenesis is that the assessment of 
the relative contributions of the tumor cells to early changes in the 
implant blood-flow can be detected even before visible growth of 
the tumor mass is evident. Using the 133 Xe clearance technique [19] 
or fluorescein diffusion method, the development of Colon 26, 
melanoma B16, or Ehrlich tumor has been evaluated in terms of 
characterizing solid tumor hemodynamic features. 


A number of different sponge matrices have been used for inducing 
fibrovascular growth and to host tumor cells (see Note 1). The 
synthetic materials are mainly polyvinyl alcohol, cellulose acetate, 
polyester, polyether, and polyurethane alone or in combination. In 
our laboratory we use sponge disks made of polyether polyure¬ 
thane. This type of material possesses the following characteristics: 
uniform pore size and intercommunicating pore structure, ability 
to resist chemical treatment, biocompatibility. The attachment of a 
polythene cannula in the center of the sponge disk may provide 
free access to the interior of the implants (see Subheading 2.2 and 
Fig. la). 

1. Polythene tubing for cannula—1.4 mm internal diameter; 
1.2 cm long. 

2. Polythene tubing for plug—1.2 mm internal diameter; 0.6 cm 
long. 
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Fig. 1 Arrangement of the sponge implant in situ. Implant sponge disk with and without the cannula (a) and the 
subcutaneous arrangement of the implant in a mouse (b). Intraperitoneal implantation of synthetic matrix in 
mice showing an adhesion-like tissue (c). A vascularized sponge 14 days post implantation is shown in (d). 
Blood vessels of various sizes can be seen infiltrating the sponge 

3.5-0 silk sutures for attachment of the cannula to the center of 
the sponge disks, for holding the sponge disk in place following 
implantation and for closing the surgical incision (see Note 2). 
Please note: If a cannula is attached, the outside end must be 
sealed (Fig. la and b). 

1. Rats are anesthetized using intramuscular injection of 0.5 mL/ 

2.3 Anesthesia kg of 0.315 mg/kg fentanyl citrate and 10 mg/mL fluanisone. 

2. Mice are anesthetized using the combination of fentanyl citrate 
and fluanisone acetate plus 5 mg/mL of midazolam hydrochlo¬ 
ride each at a dose of 0.5 mL/kg or with subcutaneous injection 
of xylazine (10 mg/kg) and ketamine (60 mg/kg) solution. 


3 Methods 

3.1 Preparation Circular sponge disks are cut front a sheet of sponge using a cork- 

of Sponge Implants borer. Usually the diameter and thickness of the disk depend 

on the animal used. For mice and rats the recommended dimen¬ 
sions range from 8 ntnix 4 mm and 12 nintx 6 mm, respectively. 
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The sponge disks are sterilized by boiling in distilled water for 
10 min, then placed in sterile glass petri dishes and irradiated over¬ 
night under ultraviolet light in a laminar flow hood. For the can- 
nulated implant, use a segment of polythene tubing (1.4 mm 
internal diameter). This is secured to the interior of each sponge 
disk (i.e., midway through its thickness) by three 5-0 silk sutures, 
in such a way that the tube is perpendicular to the disk face and its 
open end is sealed with a removable plastic plug made of a smaller 
polythene tubing (1.2 mm internal diameter). The cannula allows 
accurate injection of tracers, tests substances and withdrawn of 
fluid into and from the interior of the implant (Fig. la). 


3.2 Surgical 
Procedure for Sponge 
Disk Implantation 


1. Implantation of sponge disks is performed with aseptic tech¬ 
niques following induction of anesthesia. 

2. The hair on the dorsal (for subcutaneous implants) or abdomi¬ 
nal (for intraperitoneal implants) side is shaved and the skin 
wiped with 70 % (v/v) ethanol in distilled water. 

3. A through 1 cm long dorsal incision or in the peritoneal cavity 
by means of a 1 cm long mid-line incision in the linea alba of 
the abdomen is made and through it one subcutaneous pocket 
is prepared by blunt dissection using a pair of curved scissors. 

4. A sterilized sponge implant is then inserted into the pocket. 

5. For the cannulated implant, a small incision previously made 
on the cervical side of the pocket allows the cannula to be 
exteriorized. 

6. The base of the cannula is sutured to the animal skin to immo¬ 
bilize the sponge implant. Finally, the cannula is plugged with 
a smaller sealed polythene tubing, so as to prevent infection. 

7. The mid-line incision is closed by three interrupted 5-0 silk 
stitches and the animals kept singly with free access to food and 
water after recovery from anesthesia. 

8. The sponge disks (cannulated or not) implanted subcutane¬ 
ously or intraperitoneally can be left in situ for periods ranging 
from days to weeks. Images of the sponge disk in situ and its 
arrangement after implantation are shown (Fig. la-d). 


3.3 Estimating Blood 
Flow Development 
by Efflux of Sodium 
Fluorescein Applied 
Intraimplant 


Low molecular fluorochrome-complexed tracers or fluorogenic 
dyes have provided additional methods for detecting new blood 
vessels. Compared with radioactive isotope compounds, the advan¬ 
tages of fluorescent dyes are evident. Fluorescence is relatively 
atoxic, nonradio active, and inexpensive [20]. The measurement of 
fluorochrome-generated emission in the bloodstream following its 
application in the sponge implant compartment at various intervals 
postimplantation reflects the degree of local blood flow development 
and the interaction of the angiogenic site with the systemic circu¬ 
lation [21]. This approach can be used to study sponge-induced 
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3.4 Estimating 
Biochemical 
Parameters 
in the Implants 


angiogenesis quantitatively and to investigate the pharmacological 
reactivity of the neovasculature ( see Note 3). 

Measurements of the extent of vascularization of sponge 
implants are made by estimating t 1/2 (min) of the fluorescence peak 
in the systemic circulation following intraimplant injection of 
sodium fluorescein (50 pL/kg of a sterile solution of sodium fluo¬ 
rescein 10 %) at fixed time intervals (for example, days 1, 4, 7, 10, 
and 14) postimplantation. 

1. Anesthetize the animal. 

2. Determine blood background fluorescence by piercing the 
extremity of the tail and collecting 5 pL of blood with a hepa¬ 
rinized yellow tip. Transfer the blood sample to a centrifuge 
tube contained 1 mL of isotonic saline (0.9 %). 

3. At time 0, administer sodium fluorescein (50 pL of a sterile 
solution of 10 % sodium fluorescein per kg weight) to anesthe¬ 
tized animals. 

4. After 1 min collect the first blood sample following dye injec¬ 
tion as in step 2. 

5. At 3 min collect a second blood sample. Repeat this procedure 
every 2-3 min for 25-30 min. 

6. Centrifuge blood samples for 10 min at 1400 (2000 rpm). 

Keep the supernatant for fluorescence determination (excita¬ 
tion 485 nm/emission 519 nm). 

7. From the fluorescence values estimate the time for the fluores¬ 
cence to peak in the bloodstream (absorption) and the time 
required for the elimination of the dye from the systemic circu¬ 
lation (elimination). These parameters are expressed in terms 
of half-time ( t\ /2 ; time taken for the fluorescence to reach or to 
decay 50 % of the peak value in the systemic circulation). 

Quantitation of various biochemical parameters further supports 
the functional characterization of the fibrovascular tissue that infil¬ 
trates the implants and has been used to corroborate assessment of 
angiogenesis [12, 22-26]. 

1. Remove the implants at any time postimplantation as required 
(see Note 4). 

2. Immediately upon removal, weigh, homogenize in 2 mT of 
Drabkin reagent, and centrifuge the tissue in isotonic physio¬ 
logical solution (saline 0.9 % or phosphate-buffered saline). 

3. Store the supernatant of the homogenate at -20 °C for later 
analysis of: 

• hemoglobin (vascular index); 

• cytokines; 

• chemokines (angiogenic factors). 
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3.4.1 Hemoglobin 
Determination 


3.4.2 Cytokine 
Determination 


3.4.3 Measurement 
ofMPO and NAG Activities 


MPO Activity 


4. Store the pellet of the homogenate at -20 °C for determination 
of pro-inflammatory enzymes myeloperoxidase (MPO— 
neutrophils influx); N-acetyl-p-d-glucosaminidase (NAG— 
macrophages recruitment). 

The vascularization of the implant can be assessed by measuring 
the amount of hemoglobin contained in the tissue, using the 
Drabkin method. 

1. After centrifuging the homogenate (implant+ 2 mL Drabkin 
reagent) at 12,000 for 20 min, filter it in a 0.22-pm 
Millipore filter. 

2. Determine hemoglobin concentration by measuring absor¬ 
bance at 540 nm using an ELISA plate reader and compare 
against a standard curve of hemoglobin. 

1. Take 50 pL of the supernatant previously homogenized in 
Drabkin reagent (to remove hemoglobin) and centrifuged 
(12,000 x^, 20 min at 4 °C) and add 500 pL of PBS pH 7.4 
containing 0.05 % Tween 20, centrifuged at 12,000 xjj at 4 °C 
for 30 min. 

2. The amount of the cytokines and the chemokines in each sam¬ 
ple is determined using Immunoassay Kits and following the 
manufacturer’s protocol. 

3. Dilutions of cell-free supernatants are added in duplicates to 
ELISA plates coated with a specific murine polyclonal antibody 
against the cyto/chemokine, followed by the addition of a 
second polyclonal antibody against the cyto/chemokine. After 
washing to remove any unbound antibody-enzyme reagent, a 
substrate solution (a 1:1 solution of hydrogen peroxide and 
tetramethylbenzidine) is added to the wells. The reaction is 
terminated with 50 pL/well of 1 M H 2 S0 4 . Plates are read at 
492 nm in a spectrophotometer. Standards are 0.5-logl0 dilu¬ 
tions of recombinant murine chemokines from 7.5 pg/mL to 
1000 pg/mL (100 pL). Express the results as pg/mg wet 
tissue. 

The extent of neutrophil accumulation in the implants is measured 
by assaying myeloperoxidase (MPO) and N- acetyl-p-d-gluco- 
saminidase (NAG) activities in whole tissue. 

1. After processing the supernatant of the tissue for hemoglobin 
determination (see above), a part of the corresponding pellet is 
weighed, homogenized in pH 4.7 buffer (0.1 M NaCl; 0.02 M 
Na 3 P0 4 ; 0.015 M Na 2 EDTA) and centrifuged at 12,000 xjj 
for 20 min at 4 °C. 
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NAG Activity 


3.4.4 Soluble Collagen/ 
Collagen Measurements 


2. The pellets are then resuspended in 0.05 M sodium phosphate 
buffer (pH 5.4) containing 0.5 % hexa-l,6-bis-decyltrimethyl- 
ammonium bromide (HTAB, Sigma). The suspensions are 
freeze-thawed three times using liquid nitrogen and finally 
centrifuged at 10,000 xjj for 20 min at 4 °C. 

3. MPO activity in the resulting supernatant is assayed by mixing 
25 pL of 3,3'-5,5'-tetramethylbenzidine (TMB), prepared in 
dimethylsulfoxide (DMSO) in a final concentration of 1.6 mM; 
with addition of 100 pL H 2 0 2 in a final concentration of 
0.003 % v/v, dissolved in sodium phosphate buffer (pH 5.4) 
and 25 pL of the supernatant from the tissue sample. 

4. The assay is carried out in a 96-well microplate and is started 
by adding the supernatant sample to the H 2 0 2 and TMB solu¬ 
tion and incubated for 5 min at 37 °C. 

5. The reaction is terminated by adding 100 pL 4 M H 2 S0 4 at 
4 °C and is quantified colorimetrically at 450 nm in a spectro¬ 
photometer. Results can be expressed as change in OD per 
gram of wet tissue. 

Numbers of monocytes/macrophages can be quantitated by mea¬ 
suring the levels of the lysosomal enzyme NAG, present at high 
levels in activated macrophages [9, 27]. 

1. Part of the pellet, remaining after the hemoglobin measure¬ 
ment, is kept for this assay. These pellets are weighed, homog¬ 
enized in NaCl solution (0.9 % w/v) containing 0.1 % v/v 
Triton X-100 (Promega) and centrifuged (3000x^; 10 min, 
4 °C). 

2. Samples of the resulting supernatant (100 pL) are incubated 
for 10 min with 100 pL p-nitrophenyT N-acetyl-d-glucosa- 
minide (Sigma), prepared in 0.1 M of citrate/sodium phos¬ 
phate buffer (pH 4.5) in a final concentration of 2.24 mM. 

3. The reaction is terminated by the addition of 100 pL 0.2 M 
glycine buffer pH 10.6. Hydrolysis of the substrate is deter¬ 
mined by measuring the color absorption at 405 nm. NAG 
activity is finally expressed as OD per gram wet tissue. 

Total soluble collagen can be measured in whole tissue homoge¬ 
nates by the Sirius Red reagent based-assay [13, 28, 29]. 

1. Anesthetize the animal. 

2. Remove the implants at any time postimplantation as required. 

3. Immediately upon removal, weigh, homogenize in 1 mL of 
PBS. 

4. 50 pL of sample is mixed with 50 pL of Sirius Red reagent by 
gentle inversion. 
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3.5 Histological 

Analysis 

of the Implants 


3.5.1 Detection 
of Endothelial Cells/Blood 
Vessels 


5. The collagen-dye complex precipitates by centrifugation at 
5000 xjj for 10 min. The supernatants are drained off and 
discarded. 

6. The pellet is washed with 500 pL of ethanol (99 % pure and 
methanol free). 

7. 1 mL of a 0.5 M NaOH solution is added to the remaining 
pellet of collagen-bound dye. 

8. After solubilization, samples are transferred to a 96-well plate 
and read at 540 nm. 

9. The calibration curve is set up on the basis of a gelatin 
standard. 

10. The results are expressed as pg collagen/mg wet tissue. 

To establish the sequential development of granulation tissue and 
blood vessels in the implants, several histologic techniques have 
been employed. 

1. Kill the animals bearing the implants. 

2. Dissect the implants free of adherent tissue, fix in formalin 
(10 % w/v in isotonic saline), and embed them in paraffin. 

3. Cut the sections (5-8 pm) from halfway through the sponge’s 
thickness. 

4. Stain and process for light microscopy studies. 

Routine histological stains such as Hematoxylin and eosin 
(HE), Masson’s and Gomori’s trichrome, Dominici blue, and 
picrosirius red staining can be used for determining the implant 
fibrovascular tissue main features (area, vessels, inflammatory cells, 
and collagen content) (Fig. 2a-d). 

Detection of endothelial cells/blood vessels can be performed 
using a monoclonal antibody against CD 31. 

1. The sponge implant is fixed in 10 % buffered formalin (pH 7.4) 
and processed for paraffin embedding. 

2. Tissue sections (5 pm) are dewaxed and antigen retrieval is 
performed in citrate buffer (pH 6). 

3. The slides are boiled in citrate buffer for 25 min at 95 °C and 
then, cooled for 1 h in the same buffer. 

4. Sections are incubated for 5 min in 3 % hydrogen peroxide to 
quench endogenous tissue peroxidase. 

5. Nonspecific binding is blocked by using normal goat serum for 
10 min (1:10 in phosphate-buffered saline) with 1 % bovine 
serum albumin (in phosphate-buffered saline). 

6. The sections are then immunostained with monoclonal anti¬ 
body to CD31 (1:40 dilution, Dalto) for 60 min at room 
temperature. 
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7. After washing in Tris-HCl buffer, sections are incubated for 
30 min at room temperature with biotinylated Link Universal 
Streptavidin-HRP (Dako). 

8. The reactions are revealed by applying 3,3'-diaminobenzidine 
(DAB) in chromogen solution (Dako). 

9. Sections are counterstained with hematoxylin and mounted in 
Permount. 

10. Immunostaining is performed manually, and the spleen is used 
as a positive control. Negative controls are carried out with 
omission of the primary antibody, resulting in no detectable 
staining. The expression of these proteins is evaluated on the 
basis of the extent of cytoplasmic immunolabeling in endothe¬ 
lial cells forming lumen in six high-power fields, regardless 
of staining intensity (400x). Vascular structures labeled with 
CD31 are marked in brown (Fig. 2b). 




Fig. 2 Representative histological sections of sponge implant. Hematoxylin and eosinforfibrovascular tissue (a), 
blood vessels stained with CD31 (b), picrosirius red staining for collagen (c), and Domici blue for mast cells (d) 
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4 Notes 


1. Depending on the material, the inflammatory response can 
cause excessive matrix deposition and unwanted fibrosis. 
Because of the variety of the materials used (size, structure, 
composition, porosity) the pattern of die response varies widely. 

2. The attachment of the cannula to the center of the sponge disk 
is facilitated by making in one end of the polythene tubing 
“teeth-like” (usually 4) structures, in such a way that the thread 
is secured in one of them and then sutured to the sponge. 

3. To eliminate acute effects of the vasoactive substances tested 
(vasodilation or vasoconstriction) they should be given 6-8 h 
prior blood flow measurement. 

4. To avoid possible “contamination” of blood spilled during in 
after the surgical procedure and/or with surrounding preexist¬ 
ing vessels, removal of the implants must be done 30 min after 
the animals’ death. 
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Measurement of Angiogenesis, Arterioiargenesis, 
and Lymphangiogenesis Phenotypes by Use of Two- 
Dimensional Mesenteric Angiogenesis Assay 

Andrew V. Benest and David 0. Bates 

Abstract 

Successful therapeutic angiogenesis requires an understanding of how the myriad interactions of growth 
factors released during angiogenesis combine to form a mature vascular bed. This requires a model in 
which multiple physiological and cell biological parameters can be identified. The adenoviral-mediated 
mesenteric angiogenesis assay as described here is ideal for that purpose. The clear, thin, and relatively 
avascular mesenteric panel can be used to measure increased vessel perfusion by intravital microscopy. In 
addition, high-powered microvessel analysis is carried out by immunostaining of features essential for the 
study of angiogenesis or lymphangiogenesis (including endothelium, pericyte, smooth muscle cell area, 
and proliferation), allowing functional data to be obtained in conjunction with high-power microvessel 
ultrastructural analysis. Therefore, the mesenteric angiogenesis model offers a robust system to analyze the 
morphological changes associated with angiogenesis, induced by different agents. 

Key words Angiogenesis, Lymphangiogenesis, Arterioiargenesis, Pericyte, Mural cell 


1 Introduction 


The proangiogenic effects of endothelial growth factor overexpres¬ 
sion have been characterized in a wide range of models. For 
instance, vascular endothelial growth factor (VEGF) has been 
overexpressed in the rat mesentery [1], skeletal muscle [2, 3], car¬ 
diac muscle [4], trachea [5], skin [6-8], and corneal eye pocket [9, 
10]. With the exception of the trachea and mesenteric models, a 
reductionist approach has relied on quantifying the increase in ves¬ 
sel density as the angiogenic response. Although the primary end 
point of angiogenesis should be increased vessel density, this does 
not reveal any details regarding the manner in which angiogenesis 
proceeds, such as whether growth is by a sprouting or nonsprout¬ 
ing mechanism. Consequently it represents a single statement of 
the angioarchitecture (vessel density within tissue), rather than the 
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phenotype of the vessels themselves. Moreover, in many of these 
systems it has proven difficult, if not impossible, to quantify the 
increase in parameters such as vessel branch point density, prolifer¬ 
ating endothelial cells (PECs), and so on. Furthermore, the physi¬ 
ological characterization of vessels undergoing angiogenesis within 
the microvessel network is normally not possible. The mesentery is 
currently used for physiological recordings of microvessel perme¬ 
ability [11], compliance [12], vasoreactivity [13], and conducted 
vasodilation [ 14], so an angiogenesis assay in the same tissue allows 
the determination of functionality of the neovessels formed, mea¬ 
suring parameters such as vascular reactivity, hydraulic conductiv¬ 
ity, vessel compliance, and more. 

To illustrate this, we describe an angiogenesis assay that com¬ 
pares different growth factors: angiopoietin 1 (Ang-1) [15], 
VEGF [1, 15], neurotrophins [16], VEGF-C [17], members of 
the kallikrein family [18], or wide ranging vascular modulating 
agents (endothelial nitric oxide synthase, eNOS) [19] . Details of 
the work here have been published [1, 15, 17, 19], but the meth¬ 
odology is described here in detail. For a full description of the 
angiogenic phenotype to be considered (e.g., type of vessel 
growth, time course, mechanisms), the use of a two-dimensional 
microvascular network such as the mesentery offers significant 
advantages. Although models using the tracheal microvessel net¬ 
work are able to rely on a well-studied system, the method of 
perfusion, fixation, and the three-dimensional networks mean that 
(1) only perfused vessels are analyzed, (2) measurements of perfu¬ 
sion are indirect, and (3) the tracheal vasculature cannot be visual¬ 
ized in vivo. 

For therapeutic purposes, the most successful end result of 
angiogenesis would be a direct increase in tissue perfusion. The rat 
mesentery surpasses the limitations of the tracheal system and 
offers the ability to quantify the vessel phenotype and how this 
might be manifested anatomically. We can image the perfused mes¬ 
enteric microvasculature on day 1 and day 7 in vivo, and, if 
required, perform physiological measurements such as those for 
permeability [11], perfusion [1], and vessel reactivity [13, 20], 
then stain and image the mesentery by confocal fluorescence or 
electron microscopy. This enables quantitative assessments of ves¬ 
sel density, branching, sprouting, length and diameter, and the 
degree and constituents of mural support, which can be linked to 
the degree of tissue perfusion. Furthermore, its noteworthy that 
the rat mesentery has a functional lymphatic system which has 
enabled the interaction between the blood and lymphatic circula¬ 
tions to be studied in vivo [17] and in vitro [21], and demonstrates 
a novel lymphangiogenesis modification to the standard angiogen¬ 
esis assay. 
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2 Materials 


2.1 Solutions 


2.2 Antibodies 
and Conjugates 


Prepare all solutions using ultrapure water. For solutions to be 
used in vivo autoclaved water is essential. Prepare and store all 
reagents at room temperature, unless otherwise indicated. 
Diligently follow all waste disposal regulations when disposing of 
waste materials. 

1. Mammalian Ringer solution: (millimolar concentrations: 
132.0 NaCl, 4.6 ICC1,1.27 MgS0 4 ,2.0 CaCl 2 ,25.0 NaHC0 3 , 
5.5 D-glucose, 3.07 HEPES acid, and 2.37 HEPES sodium 
salt, pH corrected to 7.45 ±0.02 with 0.115 M NaOH) (see 

Note 1). 

2.4% paraformaldehyde (in lx PBS, pH 7.4) (see Note 2). 

3. PBX: 0.5 % Triton X-100 in PBS. 

4. Block Solution: PBX+1 % BSA or 10 % normal goat serum. 

1. Griffonia simplicifolia isolectin IB4 (GSI-IB4, Molecular 
Probes, Cambridge, UK) mouse monoclonal I<i-67 (Novocastra 
Lab, Newcastle upon Tyne, UIC, NCL-L-Ki67-MM1), NG2 
(Chemicon, Temecula, CA, USA, MAB5384, 5 pg/mL) and 
a-smooth muscle actin (DAKO, Glostrup, Denmark, M 0851, 
1.4 pg/mL). Rabbit anti-mouse lymphatic vessel endothelial 
hyaluronic acid receptor (LYVE-1) (10 pg/pL, a land gift 
from Dr David Jackson, University of Oxford). 

2. Alexa Fluor 405, 488 or tetramethylrhodamine isothiocyanate 
(TRITC)-labeled streptavidin (1 pg/mL, S-870, Molecular 
Probes) and Alexa Fluor 488, 350 goat anti-mouse immuno¬ 
globulin G (IgG; 2 pg/mL, Molecular Probes) are used as sec¬ 
ondary detection antibodies to lectin, I<i67, and VEGF and 
smooth muscle actin, respectively. 


3 Methods 


3.1 Angiogenesis, 
Arteriolargenesis, and 
Lymphangiogenesis 
Preparation 


All surgical procedures need to be performed using sterile equip¬ 
ment, and an aseptic technique adhered to. It is recommended that 
all solutions used are prewarmed and stable at room temperature 
before commencing surgery. 

1. Anesthetise male Wistar rats (300-350 g), although larger rats 
(350-450 g) are more suitable for lymphangiogenic assays 
[17] using 5 % isofluorane inhalation, anesthesia maintain with 
2 % isofluorane. 

2. Insert a rectal temperature probe connected to a thermostati¬ 
cally controlled heated blanket (Harvard CCM79 animal blan- 
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lcet control unit, Kent, UK) to maintain core body temperature 
at 37 °C. 

3. Shave (electric clippers) and sterilize (chlorhexidine, pevidine, 
or ethanol). 

4. Perform laparotomy, creating an incision approximately 
1.5-2 cm long. 

5. Tease out a small region of the small intestine and gently drape 
over a quartz pillar (see Fig. la). Within each mesenteric panel 
is a flowing microvessel bed (Fig. la and b) Image the panel 
using a digital camera attached to the microscope. Damp, cot¬ 
ton buds (Q-tips) are ideal for gut manipulation. 



Fat Pad 


Mesenteric Panel 


Mesenteric 


Functional 

Vasculature 


Adenovirus 
Injection Site 


Monastral Blue 



Fig. 1 (a) Schematic representation of a section of rat mesentery shows the intestine, fat pad, membranous 
mesenteric panels, and blood vessel network. The adenovirus injection site (green circle) is labeled with 
Monastral blue tattoos (blue circles) in adjacent panels, (b) Intravital imaging of perfused vessels in the mes¬ 
entery and (c) immunofluorescent staining for isolectin and DAPI shows the vasculature present the mesen¬ 
teric window (indicated as broken circle in a). Asterisk indicates lymphatic vessels (indicated by differential 
junctional lectin staining). Scale bar = (b) 1 mm; (c) 40 pm 
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3.2 Immuno¬ 
fluorescence on 
Whole-Mount 
Mesentery 


6. Throughout the procedure (which should last approximately 
2-5 min) superfuse the exposed tissue with mammalian Ringer, 
kept at a constant 37 ± 1 °C. Temperature is maintained by 
connecting the superfusate to a heat exchange coil fed by a 
thermostatically controlled water bath. 

7. Inject approximately 5 x 10 s Plaque forming units (PFU, in a 
volume of approximately 25 pL) of adenovirus into the sur¬ 
rounding fat pad using a 30-gauge needle and Hamilton 
syringe. Tattoo surrounding mesenteric panels with 0.6 % w/v 
Monastral blue in mammalian Ringer to enable the same panel 
to be located on day 7 or 14. The following viruses have been 
used for the angiogenesis assay: adenovirus-cytomegalovirus 
(Ad-CMV)-VEGF 165 , titer 8 x 10 s PFU/mL; Ad-CMV-Ang-1, 
titer 8 x 10 s PFU/mL; Ad-CMV-eGFP (enhanced green fluo¬ 
rescent protein), titer 5 x 10 s PFU/mL; and Ad-CMV-eNOS, 
titer 6x 10 s and Ad-VEGF-C (5 x 10 1 2 3 4 5 6 * 8 ) In experiments requir¬ 
ing multiple viruses to be used, 25 pL of each virus is used but 
injected as a mixture. 

8. Gently return the gut/mesentery into the abdominal cavity 
and suture the muscle, and skin. 

9. Analgesia is provided by an intramuscular injection of 
buprenorphine. 

10. Allow animals to recover on 100 % 0 2 before being transferred 
to a warmed, clean animal cage. 

1. Repeat surgery (day 7 or 14) as before to find same panel and 
identify the panel is imaged as before and fixed in vivo with 4 
% paraformaldehyde (in lx phosphate-buffered saline [PBS], 
pH 7.40) for 5 min (see Note 3). 

2. Sacrifice rat by cervical dislocation, and cut out the mesenteric 
panel of interest. 

3. Remove fat pads and snap freeze for later protein analysis and 
stored at -20 °C. Wash the panel in mammalian Ringer and 
refix for a maximum of 1 h at room temperature in the same 
fixative ( see Note 4). 

4. Wash panels with 0.5 % PBX, for 1 h. Changing solutions every 
10 min at room temperature. 

5. Block panels in 1 % bovine serum albumen (BSA)—0.5 % PBX, 
or 1.5 % normal goat serum for 1 h. 

6. Incubate mesentery overnight at 4 °C with 10 pg/rnL bioti¬ 
nylated Griffonia simplicifolia isolectin IB4 and mouse mono¬ 
clonal antibodies to either Ki-67 for dividing cells, NG2 for 
pericytes, or a-smooth muscle actin for smooth muscle, see 
Fig. 2. Rabbit anti-mouse lymphatic vessel endothelial hyal¬ 

uronic acid receptor (LYVE-1, Fig. 3) can be used to identify 

lymphatic vessels (see Note 5). 
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Fig. 2 (a) Growth factor expression stimulates endothelial cell (EC) proliferation. 
Fluorescent staining of mesenteries after injection of adenovirus-enhanced green 
fluorescent protein (Ad-EGFP) (control) or Ad-growth factors. Isolectin IB4-TRITC 
(ired) stains endothelial cells ECs; Hoechst 33324 (blue) stains all mesenteric nuclei 
and antibodies to Ki67-AF488 (green) to detect proliferating cells. Overlaying of the 
stack images is used to calculate the number of proliferating endothelial cells 
(PECs). Images are triple stained with TRITC-streptavidin and biotinylated GSL 
isolectin IB4 (EC, red). Alexa Fluor 488-labeled goat anti-mouse immunoglobulin G 
and mouse monoclonal anti-Ki67 antibody (proliferating cells, green) and overlay, 
(b) Immunohistochemical analysis of mural cell (pericyte/vSMC) demonstrates 
presence of NG2+ and aSMA positive mural cells. Scale bar=40 pm 


7. Wash panels as before and add secondary antibodies in block 
solution. Incubate for 2 h on a rocker at 4 °C. 

8. Wash panels a further six times, and if appropriate DAPI or 
Hoechst 33324 (1 pM) can be added to stain mesenteric 
nuclei. 

9. Carefully manipulate the panels using fine forceps and flatten 
onto a glass slide Mount in Vectashield (Vector Lab) and place 
a coverslip on the tissue. 

10. Image five random sections of each panel are imaged, at 40x 
magnification. 
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Fig. 3 Vascular endothelial growth factor-C treated mesenteries stained with IB4 (a), Ki67 (b) and LYVE 1 (c). 
The overlay (d) shows that vascular endothelial growth factor-C induced proliferation of lymphatic vessels as 
well as blood vessels. Vascular endothelial growth factor-C induced filopodial extensions both at the blind ends 
of the lymphatic system (e), and along the length of the vessel (f, inset). Proliferation was seen both in the cells 
at the end of the sprouts and in the cells behind (g). Scale bar 40 pm, inset 20 pm 


3.3 Microvessel 1. Use images obtained using intravital microscopy to generate 

Analysis an indirect assessment of information regarding neovessel per¬ 

fusion. The red blood cells flowing through the microvessel 
bed contrast with the clear mesothelial layer surrounding the 
vessels. Consequently, fractional vessel area (FVA) is measured 
as the area of flowing blood vessels per area of mesenteric 
tissue. 

2. All microvessel analysis is carried out using Openlab 3.1 
(Improvison) or ImageJ (NIH). Measure the vessel area using 
the Wand tool, with a pixel threshold of 32. The FVA is a 
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measure of the percentage of vessel area per mesenteric panel. 
The angiogenesis index (AI) is expressed as the following 
equation: 

AI (%) = [(FVA Day 7 - FVA Day l) / FVA Day l] * 100 

3. Using an image analysis program and the acquired z-staclc 
images , make measurements of vessel diameter, vessel length 
(distance of vessel not broken by a branch or sprout point), 
vessel number, sprout point number, branch point number, 
and PEC number (see Fig. 2). 

4. Take the mean value from five panels is and the density (/ 
mm 2 ) can then be calculated. 

5. The fractional pericyte area (FPA) is calculated as the percent¬ 
age of the vessel covered by pericyte (NG2 positive). Staining 
for a-smooth muscle actin is used to confirm the presence of 
vascular smooth muscle cells (vSMCs, Fig. 2b); therefore, the 
density of vSMC-positive vessels can also calculated as well as 
the fractional smooth muscle area. See Fig. 4 for an illustration 
of the analyses. 

6. Lymphatic vessels can be identified as LYVE-1+ vessels and 
analyzed as before. 



Fig. 4 Measurement of microvascular parameters on stained mesenteries. Red isolectin-stained vessels, 
green NG2-stained pericytes. Parameters of width (measured line by w), length (measured line by I), sprouts 
(sp), branches (bp), and pericyte coverage (area of pericyte/area of endothelial cell). Note that the pericytes can 
be seen right up to the tips of the sprouts (grey arrowhead). Images obtained at 40x magnification using 
Z-stacked confocal images 
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4 Conclusion 

The mesenteric angiogenesis assay is a highly sensitive, flexible, 
and subtle assay for investigation of blood vessel growth in vivo in 
a physiological vascular bed. The experiments are not onerous or 
technically difficult and do not require special equipment. They 
do require substantial analysis time, but that results in a very use¬ 
ful analysis of growth characteristics and can be linked to physio¬ 
logical data. 


5 Notes 

1. Ringer salts can be measured and stored. Add immediately 
prior to use. Do not autoclave after the addition of glucose 
containing salts. 

2. Heat solution but do not boil. The PFA wont dissolve unless 
the solution is made basic, through the addition of 1 M NaOH. 
pH must be corrected after this. 

3. Ice-cold methanol can also be used, but is not ideal for in vivo 
fixation. 

4. 24-well plates are ideal for this purpose. 

5. Centrifuge antibodies before use. Use 250-500 pL per mesen¬ 
teric panel. 
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Chapter 25 


In Vivo Models of Muscle Angiogenesis 

Stuart Egginton 

Abstract 

Angiogenesis is an important determinant of tissue function, from delivery of oxygen and other substrates 
to removal of waste products, in health and disease (e.g., adaptive or pathological remodelling). The phe¬ 
notype and functional responses of endothelial cells are conditioned by systemic humoral signals and local 
environmental factors, including the haemodynamic forces that act upon them. Here we describe some 
interventions that have been helpful in unraveling the integrative nature of the complex in vivo response, 
and quantitative assessment of angiogenesis in muscle. 

Key words Capillary growth. Skeletal muscle, Rats, Mice, Shear stress, Muscle strain, Electrical 
stimulation, VEGF 


1 Introduction 


In principle, endothelial cell (EC) cultures can be used to measure 
responses relevant to angiogenesis (e.g., migration and proliferation), 
to determine gene expression in response to putative signals, and 
to quantify intracellular, surface or secreted proteins (e.g., adhe¬ 
sion receptors, cytokines, proteases). In the circulation ECs are 
continually exposed to shear stress (luminal viscous drag applied by 
flowing blood), to compression by blood pressure (pulsatile distor¬ 
tion), and to tension from strain in the extracellular matrix (e.g., 
cyclic deformation during muscle activity). Intracellular signalling 
pathways and gene expression respond to such changes and modify 
EC functions including proliferation, apoptosis, adhesion, motility, 
and matrix deposition or degradation [1], However, modifications 
of angiogenic pathways have not been systematically analysed, 
although responses to cytokines or growth factors will be modified 
if applied to EC in the presence of mechanical stress rather than to 
undisturbed cells [3]. In contrast to the majority of studies on 
chemical factors in pathological angiogenesis and in vitro models, 
the physical environment is known to play an important role in 
controlling capillary growth in normal cardiac and skeletal muscle 
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in vivo [2, 4], The control of in vivo angiogenesis is complex and 
a reductionist approach to dissect potential mechanisms is tempt¬ 
ing, but although in vitro models are often described as ‘angiogen¬ 
esis assays’ they can at best only partially represent the phenomenon. 
For example, use of Matrigel as a substrate may be better than flat 
monocultures but the subsequent tube formation is not a unique 
property of endothelium, and the mechanism of lumen formation 
is different to that found in tissues [2], While there has been con¬ 
siderable progress in this approach, e.g., flow-based studies are a 
more physiologically relevant modelling of angiogenesis, there is a 
long way to go before in vitro studies can reproduce the situation 
in vivo [3], In addition, each step of the angiogenic cascade 
described in reviews based primarily on tissue culture experiments 
is known to have exceptions in observed capillary growth [4]. 

In vivo, ECs continually experience haemodynamic forces: 
shear stress due to flowing blood, compressive pressure, and cir¬ 
cumferential tension from the cardiac cycle, a pressure wave travel¬ 
ing along the wall. In addition to circulating humoral factors and 
local metabolites, in striated muscle capillaries are also subjected to 
stretch and compression during a duty cycle. ECs are sensitive to 
the shear stress applied [5] with rapid responses, e.g., production 
of reactive oxygen species and/or nitric oxide, and prolonged 
adaptations involving changes in gene expression. The physical 
environment is therefore recognized as an important modifier of a 
range of endothelial functions including proliferation, apoptosis, 
motility, adhesion, and matrix deposition or degradation; changes 
in which may directly induce angiogenesis. In animal models, skel¬ 
etal muscle capillaries exposed to hyperaemia and hence increased 
wall shear stress, or to a sustained strain, showed similar angiogenic 
responses [6, 7]. Metabolic consequences of systemic hypoxaemia 
or local hypoxia can stimulate capillary growth, but is dependent 
on regional phenotype and/or requires an additional stimulus such 
as muscle activity [8,9]. The responses are reliant on key chemical 
mediators, both pro- and anti-angiogenic growth factors, but with 
different time courses [10, 11]. 

Angiogenesis is a complex, multifactorial process that is regu¬ 
lated in different ways among vascular beds and according to the 
stimulus, often involving proliferation and migration of EC to 
form new capillaries from pre-existing vessels. Angiogenesis is 
essential for development of the vasculature and in wound repair, 
and is highly regulated allowing capillary growth when required or 
capillary rarefaction when not. Many diseases are associated with 
excessive angiogenesis (e.g., rheumatoid arthritis, diabetic retinop¬ 
athy, gastric ulcers), or insufficient angiogenesis (e.g., cardiac 
hypertrophy, peripheral vascular disease), making it a major target 
for therapeutic intervention [12,13]. However, there are relatively 
few data on angiogenesis in normal adult organs where, apart from 
the female reproductive tract, capillary growth is very rare [14]. 
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Irrespective of the cause of angiogenesis, it is assumed there is a 
common sequence of events initiated by proteolytic breakage of 
the basement membrane surrounding a capillary, followed by 
migration of normally quiescent EC into the interstitium, accom¬ 
panied by modification of the extracellular matrix and mitosis at 
the base of the column of migrating EC. These abluminal sprouts 
elongate and develop lumen, eventually fusing with existing vessels 
or other sprouts to create functional anastomoses. However, 
despite repetition in most reviews, this paradigm is not universal 
[15,16], 

Endothelial cell proliferation and/or migration seen in vitro 
are not necessarily synonymous with angiogenesis in vivo, and care 
in interpretation is needed if the ability to isolate putative mecha¬ 
nisms is not to be achieved at the expense of contextual complexity. 
For example, different patterns of angiogenesis may occur in vivo 
when the physical environment, both inside and outside vessels, 
changes. During development, angiogenesis by intussusceptive 
growth has been described, where extracellular material penetrates 
and divides vessels [17], perhaps driven as much by growth and 
remodelling of surrounding tissue as by endothelial cell-specific 
stimuli. Muscle activity represents a complex mix of cellular, chem¬ 
ical, and physical influences on angiogenesis. However, some 
reductionism is possible: ECs are sensitive to mechanical strain 
imposed by the surrounding tissue, and stretch of skeletal muscle 
during the early phases of overload provides a uniquely sprouting 
phenotype, whereas intravascular mechanical stimuli such as high 
shear stress as a result of hyperaemia produce a unique phenotype 
of longitudinal splitting [4]; the latter two forms of capillary 
growth exhibit both common and differential signalling responses 
[10, 18], with the distinct growth patterns involving perivascular 
cells in different ways [16]. In this chapter three in vivo models of 
muscle angiogenesis are described, along with techniques to assess 
various parameters. 

Animal models of exercise usually involve treadmill or wheel 
running, with apparent differences in outcomes between 
approaches and species. For example, control of duration/inten¬ 
sity is difficult to normalise using running wheels, whereas the 
treadmill is imposed rather than voluntary so may include a stress 
component. Angiogenesis appears to be easier to induce in rats 
than mice on treadmill training, but direct comparisons are diffi¬ 
cult due to likely different workloads imposed. Here an alternative 
method of muscle activity, that of indirect electrical stimulation by 
implanting electrodes in the vicinity of a motor nerve, is described 
[19, 20]. This allows more targetted recruitment of muscle and 
better-defined recruitment parameters. 

Endothelial sprouting can also be induced by unilateral muscle 
overload [7]. This procedure involves the removal (surgical abla¬ 
tion, or extirpation) of the majority of the m. tibialis anterior (TA) 
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from the hindlimb of the animal, which leads to a compensatory 
overload of the synergist m. extensor digitorum longus (EDL) and 
m. extensor hallucisproprius (EHP). The consequence is stretch of 
the EDL leading to an increase in sarcomere length of ~20 % [21]. 
Longitudinal splitting angiogenesis can be induced by oral ad 
libitum administration of prazosin [6]. Prazosin is an oq adrenore¬ 
ceptor antagonist and acts as a vasodilator by blocking tonic sym¬ 
pathetic tonus on the resistance vessels, predominandy within 
skeletal muscle, mainly affecting the arteriolar side of the vascula¬ 
ture. It has litde or no effect on capillary diameter and therefore 
increases blood flow and shear stress in capillaries [14]. 


2 Materials 
2.1 Animals 


2.2 Surgery 


2.3 Vasodilator 
Treatment 


All work must be performed in accordance with local and national 
policies and guidelines governing animal work. 

1. Animals should be housed at ~21 °C with a 12 h:12 h light:dark 
cycle, kept with littermates in an enriched environment, and 
given standard laboratory feed pellets and tap water ad libitum. 
Mice: Male C57B1/6 or C57B1/10 mice should be 6-8 weeks 
old, and weigh ~25 g for optimal results (see Note 1). 

2. Rats: Male Sprague-Dawley or Wistar rats should be used 
when they are 200-250 g ( see Notes 1 and 2). 

1. Isoflurane: For induction of anesthesia use 5 % Isofluorane 
(Novartis) delivered at 5 L/min 0 2 flow rate, and maintain 
with 2.5 % at 2 L/min 0 2 ( see Note 3). 

2. Buprenorphine analgesic: 2.5 mL/kg buprenorphine 
(Temgesic; National Veterinary Services) delivered 
subcutaneously. 

3. Duplocillin LA antibiotic: Dilute Duplocillin LA antibiotic 
(NVS) 1:10 with sterile water. 

4. Scalpels: No. 10 blades for surgical procedures. 

5. Monofilament sutures: Use 6-0 Vicryl (Ethicon) for mice; 4-0 
Vicryl for rats (see Note 4). 

6. Teflon-coated multi-stranded stainless steel wires (e.g., Clark 
or AM Systems). 

7. Neurotech Multichannel Stimulator (Bio-Medical Research). 

8. Food-safe silicone sealant (e.g., Dow Corning 744). 

1. Prazosin solution: Dissolve 50 mg/L Prazosin (see Note 5) in 
tap water, and gendy warm while stirring overnight (solubility 
is very low). Add a small amount (suggested 1-2 g/L) of sugar 
to the solution to mask the bitter taste. 
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2.4 Tissue Sampling 


2.5 Biochemical 
Assays 


2.6 Alkaline 
Phosphatase 


2.7 Lectin Staining 


2.8 a-Smooth 
Muscle Actin Staining 


1. Liquid nitrogen. 

2. 2-Methylbutane (isopentane). 

3. Optimal Cutting Temperature embedding matrix (OCT). 

4. Cork discs, 20 mm diameter. 

5. Poly-L-lysine-coatedslides (e.g.,polysine™;VWRInternational). 

6. Cryostat microtome. 

1. Lysis buffer: 4-(2-hydroxyethyl)-l-piperazineethanesulfonic 
acid (HEPES) buffer (975 pL), containing 10 pL Protease 
Inhibitor Cocktail (Sigma), 10 pL phenylmethylsulfonyl fluo¬ 
ride (PMSF), 5 pL sodium vanadate solution. 

2. ELISA kits and reagents as required, e.g., mouse and human 
VEGF protein and PGFla (Cambridge Biosciences, UK). 

3. Bradford or similar protein assay reagents. 

1. Stock buffer: Add 1.7 g magnesium sulfate (MgS0 4 -7H 2 0) 
and 3.8 g sodium borate (NaB0 2 -4H 2 0) to distilled water and 
make up to a total volume of 1 L. Store at 4 °C (see Note 6). 

2. Working buffer: Add 7-10 mg nitroblue tetrazolium salt 
(NBT), 2 mg 5-bromo-4-chloro-3-indoxyl phosphate, tolu- 
idine salt (BCIP) to the stock buffer and make up to 10 mL. 
Sonicate to dissolve and adjust to pH 9.3 with boric acid 
(3.09 g/L). 

1. Paraffin wax pen. 

2. Electron microscopy grade 4 % (w/v) formaldehyde (e.g., 
TAAB, Berkshire, UK). 

3. Lectin solution: Griffonia simplicifolia. Lectin I labelled with 
5 pL/mL fluorescein- or rhodamine-labelled Griffonia sim- 
plicifolia Lectin I. 

4. Phosphate buffered saline (PBS): 137 mM NaCl, 2.7 mM 
KC1, 10 mM, Na 2 HP0 4 ,2 mM KH 2 P0 4 , and adjust pH to 7.4 
with HC1. 

5. Fluorochrome-safe mountant (Vectashield; Vector Labs, UK) 
with and without 4',6-diamidino-2-phenylindole (DAPI). 

1. Formalin fixative: 10 % buffered neutral formalin solution. 
Add 100 mL of formaldehyde solution (37-40 %), to 900 mL 
distilled water containing 4.0 g NaH 2 P0 4 , 6.5 g Na 2 HP0 4 
(anhydrous). 

2. Tris-Buffered Saline (TBS): Prepare lOx stock TBS solution 
containing 0.5 M Tris Base and 9 % (w/v) NaCl at pH 7.6. 
Store at room temperature. Dilute the stock 1:10 with distilled 
water before use and adjust pH to 7.6 if necessary. 



360 


Stuart Egginton 


2.9 BrdU Pulse 
Labelling 

2.10 Proliferating 
Cell Nuclear Antigen 
(PCNA) Staining 


2.11 TUNEL Staining 


3. Blocking solution: Add 10 % (v/v) normal goat serum to TBS 
containing 1 % (w/v) bovine serum albumin (BSA). Three 
milliliters is sufficient for ten slides. 

4. Anti-alpha smooth muscle actin antibody (e.g., rabbit mono¬ 
clonal, Abeam): Dilute to 1:500 in TBS with 1 % BSA—6 pL 
primary antibody solution in 3 mL TBS with 1 % BSA is 
enough for ten slides. 

5. Horse radish peroxidase (HRP) labelled secondary antibody 
(e.g., goat anti-rabbit; Abeam); diluted to 1:1000 on the slides 
in TBS with 1 % BSA. 

6. 3,3-Diaminobenzidine (DAB): Add two DAB tablets (10 mg) 
to 5 mL of water, vortex and filter. 

1. In Situ Cell Proliferation Kit, FLUOS (Roche, Mannheim, 
Germany). 

1. Formalin fixative ( see Subheading 2.8, item 1). 

2. Washing buffer: Add 500 pL of 6 % (v/v) Triton X-100, 666 pL 
7.5 % (w/v) BSA in water to 3.83 mL PBS. 

3. Rabbit anti-PCNA antibody (Santa Cruz); 1:100 (5 pL anti¬ 
body in 500 pL washing buffer). 

4. Donkey anti-rabbit antibody: CY2 conjugated Donkey anti¬ 
rabbit antibody (Jackson ImmunoResearch Laboratories) dilute 
1:50 with rhodamine conjugated GSL-1 lectin (1:100; Vector) 
(10 pL antibody, 5 pL lectin in 500 pL washing buffer). 

5. Aquamount/glycerol jelly. 

1. Formalin fixative ( see Subheading 2.8, item 1). 

2. Proteinase K solution: Add 1 pL TUNEL staining kit solution 
(Trevigen 2 TdT-DAB in situ apoptosis detection kit— 
Trevigen Inc., Gaithersburg, MD, USA) in 50 pL of water 
per slide. 

3. Quenching solution: Add 10 mL of 30 % hydrogen peroxide 
solution to 90 mL of methanol. 

4. Labelling reaction mix: 1 pL TdT-dNTP kit solution, 1 pL 
Mg 2+ kit solution, 1 pL TdT enzyme kit solution, 50 pL TdT 
labeling buffer (kit solution diluted 1:9 in dH 2 0). 

5. DAB solution: Add 50 mL PBS, 250 pL DAB stock, 50 pL 30 
% hydrogen peroxide. 

6. Nuclear counter stain: Add 0.5 g of methyl green (ethyl violet 
free. Sigma) to 100 mL 0.1 M sodium acetate buffer, pH 4.2. 

7. Histomount mounting solution. 
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2.12 Histological 
Quantification 


2.13 Fibre Type 
Composition 


3 Methods 

3.1 Muscle 
Stimulation 


1. Standard light microscope system equipped with a digital cam¬ 
era (see Note 7). 

2. Image analysis software (see Note 8). 

1. Acid preincubation buffer: 0.2 M sodium acetate adjusted to 
pH 4.5 containing 50 % (v/v) acetic acid. 

2. Alkali preincubation buffer: Dissolve 3.445 g sodium metabo¬ 
rate and 2.36 g calcium nitrate (Ca(N0 3 ) 2 ) in 500 mL of dis¬ 
tilled water and adjust the pH to 10.3 using 0.1 M sodium 
hydroxide. 

3. Glycine/calcium chloride buffer: Add 3 g glycine and 2.94 g 
calcium chloride in distilled water, adjust the pH to 9.4 using 
0.1 M potassium hydroxide and make up to 1 L. 

4. Incubation buffer: Add 160 mg of adenosine 5-triphosphate 
(ATP) to 100 mL of glycine/calcium chloride buffer and 
adjust to pH 9.4 with 0.1 M KOH. 

5.1% cobalt chloride (or nitrate) and 1 % ammonium sulphide in 
distilled water. 


1. Surgery should be conducted under aseptic conditions with 
the use of inhalation anesthetic (see Note 3). Five to seven 
animals are required in each treatment groups. Control groups-. 
Animals without any intervention are used as controls. The 
untreated contralateral limbs of animals receiving surgery may 
also serve as controls (see Note 9). Sham control animals 
should have the electrodes implanted, but not receive stimula¬ 
tion (see Note 10). 

2. In the test group of animals implant seven-stranded stainless 
steel wires close to the lateral popliteal nerve to indirectly stim¬ 
ulate ankle flexors. Shave the site prior to making the incision 
(see Note 11). 

3. Strip the insulation from the end of the electrodes and wrap 
them around a 25 G needle to produce a coil, which aids inter¬ 
muscle location (located deep between the vastus lateralis and 
the tibialis anterior, which requires minimal dissection of cov¬ 
ering muscle), and fix in place with sutures. 

4. Feed the electrodes under the skin onto the back of the ani¬ 
mals and exteriorise through a piece of Velcro® attached to the 
skin at the nape of the neck. Attach the electrodes to an exter¬ 
nal stimulator. When not in use the electrodes should be coiled 
up inside a Velcro® pocket to prevent them being damaged by 
the animals. 
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5. The animals should be recovered within 20-30 min of anesthetic 
removal and given systemic analgesic and topical antibiotic twice 
a day for the first 2 days post-surgery. 

6. Stimulate the extensor digitorum longus and tibialis anterior 
muscles for 2-28 days, starting ~24 h after surgery at 10 Hz, 
pulse width 0.3 ms, and sufficient voltage (3-6 V) to produce 
palpable contractions using an external stimulator [19]. 

7. Alternatively, in-house constructed miniaturised implantable 
stimulators may be used when located subcutaneously on the 
back of the animal. Home Office guidelines suggest these 
should be <15% of the animals body mass (easy to achieve 
<10% with rats, less so with mice due to battery size). These 
are either encased in heat-shrink plastic and sealed with silicone 
sealant, or coated with hypo-allergenic beeswax. The stimula¬ 
tor is operated through a superficial magnetic reed-switch 
allowing it to be activated 24 h following surgery. A similar 
approach has been used by Greene and colleagues [20]. The 
limitation for their use is battery weight versus life; lithium 
coin batteries give ~1 week life and allow stimulators to be 
implanted at ~ 10 % body weight in mice. 


3.2 Muscle Overload 1. Anaesthetise animals using isoflurane delivered in oxygen to 

maintain blood oxygen saturation during cardiorespiratory 
depression, and maintain anaesthesia using a lower dose 
throughout the duration of the procedure (see Subheading 
2.2, item 1). 

2. Systemic buprenorphine analgesic 2.5 mL/kg is administered 
subcutaneously, usually by scruffing the skin at the neck (see 
Subheading 2.2, item 2). 

3. Shave the hindlimb (see Note 11) and disinfect the site with 70 
% ethanol spray. After a few seconds wipe away alcohol with a 
sterile cotton bud or tissue; surface evaporation causes cutane¬ 
ous vasoconstriction that minimises bleeding on incision. 

4. Locate the TA tendon, usually visible under the skin at the 
instep. It can usually be found by feeling for the femur with the 
back of the scalpel blade, and running down the anterolateral 
surface. The outline of the TA can be seen as a slight depres¬ 
sion on leg extension. 

5. Using moderate pressure, with the scalpel make an incision 
from the tendon to about midway up the TA. Make a single 
incision of 1-2 cm through the skin. Free the skin and carefully 
clear away any fascia overlaying the muscle with blunt dissec¬ 
tion using strabismus scissors. 

6. Free up the tendon from surrounding connective tissue 
(ensure the surface is glistening white), being careful to avoid 
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3.3 Chronic 
Vasodilatation 


3.4 Tissue Sampling 


damage to any blood vessels in close proximity (the ankle is 
well vascularised). 

7. Slide a pair of curved forceps under the tendon and cut with 
scissors or scalpel, leaving a generous portion still attached to 
the muscle (see Note 12). 

8. Holding the cut tendon, lift the muscle free from the underly¬ 
ing tissue, blunt dissect the inner surface from the underlying 
EDL, and free the lateral edges. With one clean cut slice 
through the muscle with a scalpel 2/3-3/4 along its length. 

9. Replace the cut end of the muscle and apply pressure to the site 
for a few moments in order to stop any bleeding. 

10. Apply one drop of topical antibiotic, leaving for about 10 s 
before blotting away excess. 

11. Using monofilament sutures close the wound with 4-5 inter¬ 
rupted stitches (see Note 13). Clean the wound carefully, as any 
dried blood invites the animal to nibble at sutures; an anaes¬ 
thetic cream may dampen irritation but is not usually necessary. 

12. Allow the animal to recover in a warmed cage, with jelly feed to 
aid rehydration. Check on them regularly—the only issue 
noted is occasional biting of sutures that require repair within 
the first 12 h. Thereafter they feed and drink normally, with 
minor gait impairment lasting 36-48 h. Normal climbing 
activity returns earlier. 

1. Replace normal drinking water of animals with the prazosin 
solution (see Note 14) and allow access ad libitum (see Note 15). 

2. Replace with fresh Prazosin solution every 2-3 days, as the 
drug will precipitate (evident as a cloudy appearance of the 
water). 

1. For immunohistochemistry and protein and mRNA quantifi¬ 
cation kill the animals by stunning and cervical dislocation. 

2. Immediately dissect the muscles and divide into two. Process 
as described below for biochemical and histological analysis in 
items 3 and 4 respectively. For the EDF aim to sample from 
the central half of the muscle. 

3. Snap-freeze one half of the muscle in liquid nitrogen for bio¬ 
chemical analysis. 

4. Coat the other half of muscle sample with OCT for structural 
support and cryoprotection. Orientate the muscle perpendicu¬ 
larly on a cork disc by leaning the muscle against a pin or soft 
tissue (e.g., piece of liver). Carefully invert and drop the disc 
into liquid nitrogen-cooled isopentane bath (see Note 16). 

5. Keep discs in liquid nitrogen for short-term storage before sec¬ 
tioning; for long-term storage wrap in aluminum foil packets 
to aid sorting and place at -80 °C. 
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3.5 Protein 
Quantification 


3.6 Alkaline 
Phosphatase Staining 


3.7 Lectin Staining 


6. Cut- 10 pm sections (8 pm is better, 12 (tm is acceptable) on 
a cryostat microtome at -20 °C, depending on the rigidity of 
the sections obtained this may be varied by ±2 °C only. 

7. Pick up sections on poly-L-lysine-coated slides for better adhe¬ 
sion during subsequent immunohistochemistry and allow to 
air-dry for 30-60 min before staining or re-freezing and stor¬ 
age at -20 °C (see Note 17). 

1. Powder frozen tissue using a chilled pesde and mortar under 
liquid nitrogen and suspended in ice-cold lysis buffer. 

2. Centrifuge at 5000 xjp for 20 min at 4 °C. 

3. Assay samples for the protein of interest in duplicate by ELISA, 
according to manufacturer’s instructions (5-6 animals/group). 

4. Determine total tissue protein concentration by Bradford assay 
performed in duplicate at the same time as the ELISA. 

Alkaline phosphatase is an enzyme found at high levels in capillary 
endothelium, but may also stain terminal arterioles and motor 
nerves; it is not suitable for all tissues or species (e.g., not found in 
human muscle, lower staining in mouse muscle). This staining pro¬ 
tocol uses the phosphatase activity to cleave BCIP, which becomes 
a strong reducing agent, then acts on NBT to form an insoluble 
dye which deposits on the capillary wall. 

1. Air-dry cryostat sections (30 min if fresh or taken from freezer). 

2. Fix sections in precooled acetone (4 °C or less) for 5 s. 

3. Air dry (5-10 min). 

4. Stain the slides with working buffer for 45 min to 1 h at room 
temperature. 

5. Wash in distilled water. 

6. Mount with aquamount and a cover slip. Seal with glue or nail 
varnish if sections are to be kept for long periods. 

Lectins are carbohydrate-binding proteins from plant extracts; 
those isolated from Griffonia ( Bandeimea) simplicifolia seeds 
(GSL-l/BSL-1) identify ECs in mouse and rat tissues. They bind 
to galactose residues, which are found at high concentration on the 
proteoglycans in the glycocalyx lining blood vessels and laminin 
glycoproteins, which are major components of the basal lamina 
that surround the vasculature. The choice of which lectin to use is 
species-dependent [22], and other variables, e.g., use Ulex euro- 
paeus lectin, UEA-I, for humans but staining may be influenced by 
blood group. 

1. Air-dry cryostat sections fully (30 min if fresh or taken from 
freezer). 
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3.8 a-Smooth 
Muscle Actin 


2 . Draw around sections with a paraffin wax pen, and allow to dry 
completely (~15 min). This produces a shallow well for incu¬ 
bating tissue, and helps to reduce problems with evaporation 
while minimizing incubation volume. 

3. Fix in ice-cold acetone (4 °C) for 15 s. Alternatively, fix with 
formaldehyde, followed by 3 x 5 min PBS washes. 

4. Incubate for 1 h at room temperature using fluorescein- or 
rhodamine-labelled lectin. 

5. Wash 3x5 min in PBS. 

6. Wash in distilled water. 

7. Mount using 1:10 Vectashield plus DAPLVectashield without 
DAPI (to normalise fluorescent intensity of different 
structures). 

During vascular remodelling, haemodynamic control needs to be 
preserved and so estimating the size of micro vascular units (num¬ 
ber of capillaries fed by individual arterioles) is an important read¬ 
out. The process of arteriolisation has been shown to accompany, 
or even precede angiogenesis. Alpha actins are used to label vascu¬ 
lar smooth muscle cells, and identify arterioles and venules on the 
basis of size and layer thickness. 

1. Day 1: Fix in formalin fixative for 10 min. 

2. Wash the slides 4x5 min in TBS+ 0.025 % Triton X-100 with 
gentle agitation. 

3. Incubate in blocking solution for 2 h. 

4. Drain slides for a few seconds. 

5. Incubate with antibody to a-smooth muscle actin overnight at 
4 °C. 

6. Day 2: Wash 2x5 min in TBS+ 0.025 % Triton X-100 with 
gentle agitation. 

7. Wash 2x5 min TBS+ 0.025 % Triton X-100 with gentle 
agitation. 

8. Incubate the slides in 0.3 % hydrogen peroxide in TBS for 
15 min. 

9. Wash 2x5 min TBS+ 0.025 % Triton X-100 with gentle 
agitation. 

10. Apply HRP secondary antibody and incubate for 1 h at RT. 

11. Wash 3x5 min TBS. 

12. Develop with DAB for 10 min at RT. 

13. Wash in running tap water for 5 min. 

14. Mount in glycerol. 
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3.9 Bromode- 
oxyuridine (BrdU) 
Pulse Labelling 


3.10 PCNA Staining 


3.11 TUN EL Staining 


Understanding the relationship between cellular proliferation and 
angiogenesis is important; e.g., the longitudinal splitting form is 
efficient in that it requires little mitotic activity, while proliferative 
activity in perivascular or mural cells gives insight into local regula¬ 
tory mechanisms. Incorporation of an identifiable nucleoside dur¬ 
ing mitosis has long been used to label the site of proliferation, 
with BrdU (a synthetic thymidine analog) often preferred. 
Co-localisation of BrdU with capillaries can provide a measure of 
cell proliferation associated with the capillaries (though not neces¬ 
sarily ECs), and that associated with interstitial cells or myonuclei. 

1. Animals are injected i.p. with BrdU labeling reagent 16 h prior 
to tissue sampling. Other time points can be used to assess the 
kinetics of cell turnover. 

2. Cryosections are obtained as above (see Subheading 3.4). 

3. Immunostaining is also performed using primary anti-BrdU 
antibodies as described above (see Subheading 3.8) with the 
addition of 1:100 rhodamine Griffonia simplicifolia lectin-1 to 
allow co-localisation of BrdU-labelled cells with vascular 
structures. 

4. Slides are mounted using 1:10 Vectashield + DAPLVectashield 
to permit confirmation of nuclear localisation of BrdU 
labelling. 

For archived material, an alternative approach to BrdU labeling is 
to retrospectively stain for factors upregulated during the cell cycle. 
PCNA (a.k.a. cyclin) is a DNA polymerase co-factor expressed by 
cells undergoing mitosis, and so can act as a measure of cell 
proliferation. 

Air-dry cryostat sections (30 min). 

1. Fix in formalin fixative for 5 min. 

2. Wash in PBS for 3x5 min. 

3. Block with washing buffer at RT for 30 min. 

4. Incubate with primary antibody for 1 h (usually 1 % (see 
Subheading 2.10, item 3). 

5. Wash in PBS 3x5 min. 

6. Incubate with secondary antibody (usually 1/200) and lectin 
for 1 h. Keep sections covered and out of direct light. 

7. Wash in PBS 3x5 min. 

8. Wash in distilled water. 

9. Mount with Aquamount/glycerol jelly if required. 

1. An important balance to angiogenesis during remodelling is 
vascular pruning. During apoptosis, endonucleases digest 
DNA to form short double-stranded DNA fragments that can 
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be detected by attaching biotinylated nucleotides to the 
3'-OH ends using a terminal deoxynucleotidyl transferase 
(TdT) enzyme, visualised using a streptavidin-horseradish 
peroxidase conjugate followed by the substrate DAB which 
forms a brown precipitate when broken down by peroxidase. 
Apoptotic cells must be distinguished from necrotic cells mor¬ 
phologically. Air-dry cryostat sections fully (30 min if fresh or 
taken from freezer). 

2. Draw round sections with a paraffin wax pen, and allow to dry 
(~15 min). 

3. Fix for 10 min in formalin fixative. 

4. Wash slides for 2x5 min in PBS. 

5. Blot slides dry, then immediately add 50 pL of proteinase K 
solution and cover. 

6. Incubate for 15 min and then wash 2x2 min in dH 2 0. 

7. Place slides into 50 mL of quenching solution for 5 min. 

8. Wash 2x1 min in PBS. 

9. Incubate slides in 50 mL TdT labeling buffer for 5 min. 

10. Blot slides dry, then immediately add 50 pL labelling reaction, 
mix and cover. 

11. Incubate slides in a 37 °C incubator in a humidified chamber 
for 2 h. 

12. Transfer slides into 50 mL TdT stop buffer (kit solution diluted 
1:9 in dH 2 0) and incubate for 5 min. 

13. Wash slides 2x2 min in PBS. 

14. Blot slides dry and then add 50 pL streptavidin-HRP detection 
solution onto each sample (1 pL kit solution in 50 pL dH 2 0 
per slide) and cover. Incubate at RT for 10 min. 

15. Wash slides 2x2 min in PBS. 

16. Incubate slides in DAB solution for 5 min. 

17. Wash slides in dH 2 0 and transfer to fresh water. 

18. Counterstain nuclei by transferring slides to 50 mL methyl 
green solution for 5 min. 

19. Wash slides by sequentially dipping in 1-butanol until the sam¬ 
ple turns from blue to mainly green, dip once more in fresh 
1-butanol, then dip ten more times in two changes of xylene. 

20. Dry xylene from the back of the slide. Leave xylene on the 
surface of the slide to aid the mounting process. 

21. Place two drops of Histomount on the samples and gently 
lower the coverslip. 

22. Leave to harden overnight. Store out of direct light. 
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3.12 Quantification 
of Capillary Supply 


1. Once capillary visualisation is complete, three to four images 
per section are photographed and analysed (see Note 18). 

2. Photomicrographs can be taken using xlO or x20 objectives, 
depending on the field of view required (e.g., 0.14-0.20 mm 2 ); 
x40 is better for co-localisation studies. 

3. Some pre- or post-processing may be required to compensate 
for the dynamic range of capillary staining intensities, or to 
adequately visualise fibre boundaries (try equalisation or loga¬ 
rithmic filters). 

4. For each image place one to four sampling squares (regions 
of interest, ROI) on the field of view (Fig. 1), and count the 
number of capillaries and fibers using an unbiased counting 
rule (Fig. 2). 

5. The top and left sides of the sampling square are designated 
‘inclusion lines’ with the bottom and right sides designated 
‘exclusion lines.’ Any capillary or fibre exclusively touching a 
line of inclusion is counted in the analysis; any touching a line 
of exclusion is excluded from the analysis. 

6. It is best if the counting frame is systematically oriented on the 
same circumscribed regions, relative to the major axis and the 
section boundaries, to provide a systematic-random sampling. 
This is statistically preferable to simple random sampling, 
which will increase data variance and tend to obscure any 
localised response of specific muscle regions. Location is 
especially important in the outer cortex of the TA muscle, 
where apparent capillarisation/fibre composition is very sensi¬ 
tive to the sample position. 



Lateral 


Medial 



Tibialis anterior Extensor digitorum longus 

Fig. 1 Sampling ROI for individual muscle cross sections. Arrows show the gradation in oxidative capacity, 
decreasing in the medial-lateral axis (see Ref. 8) 
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Fig. 2 Image showing a cross section of muscle stained with FITC-labelled Griffonia simplicifolia (GSL-1) illus¬ 
trating the protocol for unbiased sampling for estimating capillary supply in skeletal muscle 


7. A fibre is defined as an isolated nonstained, convex area sur¬ 
rounded by collagen IV or laminin. 

8. A capillary is defined as an ALP/lectin/CD31-positive structure 
<8 pm in diameter. They are seen as either a circle in cross sec¬ 
tion or elongated structures when sectioned obliquely, in which 
case individual branches are counted as single capillaries. 

9. The size of the ROI is important in limiting ‘edge effect’ 
errors, the most common being too few fibres (ideally >50) or 
capillaries (>100) included. 

10. There are a large number of indices used to describe the adap¬ 
tive nature of the microcirculation, most of which have severe 
limitations in their utility (for detailed explanation, see Ref. 
23). 

11. An unbiased counting rule [24] should be used to estimate the 
capillary density (CD or N A (c,f) in stereological notation; 
expressed as number of capillaries per mm 2 of section (ideally 
fibre area), the capillary to fiber ratio (C:F, N N (c,f)) is the 
number of capillaries/total number of fibers), and the average 
fiber cross-sectional area (FCSA; total area of fibres/number of 
fibres) (.yrrNote 19). 
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3.13 Fibre Type 
Composition 


3.14 Power 
Calculations 


Muscle fibre types may be detected using enzymatic methods, 
exploiting differential pH stability of different myosin ATPases 
[25]. For example, in sections preincubated at pH 4.55 dark 
staining indicates Type I (slow oxidative), light staining indicates 
Type Ha (fast oxidative glycolytic), and intermediate staining 
intensity indicates Type lib (fast glycolytic) fibre types. Intrinsic 
mATPase activity may be revealed by omitting the preincubation 
step. It does not easily allow discrimination between Type lib 
and Type Ild/x/c fibres whose oxidative capacity is between 
Type Ha and lib, which may be assessed by staining for succinic 
dehydrogenase activity (note differences in notation between 
rodent and human fibre types). This approach is increasingly 
replaced by monoclonal anti-MHC antibodies allowing for tar¬ 
geted multiple fibre staining (see Ref. 26). 

1. Preincubate sections: 2-4 min in either acid or alkali preincu¬ 
bation solution. 

2. Wash in distilled water (dH 2 0). 

3. Wash in glycine/CaCl 2 buffer. 

4. Incubate sections: 15 min in incubation solution at room 
temperature. 

5. Wash three times in dH 2 0. 

6. Incubate in 2 % CaCl 2 three times for 30 s each. 

7. Wash three times in dH 2 0. 

8. Incubate in 1 % CoCl 2 for 3 min. 

9. Wash five times in dH 2 0. 

10. Incubate in 1 % ammonium sulphide for 3 min in a fume 
cupboard. 

11. Wash five times in dH 2 0. 

12. Mount with Aquamount/glycerol jelly and coverslips. 

13. The muscle cross-sectional area occupied by the three main 
fibre types may be quantified using standard stereological 
point-counting methodology [24]. Type I or Type Ha fibres 
from fast or mixed muscles are about half the size of Type lib 
fibres in adult rats, and consequently their total oxidative 
capacity is overestimated if only numerical frequency is quanti¬ 
fied. In addition, muscle tension development is proportional 
to FCSA; thus a quantitative estimate of their relative area may 
be a better index of functional capacity. 

Based on previously published data, significant differences can be 
seen in capillary supply indices and most ultrastructural data 
between two experimental groups using n = 4 animals; however if 
submaximal responses are induced this will require a larger sample 
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size. Our previous data has a median average standard deviation 
(SD) of 0.12 for C:F which requires n = 6 to give 80 % power to 
means separated by 0.2, or roughly half the response to our 
mechanical stimuli. The most subtle ultrastructural change we 
would expect to see is changes in pericyte coverage. Our previously 
published data has a median average SD of 2.1, which therefore 
requires n = 7 to have 80 % power in a mean difference of 3, again 
half the response in our previous model. Power calculation for 
microarray analysis is a rather contentious topic, but based on a 
power of 85 % and P<0.05, previous experience gives a pooled 
variance term S =0.15, then using D/Sx N(2/n) gives a require¬ 
ment for 6-8 animals/experimental group. Data are usually pre¬ 
sented as mean ± SEM, with statistical analysis by one-way ANOVA 
using PLSD or Bonferroni post-hoc analysis. 


4 Notes 


1. Males are almost always used in order to avoid interference in 
vascular remodeling that may occur during the estrous cycle in 
females. 

2. Sprague-Dawley rats are fast growing with relatively aerobic 
muscles, whereas Wistar rats tend to be smaller at similar age 
and have slightly less aerobic muscles. 

3. We originally used halothane (Fluothane®, ICI), but now use 
Isoflurane (IsoFlo®) routinely. 

4. It is preferable to use absorbable sutures for internally and 
nonabsorbable for cutaneous sutures. 

5. Prazosin was originally a gift from Pfizer. It is now commer¬ 
cially available from Fluka, Tocris, and Sigma-Aldrich. 

6. The stock buffer can be stored for several months at 4 °C. 

7. Any standard microscope system is adequate for acquisition of 
photomicrographs. We used a Zeiss Axioskop 2 plus fluores¬ 
cent microscope, with image capture using an Axiocam MRc 
digital camera and Axiovision software (Karl Zeiss). 

8. Analysis of digital images can be performed using commercial 
image processing packages, but we routinely use ImageJ 
(NIH). 

9. In animals receiving surgery there is some gait adjustment fol¬ 
lowing surgery that means the untreated contralateral limb 
muscles are not exactly the same as those from naive control 
animals, but serve to normalise inter-animal variation. 

10. Sham controls serve to normalize for surgical trauma, but are 
probably only important for the earliest time points as for 
example edema resolves within 2-3 days of surgery. 
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11. Removing the fur avoids allergic reaction to fine hair, and allows 
clean wound closure with minimal ingress of bacteria etc. 

12. Leaving a small stump of the TA may be preferable to com¬ 
plete removal as it can cause less bleeding, surgical trauma, 
and/or inflammation (the latter consequences may affect 
angiogenesis), but there is no noticeable difference in extent 
of final capillary supply. 

13. Continuous sutures may unravel if the animal chews them. 

14. Prazosin has been the vasodilator drug of choice for our group, 
although other compounds may have similar effects. 

15. Each mouse receives approximately 175 pg per day, based on 
the average water consumption monitored throughout the 
experiment. The rat dosage should be scaled according to body 
mass and drinking rates. 

16. Note this avoids prolonged freezing due to volatilisation of 
liquid nitrogen alone, but the wetting agent must therefore be 
treated carefully. To avoid freezing artifacts the isopentane 
should be close to its freezing point, which can be ascertained 
through an increase in viscosity and clouding whilst stirring, 
and preferably has solid bits floating in it; for larger tissue sam¬ 
ples this is essential. 

17. Avoid condensation on removal from the freezer as freezing 
artifacts can also occur on temperature reversal and 
re-storage. 

18. More sections may be analyzed provided they are adequately 
separated to avoid the same microvascular units being sam¬ 
pled twice (e.g., 100-200 pm apart), but this rarely provides 
additional accuracy in the absence of gross structural 
heterogeneity. 

19. I would recommend these three indices as a minimum: CD offers 
insight into the functional capacity of the microcirculation, C:F is 
a robust index of angiogenic activity under most conditions, 
while FCSA is a direct determinant of CD so cannot be ignored. 
Numerical or areal fiber type composition can offer additional 
insights (teeSubheading 3.13). 
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Chapter 26 


Use of the Hollow Fiber Assay to Evaluate Agents 
That Target the Tumor Neovasculature 

Patricia A. Cooper and Steven D. Shnyder 

Abstract 

In vivo preclinical assays are required to screen potential agents that target the tumor vasculature. Here a 
hollow fiber-based assay for the quantification of neovasculature in the presence or absence of an agent that 
potentially targets tumor neovasculature is described. The neovasculature is developed as a consequence of 
the presence of tumor cells encapsulated in hollow fibers, which are transplanted sub-cutaneously in the 
dorsal flanks of mice. 

Key words Hollow fiber assay, Angiogenesis, Vascular-targeting agents, Cancer therapy, Tumor neo¬ 
vasculature, Preclinical screening, CD-31 


1 Introduction 


The progression of novel agents that target tumor vasculature 
into the clinic is reliant on demonstration of activity in suitable 
preclinical assays. With these assays, the analytical endpoint is 
either the detection of new vessel growth in an area where there 
is minimal vascularization (e.g., matrigel or sponge assays [1,2]) 
or the differentiation of neovasculature from existing vasculature 
(e.g., dorsal skin chamber [3]). In vivo assays curently used in 
this field have distinct features and limitations (as reviewed in 
[4]), and thus it is not ideal when screening to rely on a single 
assay. Hence, there is a requirement for further development of 
novel in vivo screening assays. 

As the basis for developing such an assay, we have adapted 
the hollow fiber assay that is currently used as part of the drug¬ 
screening programme at the National Cancer Institute (NCI) in 
the USA [5] for studies on vasculature. In the NCI assay, human 
tumor cell lines are loaded into biocompatible PVDF hollow fibers 
(HF) with an internal diameter of 1 mm and a 500 kDa molecular 
weight exclusion, which allows for free passage of macromolecules 
and drugs, while restricting passage of cells. The HF are cut into 
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2 cm lengths which are heat-sealed at both ends, and using asep¬ 
tic surgical procedures, these are then transplanted subcutaneously 
and intraperitoneally into anesthetized mice. Animals are treated 
with the test agent for 4 consecutive days from day 3 and the stud¬ 
ies terminated on day 7 or 10, with cells then analyzed for viability 
using the MTT cell viability assay, with the amount of viable cells 
in HF from the treated animals compared with untreated controls. 

The rationale for adapting this assay is from initial studies car¬ 
ried out in this laboratory where assay times were extended beyond 
the standard 6-day period, and extensive vascular networks were 
observed surrounding subcutaneously implanted fibers [6]. 

We have subsequently modified the NCI assay to make it 
more suitable for investigating anti-angiogenic and other vascu¬ 
lar targeting strategies by only transplanting subcutaneously and 
reducing the size and number of fibers transplanted in order to 
minimise inflammation surrounding the fibers due to damage 
inflicted by the fiber seals on the surrounding tissue [7]. We have 
also incorporated immunohistochemical analysis of the neovascu¬ 
larization surrounding the fibers as an end-point for quantifying 
agent effect [7, 8]. 


2 Materials 


2.1 Hollow Fiber 
Preparation 
and Loading 


1. Polyvinylidene fluoride (PVDF) hollow fibers with an internal 
diameter of 1.0 mm and a molecular weight cut-off point of 
500 kDa (Spectrum Medical Inc.) are used. These are supplied 
dehydrated in 180 mm lengths and in different colors to enable 
different cell lines to be placed in the same animal. 

2. 70 % ethanol solution in distilled water. 

3. Sterile 5 ml and 10 ml syringes with 21-gauge blunt needles. 

4. 600 mm glass chromatography column or similar. 

5. Stainless steel tray (approximate dimensions: 220 mm x 150 
mm). 

6. Autoclavable stainless steel box and lid (approximate dimen¬ 
sions: 250 mmx 50 mmx40 mm). 

7. Sterile distilled water. 

8. Autoclave tape. 

9. Autoclavable bags for sterilising box containing libers and 
instruments. 

10. Tumor cell lines obtained from the European Collection of 
Cell Cultures or ATCC Cell Biology Collection (see Note 1). 

11. Tissue culture medium, e.g., RPMI 1640 supplemented with 
10 % or 20 % fetal calf serum (FCS), 2 mM sodium pyruvate, 
and 2 mM L-glutamine, stored at 4 °C. 
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2.2 In Vivo 
Transplantation of 
Hollow Fibers and 
Treatment 


2.3 Removal and 
Processing of Hollow 
Fibers 


2.4 Assessment of 
Effects on the 
Vasculature 


12. Cell culture consumables including: 75 cm 1 2 3 culture flasks, 
10 ml pipettes, 6-well plates, 30 ml polypropylene tubes. 

13. Hanks’ Balanced Salt Solution (HBSS), stored at room 
temperature. 

14. 0.25 % Trypsin-EDTA solution, stored at -20 °C. 

15. Hemocytometer. 

16. Polystyrene box containing ice. 

17. “Fireboy plus” rechargable mobile Bunsen burner with CV360 
butane cyclinder. 

18. Sterilized demarcated stainless steel tray (approximate dimen¬ 
sions: 450 mmx 140 mm). Demarcations every 1.5 cm. 

19. Sterilized instrument tray (approximate dimensions: 220 mmx 
150 mm) and instruments including: smooth-jawed needle 
holders, scissors, and forceps. 

1. Mice (rrrNote 2). 

2. Polystyrene box to transport fibers to operating theatre. 

3. Anesthesia equipment. 

4. Sterile instruments—scissors, forcepsx2, 3 mm diameter 
trocar. 

5. Histoacryl tissue adhesive. Store at 4 °C. 

6. Autoclips. 

7. Sterile 1 ml syringe plus either a 25-gauge needle for i.p., or a 
26-gauge needle for i.v. administration of compound. 

1. C0 2 euthanasia system. 

2. Dissecting board with pins. 

3. Instruments—scissors and forceps. 

4. Compact digital camera and stand. 

5. Stiff card cut to 22 mmx 22 mm. 

6. Processing cassettes, 28 mmx32 mm. 

7. Zinc fixative. Store at room temperature. 

8. 50 ml polystyrene sample pots. 

9. Graded ethanols—70 %, 90 %, and 100 %. 

10. Histoclear. 

11. Paraffin wax. 

1. Xylene. 

2. Distilled water. 

3. 50 ml Coplin jars. 
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4. 1 % hydrogen peroxide solution. Made immediately before use 
by adding 3.33 ml of 30 % hydrogen peroxide solution (stored 
at 4 °C) to 96.67 ml of distilled water. 

5. Phosphate Buffered Saline (PBS), 0.01 M, pH 7.4. 

6. Wax pen. 

7. Normal rabbit serum (Vector Laboratories Inc.). Made by 
adding 150 pi of stock solution to 9.95 ml of PBS. Make up 
fresh before every run-through. 

8. Purified rat anti-mouse CD-31 (PECAM-1) monoclonal anti¬ 
body (BD Pharmingen). Store stock at 4 °C. Dilute 1:100 in 
normal rabbit serum prior to use. 

9. Secondary antibody: Biotinylated rabbit anti-rat IgG (H + L) 
(Vector Laboratories Inc.). Store stock at 4 °C. Dilute 1:400 in 
PBS prior to use. 

10. ABC-peroxidase reagent kit (Vector Laboratories Inc.). 
Components provided in dropper bottles, store at 4 °C. Make 
up 30 min before use by adding 1 drop of “bottle A” plus 1 
drop of “bottle B” to 5 ml of PBS, mixing thoroughly between 
each addition. 

11. Peroxidase substrate kit (Vector Laboratories Inc.). 
Components provided in dropper bottles, store at 4 °C. Make 
up immediately before use by adding two drops of “buffer, pH 
7.5” plus 4 drops of “DAB”, plus two drops of “hydrogen 
peroxide” to 5 ml of distilled water, mixing thoroughly 
between each addition. 

12. Sheet of white paper. 

13. 10 % bleach in tap water solution for disposal of DAB 
solutions. 

14. Harris’s hematoxylin solution. Store at room temperature. 

15. Scott’s tap water substitute. Made by dissolving 3.5 g of 
sodium bicarbonate and 20 g of magnesium sulphate in 1 L of 
distilled water. Store at room temperature. 

16. DPX mountant for microscopy. 

17. 22 x 50 mm glass coverslips. 


3 Methods 


The evaluation of the effects of agents on the neovasculature sur¬ 
rounding hollow fibers loaded with tumor cells comprises of four sub¬ 
sequent procedures: the rehydration and sterilization of the hollow 
fibers followed by loading of the tumor cells; the transplantation of 
the fibers into recipient mice and treatment with agents; the removal 
of the fibers and processing for analysis, and the analysis itself. 
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3.1 Hollow Fiber 
Preparation 
and Loading 


1. Ensure that any closed, cut ends of the fiber are opened by 
applying gentle pressure, and flush each fiber through with 70 
% ethanol using the syringe attached to a blunt needle. 

2. Place the fibers in a tray containing more 70 % ethanol, and 
when all fibers have been flushed through, transfer the fibers to 
the glass chromatography column. Fill with more 70 % ethanol 
so that the fibers are well-covered and sealed. 

3. Store vertically for at least 72 h (see Note 3). 

4. In order to sterilize the fibers, first transfer them to a tray. 

5. Place 100 ml of distilled water into the autoclavable box. 

6. Flush each fiber through with fresh 70 % ethanol using the 
syringe and needle. 

7. Flush each fiber through with distilled water, and with the 
syringe and needle still attached, place the fiber in the box 
filled with distilled water and flush to eliminate trapped air 
from the fiber. Remove the syringe and needle (see Note 4). 

8. Once the required number of fibers have been rehydrated, put 
the lid on the box and secure with autoclave tape. 

9. Carefully place the box in an autoclave bag, seal and label, and 
put into an autoclave. 

10. Autoclave at 131 °C for 5 min (see Note 5). 

11. Once fibers have been sterilized, they can be stored at 4 °C in 
their container until required. 

12. Prepare conditioned medium by decanting the medium from 
one of the flasks of cells to be harvested into a 30 ml polypro¬ 
pylene tube and centrifuge at 700 xjj for 10 min. Decant the 
supernatant into a second tube and label as conditioned 
medium. 

13. Use monolayers of tumor cells grown in 75 cm 2 flasks approach¬ 
ing confluence. Wash twice in HBSS, followed by trypsiniza- 
tion in the trypsin/EDTA solution at 37 °C for between 2 and 
10 min (dependent upon the cell line), and resuspend the cells 
in conditioned medium. 

14. Count the cells using a hemocytometer and adjust to the 
required cell density with conditioned medium (see Note 6). 

15. Store the cell suspension on ice while the class II cabinet is 
prepared for loading the fibers. Spray the cabinet with 70 % 
ethanol and wipe. Fay out the equipment for loading the cells 
into the hollow fibers as suggested in Fig. la. 

16. Position the Bunsen burner to the rear, right-hand side of the 
cabinet (see Note 7). Place the demarcated tray at the front of 
the cabinet with the instrument tray to the right of it, and the 
small steel tray to the left of it. 
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Fig. 1 Loading of cells into hollow fibers, (a) Suggested layout of equipment in the class II cabinet: 1, box 
containing sterilized fibers; 2, small tray for instruments in use; 3, demarcated tray; 4, instrument tray; 5, 
“Fireboy plus” rechargable Bunsen burner; 6, 6-well plate containing medium, (b) Heat-sealing one end of the 
fiber after loading with cells, (c) Fiber following heat-sealing at 1 .5 cm intervals along its length, (d) Dividing 
the fiber into segments by cutting across the heat seals, (e) Placing the fiber segments into a 6-well plate 


17. Add 2 ml of growth medium containing 20 % FCS to each well 
of a 6-well plate, and also fill a 30 ml polypropylene tube with 
the medium, and store both at 37 °C. 

18. Open the packaging on the syringe and needles without touch¬ 
ing the inside of the package. 

19. Bring the tube containg the medium into the cabinet and 
loosen the lid. Using the sterile 10 ml syringe, take up approxi¬ 
mately 7-8 ml of medium, attach a sterile blunt needle, and 
place on the small steel tray. 

20. Mix the tube containing the cell suspension by inversion, bring 
into the cabinet and loosen the lid. Using the sterile 5 ml 
syringe, take up approximately 3-4 ml of medium, attach a 
sterile blunt needle, and place on the instrument tray. 
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3.2 In Vivo 
Transplantation of 
Hollow Fibers and 
Treatment 


21. Place the box containing the sterilized fibers on the furthest 
left of the cabinet and open the lid. 

22. Manipulate the fiber using one set of forceps and flush through 
with fresh medium onto the demarcated tray. 

23. While holding the fiber with a second set of forceps, flush the 
fiber through with cell suspension onto the demarcated tray 
(rrrNote 8). Keep the syringe and needle attached to the fiber. 

24. Heat the needle holders in the Bunsen flame for 3 s and clamp 
the loose end of the fiber to heat-seal (see Fig. lb). Dispense 
further cell suspension into the fiber until it is evidently full 
and heat-seal the needle end. Remove the needle and syringe 
and place on the instrument tray. 

25. Lay the cell-filled fiber along the demarcated tray, lining up the 
first sealed end with one of the marks on the tray, and cover the 
fiber with medium. Heat-seal at 1.5 cm intervals (see Fig. lc), 
and then using scissors, cut across the seals and separate the 
segments {see Fig. Id). For ease of handling, each segment 
should have a tail of 2 mm {see Note 9). 

26. Wash off any cells from the outside of the fiberes by immersing 
the fibers in a series of wells of a 6-well plate filled with medium. 

27. Place the washed segments into fresh 6-well plates and incu¬ 
bate at 37 °C in a 5 % C0 2 atmosphere overnight before pro¬ 
ceeding to implantation. 

All animal procedures adhere to guidelines issued by the UK 

National Cancer Research Institute Guidelines for the Welfare of 

Animals [9]. 

1. In order to minimise fluctuations in temperature during trans¬ 
port to the operating theatre, the 6-well plates which hold the 
fibers are transported in an insulating polystyrene box. 

2. Following induction general inhalation anesthesia with 2 % iso- 
fluorane in a 2 % 0 2 atmosphere, anesthesia is maintained at 
the same rate using a nose cone, with the recipient mouse 
placed on its abdomen. 

3. A small incision is made in the skin near to the left leg on the 
left dorsal flank and a fiber is placed sub-cutaneously using a 
trocar. The incision is sealed with tissue glue and an autoclip 
applied {see Note 10). The procedure is repeated to load 
another fiber in the right flank, with the fibers lying as seen 
in Fig. 2a. 

4. Mice are then transferred to a box containing a heating pad 
maintained at 37 °C and are monitored until they have recov¬ 
ered from the anesthesia. They are then returned to their cages 
and frequently monitored for any deleterious effects until the 
time of sacrifice. 
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Fig. 2 (a-c) Representative images of implanted hollow fibers in situ after 21 days, (a) Fiber implanted subcu¬ 
taneously in the right and left dorsal areas with no visible signs of inflammation (arrows), (b) image of a fiber 
loaded with cells exposed in situ following dissection. The area directly adjacent to the fiber is heavily vascu¬ 
larized (arrows), (c) Similar image of an unloaded fiber showing lack of vascularization surrounding the fiber 
in comparison, (d, e) Photomicrographs at 21 days of sections of tissue surrounding implanted fibers immu- 
nostained with a-CD31 antibody, (d) Fiber (HF) loaded with MCF-7 mammary tumor cells (T) with large num¬ 
bers of vascular profiles positive for CD31 (arrows) in a thick layer of granulation tissue (double-headed arrow/). 
(e) Area next to an unloaded fiber (HF) with minimal granulation tissue (arrows) and negligible CD31 immu- 
nopositivity is seen 


3.3 Removal 
and Processing 
of Hollow Fibers 


1. At various times following implantation (studies have been car¬ 
ried out up to 32 days), mice are sacrificed by C0 2 inhalation 
and are pinned out onto a dissecting board with their dorsal 
flank exposed. 

2. An incision is made in the skin near the base of the left fiber 
which is then extended parallel with the fiber towards the cen¬ 
ter of the body, and then up along the top of the fiber, such 
that there is at least a 5 mm margin of skin surrounding the 
fiber on three sides. The skin flap is then carefully pulled back 
and pinned to the dissecting board. The same procedure is 
repeated for the right fiber. 

3. The dissection board is then placed on the photographic stand 
and an image of the fibers in situ captured using a digital camera 
(see Fig. 2b and c) to show the extent of the neovascularization. 

4. The skin flap surrounding the fiber is then totally dissected and 
laid flat on a piece of card and placed into a histology process- 
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3.4 Assessment 

of Effects 

on the Vasculature 


ing cassette. This in turn is placed into an histology pot con¬ 
taining zinc fixative. 

5. The samples are then fixed overnight, and then processed 
through a graded alcohol series and Histoclear before paraffin 
wax embedding using the automatic tissue processor. 

All incubations in this section are carried out at room temperature 
unless otherwise stated, with 100 pi of solution applied to each 
section. 

1. 5 pm thick sections of the fiber in longitudinal profile are cut 
using a microtome and collected onto APES-coated slides (see 
Note 11). Sections are then de-waxed in xylene and hydrated 
using a graded alcohol series and then finally distilled water. 

2. Slides are then placed in Coplin jars containing freshly made 1 
% H 2 0 2 solution in distilled water for 30 min in order to block 
any endogenous peroxidase activity. 

3. Following a wash in PBS for 5 min, slides are carefully blotted 
dry with a tissue, and a circle drawn around the section using a 
wax pen, which ensures that solutions remain over the area of 
the section when applied, and thus that a smaller volume of 
reagent can be used. 

4. NRS is then applied as a blocking serum for 20 min, after 
which the excess liquid is blotted off by carefully tilting the 
slide and allowing the edge of a folded tissue to come into 
contact with the solution to remove the majority of it. 

5. The a-CD31 primary antibody is then applied to the sections 
and these are incubated for 90 min (see Note 12), followed by 
three washes of 5 min each in PBS. 

6. The biotinylated rabbit a-rat IgG (H + L) secondary antibody 
is then applied for 30 min. At this stage, the ABC peroxidase 
reagent is made up in a 30 ml polypropylene tube. 

7. After three washes of 5 min each in PBS, the ABC peroxidase 
reagent is applied for 30 min. 

8. Slides are then washed a further three times in PBS. During the 
third wash, the DAB substrate is prepared. 

9. The DAB substrate is then applied to the slides, which are 
placed on a piece of white paper and are closely observed until 
brown staining is evident (approximately 3 min). Once color is 
observed, the reaction is stopped by gently running distilled 
water over the whole of the section using a wash bottle, with 
the waste collected into a 500 ml beaker containing 10 % 
bleach solution (see Note 13). 

10. The sections are then placed in a Coplin jar filled with distilled 
water for 5 min. 
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11. Sections are then counterstained with Harris’s hematoxylin for 
5 min followed by washing in running tap water for 2 min, 
immersion in Scott’s tap water substitute for 1 min, a further 
rinse in tap water for 30 s, and then dehydration through the 
graded series of alcohols and xylene before mounting the sec¬ 
tions with DPX mounting medium and addition of a 22 
mmx50 mm coverslip. 

12. Sections are then analyzed by capturing digital images from a 
light microscope with a 40x magnification objective lens, 
which is connected to a CCD video camera, using image cap¬ 
ture software (see Fig. 2d and e). 

13. Using a 21 cm x 17 cm graticule overlayed on the image on the 
PC monitor, measurements are taken in the area towards the 
center of the fiber, with the area of granulation tissue sur¬ 
rounding the fiber, and the amount of CD-31 immunolabel- 
ling of the neovasculature recorded. Twenty fields are measured 
for each section, and three sections are evaluated for each fiber. 

14. A figure for the mean percentage density of neovasculature in 
the granulation tissue surrounding the fiber can then be calcu¬ 
lated by dividing the mean number of CD31-positive inter¬ 
sects on a section by the mean area of the granulation tissue, 
and multiplying by 100. 

15. Statistical analysis of differences in neovascularization sur¬ 
rounding treated and control fibers can then be carried out 
using a one-way ANOVA. 


4 Notes 


1. Cell lines are chosen for their ability to stimulate angiogenesis, 
e.g., high VEGF expression. This can be confirmed by ELISA 
analysis of VEGF levels in hollow fiber experiments in vitro of 
the same duration as the in vivo experiments. 

2. We have demonstrated that for the longer implantation times 
required for studying vascular effects, human tumor cell lines 
must be placed in immunocompromised nude mice, whereas if 
murine tumor cell lines are used, then they can be placed in 
either immunocompetent or immunocompromised mice [10]. 

3. Fibers can be stored in this way indefinitely as long as they do 
not dry out. If this occurs, then the procedure must be repeated. 

4. When the fibers are being re hydrated with water, the trapping 
of air bubbles may occur. To prevent this happening, ensure 
that the fiber is fully immersed in the autoclavable box before 
removing the needle. 

5. Fibers melt at 143 °C and should not be autoclaved above 
131 °C. 
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6. Cell density depends upon the growth characteristics of the 
cell line to be used, but the typical range is for densities between 
2 x 10 5 and 1 x 10 7 cells per ml. 

7. Positions are for a right-handed person. Reverse if 
left-handed. 

8. Keep the fiber as near to the horizontal as possible while load¬ 
ing and sealing. 

9. Seals must be properly formed or else they may break open 
resulting in leakage of cells. It is important to practice not only 
the sealing procedure, but also the segmentation, as both pro¬ 
cedures require steady hands and good eyesight. It may be 
helpful to employ a magnifying lens during this stage. 

10. Once the incision wound has healed, the clips can be removed. 
This normally occurs around 7 days postimplantation. 

11. Discard initial sections until the full lumen of the hollow fiber 
is exposed. Then take serial sections at 200 pm intervals. 

12. For the immunostaining procedure, control sections are 
included in the protocol where: (a) NRS is applied rather than 
the primary antibody; (b) in addition to omitting the primary 
antibody, PBS is then applied instead of the secondary 
antibody. 

13. DAB is a known carcinogen, therefore all unused DAB solu¬ 
tion should be poured into 10 % bleach which can then be 
disposed of by pouring down the drain in the presence of a 
large excess of running tap water. 
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Chapter 27 


Studying Vascular Angiogenesis and Senescence 
in Zebrafish Embryos 

Emma Ristori, Sandra Donnini, and Marina Ziche 

Abstract 

The zebrafish is an excellent animal model to study the formation of the vertebrate vascular network. The 
small size, the optical translucency, and the ability to model endothelial-specific fluorescent transgenic lines 
in the zebrafish embryo had facilitate, in the past 10 years, the direct visualization of vessels formation and 
remodeling. Furthermore, zebrafish is an excellent disease model such as for cancer and neurodegenerative 
diseases. Cerebral amyloid angiopathy (CAA) is a human neurovascular degenerative disease, caused by 
Amyloid |3 (A(l) peptides deposition around brain microvessels, and characterized by vascular brain degen¬ 
erative changes. By using the zebrafish model, we investigated the effect of A(3 peptides treatment in vessel 
formation during embryogenesis. We showed that the defects in the vascular remodeling and senescence 
can be detected, respectively, via staining for alkaline phosphatase activity and (3-galactosidase or cyclin- 
dependent kinase inhibitor p21 expression. We demonstrated that treating zebrafish embryos with these 
oxidative peptides reduces angiogenesis and promotes premature vascular senescence. In this chapter, we 
will describe the methods to reveal both angiogenesis and senescence defects upon A(1 peptides treatment 
of the zebrafish embryos. 

Key words Vascular imaging, Cerebral amyloid angiopathy, Amiloid (3 peptides. Vascular senescence, 
(3-Galactosidase, In situ hybridization 


1 Introduction 


Zebrafish (Danio rerio) is a small tropical freshwater fish that in the 
past decade has became a favorite vertebrate organism to study 
angiogenesis in vivo. Zebrafish embryos develop externally and are 
optically clear, providing noninvasive and high-resolution methods 
to observe blood vessels morphogenesis at every stage of the 
embryonic development using transmitted light or fluorescent 
imaging techniques. The husbandry of the adults is inexpensive 
and easy to maintain long-term [1], while the embryonic develop¬ 
ment and the organogenesis are very rapid, between 24 and 72 of 
hours postfertilization (hpf) [2]. Moreover, the zebrafish shares 
many conserved gene pathways with other vertebrates, making this 
organism a useful model system to study vascular development and 
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function [3]. Finally, several forward and reverse genetic screens, 
using vascular transgenic lines (Table 1), were able to identify fun¬ 
damental genes driving vascular remodeling. 

Angiogenesis is essential in normal developmental processes 
and is critical for the progression of several disease states including 
cancer and age-associated cerebrovascular diseases, including cere¬ 
bral amyloid angiopathy (CAA) [14,15]. The CAAis an age-asso¬ 
ciated cerebrovascular disease, characterized by deposit of amyloid 
peptides (Ap) around brain vessels, and, as a consequence, by a 
massive brain blood vessels degeneration [15, 16]. Loss of vascular 
function associated with an accelerated endothelial cell senescence 
is one of the early consequences of the vascular Ap peptides deposi¬ 
tion during CAA [15, 17]. In zebrafish, the vascular senescence 
can be analyzed by p-galactosidase activity, a histochemically 
detectable biomarker in organismic aging [18], or measuring the 
expression of the messenger RNA for p21, a cyclin-dependent 
inhibitor that induces cell cycle arrest [19-21]. 

In this chapter, we will show that the treatment with Ap pep¬ 
tides of wild type strain (AB) or transgenic line (//z7:EGFP) vl 
embryos results in angiogenesis defect of the subintestinal vessels 
(SIVs) as well as the premature vascular p-galactosidase activity and 
p21 expression. By measuring these senescence markers, we dem¬ 
onstrated that these oxidative peptides promote senescence at an 
early stage of vascular development, a harbinger of vascular clinical 
symptoms in adult [15]. 


Table 1 

Zebrafish transgenic lines used for vascular imaging 


Transgenic strain 

Reference 

Tg(flila:EGFP) yl 

[4] 

Tg(fliila:nEGFP) y7 

[5] 

Tg(fliila:EGF P-cdc42 wt ) y4S 

[6] 

Tg(mTie2:GFP) 

[7] 

Tg(kdrl:G RCFP) 

[8] 

Tg(kdrl:memCherry) s896 

[9] 

Tg(kdrl:EGFP) s843 

[10] 

Tg(flila: DsRed) 

[11] 

Tg(flila:EGFP; kdrfras-cherry) 

[12] 

Tg(fltl:YFP, kdrkmCherryRed) 

[12] 

Tg( stabilin: YFP ) hu4453 

[12] 

Tg(gatal:DsRed) sd2 

[13] 
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2 Materials 


2.1 General 
Materials 


2.2 Whole-Mount 
Alkaline Phosphatase 
Staining 


2.3 SA-b-Gal 
Staining 


2.4 p-21 In Situ 
Hybridization 


Zebrafish AB strain and tij (/7zl:EGFP) yl strain ( see Note 1). Fish 
water (Instant Ocean, 0.01 % Methylene Blue). Petri dishes. 
Pronase solution (100 mg/ml; Protease from Streptomyces gri- 
seus, Sigma). l-Phenyl-2-thiourea (PTU, Sigma). Sterile distilled 
water. Dulbecco’s phosphate-buffered saline (PBS). 
Paraformaldehyde (PFA). Absolute Ethanol. Glycerol (>99 %). 
Inverted microscope equipped with a digital camera for image cap¬ 
ture and processing, i.e., Feica microscope DM6000B equipped a 
Feica DCF480 digital camera and the software FAS (Feica 85 
Application Suite) (Feica, Germany). Planachromatic objectives. 

1. Rinse Buffer: 10 ml lOx PBS, 5 ml 10 % Triton-XlOO, 1 ml 
normal horse serum, 84 ml distilled water, makes 100 ml, scale 
up or down as needed. 

2. Staining Buffer: 1 ml 5 M NaCl, 2.5 ml 1 M MgCl 2 , 5 ml 1 M 
Tris-HCF pH 9.0-9.5, 500 pi 10 % Tween-20, 41 ml distilled 
water, makes 50 ml, scale up or down as needed. 

3. Staining Solution: 10 ml staining buffer, 45 pi NBT, 35 pi 
BCIP, scale up or down as needed. 

4. 4-Nitro Blue Tetrazolium, NBT, 100 mg/ml in 70 % 
dimethylfor mami de. 

5. BCIP X-Phosphate or 5-Bromo-4-Chloro-3-indolyl-phosphate, 
50 mg/ml in dimethylformamide. 

4 % Paraformaldehyde/phosphate-buffered saline. SA-fi-galactosidase 
detection kit (Millipore-Chemicon). 30-50-70 % EtOH in water. 
0.1 % NaN 3 . 70 % Glycerol in water. FR White resin (Fondon Resin 
Company). Reichert Ultra-cut “E” (set 1 Note 2). 

p21 plasmid or genomic p21. PCR master mix (Promega). Trizma 
base. Ethylenediaminetetraacetic acid (EDTA) (set 1 Note 3). Boric 
acid. Agarose. Transcription buffer (Promega). dl-Dithiothreitol 
(DTT). DIG RNA labeling mix (UTP). RNasein. T3 RNA- 
Polymerase. T7 RNA-Polymerase. RNase free DNAse 
I. NaOH. RNAlater. Methanol (MeOH). NaCl. KC1. MgS0 4 . 
Ca(N0 3 ). HEPES. H 2 0 2 (wNote 4). KOH. Tween 20 (see Note 
5). Proteinase K (10 mg/ml). Formamide. Citric acid trisodium 
salt. Citric acid monohydrate. Heparin sodium salt. tRNA from 
wheat germ type V, lyophilized powder. Phenol solution saturated 
with 0.1 M citrate buffer, pH 4.3. Chloroform. Sodium acetate. 
Sheep serum. Albumin from bovine serum (BSA). Sheep anti- 
dioxygenin-AP Fab fragments (Roche Diagnostics). HC1. MgCl 2 . 
Nitro blue tetrazolium (NBT) (see Note 6). 5-Bromo 4-chloro 
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3 Methods 

3.1 Aji Peptides 
Treatment 
and Visualization 
of the Vascular 
Defects 


3.2 Whole-Mount 
Alkaline Phosphatase 
Staining 


3-indolyl phosphate (BCIP) (see Note 7). 99.8 % N,N- 
dimethylformamide anhydrous. Na 2 HP0 4 12H 2 0. NaH 2 P0 4 . 
Stop solution (mix lx PBS, pH 5.5, with 1 mM EDTA, and 0.1 % 
Tween 20 (vol/vol) and store at room temperature). lOx PBS, pH 
5.5, stock solution (see Note 8). PBT (mix lx PBS, and 0.1 % 
Tween 20 (vol/vol) and store at room temperature). 20x SSC 
stock solution (dissolve 175.3 g of NaCl and 88.2 g of citric acid 
trisodium salt in 1 L of water and store at room temperature). 
Blocking buffer (mix lx PBT, 2 % sheep serum (vol/vol), 
BSA 2 mg/ml, and store at 4 °C). Alkaline Tris buffer (100 mM 
Tris-HCl, pH 9.5, 50 mM MgCl, 100 mM NaCl and 0.1 % Tween 
20 (vol/vol)). Microcon YM-50 columns (Millipore). Sigmaspin 
post-reaction purification columns (Sigma-Aldrich). 


Embryos from two different strains, AB and Tg(_//z7:EGFP) vl , were 
treated with Ap peptides (the natural Api-40 variant (WT), and 
the mutant Dutch Ap, E22Q [17]) from the 12-somite stage 
(somitogenesis) until 7 days postfertilization (dpf; larval stage). 

1. Collect and raise AB and Tg(//H:EGFP) yl zebrafish embryos 
at 28 °C in Petri dishes. 

2. Dechorionate embryos with pronase solution (100 pg/ml) at 
6 hpf. 

3. Treat with 0.003 % phenylthiourea (PTU) at 24 hpf to prevent 
pigmentation (see Note 9). 

4. Administer front 18 hpf (12 somites stage) until 7 dpf (larval 
stage), Ap peptides dissolved to 5 ntM in anhydrous dimethyl- 
sulfoxide (DMSO) and further diluted (1-25 ntM) in fish 
water (see Note 10). 

5. Fresh aliquots are administrated every 24 h. 

6. Control embryos are maintained in 0.1 % DMSO in fish water. 

7. Images are taken with a Leica MZFLIII epifluorescence ste¬ 
reomicroscope equipped with a DFC 480 R2 digital camera 
and LAS Leica imaging software (Leica) and processed using 
Adobe Photoshop (Adobe Systems). 

We observed that the treatment with a concentration of 2.5 
pM of Ap peptides affects vascular development in zebrafish; indeed 
the intersegmental vessels (ISVs) in tg(y7zl:EGFP) yl embryos result 
slightly disorganized (Fig. 1). 

To analyze the angiogenic defects upon Ap peptides treatment, we 
modeled the growth of the subintestinal venous vessels (SIVs) 
using endogenous alkaline phosphatase (AP) staining [22]. AP 
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Fig. 1 Transgenic zebrafish tg (ffi?:EGFP) y1 at 72 hpf following repeated Ap peptides (Api—40 and E22Q, both 
2.5 pM) treatment. Stereomicroscopic images (3.2x) of whole fish bodies, both brightfield (left panels a, b, c) 
and fluorescence (right panels d, e, f). Asterisks indicate disorganized intersegmental vessels 


staining is an accepted method for staining endothelial cells, as 
these cells express relatively high levels of endogenous AP activity 
[23]. In zebrafish, endogenous AP activity is not detectable in 24 
hpf embryos, but is weakly detectable by 48 hpf and strongly at 72 
hpf. Staining vessels by endogenous AP activity is useful for easy 
and rapid visualization of the vasculature in many specimens, but 
provides less resolution than many of the other methods. We found 
a decreased extension and reduction of vessel diameter in the SIVs 
plexus throughout the dorsal-ventral axis in both the Api-40 and 
E22Q peptide-treated embryos (Fig. 2). 

1. Treat AB zebrafish embryos with Ap peptides as previously 
described. 

2. Fix embryos at 72 hpf in 4 % paraformaldehyde for 2 h at room 
temperature. 

3. Wash fixed embryos 5x10 min at room temperature in rinse 
buffer or leave washing in rinse buffer at 4 °C for up to several 
days. If doing the latter, wash again at RT for 10 min before 
going on to the next step. 

4. Wash 2x5 min in staining buffer. 

5. Stain in 1 ml of staining solution. Color development takes 
about 5-30 min. 

6. To stop reaction, wash three times in rinse buffer without 
horse serum, then fix in 4 % paraformaldehyde for 30 min, and 
store at 4 °C. 

7. Mount in agarose-coated Petri dishes and take images under a 
Feica MZFFIII epifluorescence stereomicroscope equipped 
with a DFC 480 R2 digital camera and FAS Feica imaging 
software. 
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Fig. 2 Alkaline phosphatase activity in SIV basket at 72 hpf, following Ap peptide exposure (2.5 pM). SIV basket 
in dorsal view (10x, a, b, c). Red arrows indicate SIV basket; black arrows indicate renal plexus. SIV basket 
(lateral view, 10x, d, e, f) at 72 hpf. Asterisk indicates SIV spikes protruding toward the yolk, together with 
pericardial edema overshadowing the SIV basket (E22Q) 


It is better to avoid putting the embryos in methanol (this 
destroys endogenous AP activity). If embryos have been placed in 
methanol, some AP activity can be reconstituted by washing 
embryos in PBT overnight or even over a weekend before starting 
the staining procedure, although staining will be weaker than in 
non-methanol-exposed embryos. 


3.3 Senescence 
Associated 
to the Quantification 
of the p -Galactosidase 
CP -Gal) Activity 
in Zebrafish 


p-Gal activity is a marker of senescence validated in a previous work 
on zebrafish mutants [18]. We used a p-Gal assay at 7 dpf to directly 
analyze whether Ap peptides were inducing senescence in treated 
AB larvae. This assay reveals that staining, detectable in control 
group, increased with the Ap treatment (Fig. 3). 

1. Treat AB embryos with Ap peptides as previously described. 

2. Fix zebrafish larvae (7 dpf) at room temperature for 2 h in 4 % 
paraformaldehyde/phosphate-buffered saline. Alternatively, 
embryos can be left in fixing solution overnight at 4 °C. 

3. Wash in lx PBS 3x15 min. 
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Fig. 3 p-Gal activity in whole-mount AB zebrafish at 7 dpf, following Ap-repeated treatment at 2.5 pM (images 
at 3.2x, a, b, c). On the right, images of p-Gal activity on zebrafish trunk (lateral view, 10x, d, e, f) 


4. Make up the senescence staining mixture as recommended by 
the vendor (Chemicon). We have used the SA-Galactosidase 
Detection Kit from Millipore/Chemicon. 

5. Add 1 ml to embryos and incubate for 4 h at 37 °C. 

6. Wash in lx PBS 3x15 min. 

7. Store embryos at 4 °C in lx PBS and 0.1 % NaN 3 or in 70 % 
glycerol. 

8. Take images with a Leica microscope DM6000B equipped with 
a DFC 480 R2 digital camera and LAS Leica imaging software. 

9. Quantify SA-p-Gal activity using a selection tool in Adobe 
Photoshop for blue color range, according to Kishi et al. [18]. 

Whole-mount ISH was carried out as described by Thisse et al. 
[24]. We found a striking increase of p21 signal in the rostral head 
region of Ap-peptide-treated fish (2.5 pM), in contrast with con¬ 
trol embryos (Fig. 4). The up-regulation of p21 expression sug¬ 
gests that p53-p21 is the prevailing pathway involved in the 
Ap-driven senescence. 


3.4 In Situ 
Hybridization (ISH) 
ofp21 
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Fig. 4 p21 ISH in embryos at 72 hpf. Lateral (4x) view of control and treated 
embryos (Api—40 and E22Q at 2.5 pM), showing p21 mRNA expression in whole 
body, with enrichment in the head 


3.4.1 Preparation 
ofthep21 Probe 


Template DNA 


0.5 pi 

(10-100 ng) 

Forward primer (500 
ml) 

ng/ 

0.5 pi 

(250 ng) 

Reverse primer (500 ng/ 
ml) 

0.5 pi 

(250 ng) 

PCR master mix (2x) 


50 pi 

(lx) 

Sterile water up to 


100 pi 



p21 forward: 5 '-ATGCAGCTCCAGA CAGATGA -3 ', 

p21 reverse: 5'-CGCAAACAGACCAACATCAC-3' (see 

Note 11). 


When working with RNA, use appropriate tips with filter RNAse/ 
DNase free and wear gloves. 

1. For the p21 probe [also known as cdknla], set up 100 pi PCR 
in a 0.5 ml sterile tube as follow: 
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3.4.2 p21 In Situ 
Hybridization 


2. Run the PCR using the following conditions: 4 min at 95 °C, 
40 cycles as follow: 30 s at 95 °C, 30 s at 55 °C, and 1 min at 
72 °C; 7 min at 72 °C. 

3. Add the 100 pi PCR to a Microcon YM-50 column and add 
400 |tl of sterile water. Centrifuge for 15-20 min at 1000 xg at 
room temperature. 

4. Place the Microcon column into a new microfuge tube, add 20 
pi of sterile water, vortex briefly, and then turn the Microcon 
column upside down. Spin for 1 min at 1000 xg at room tem¬ 
perature to recover the DNA. 

5. Check the quality, quantity, and size of the PCR amplification 
product by loading 1 /20 of the preparation on a 1 % (wt/vol) 
agarose gel in lx TBE buffer. 

6. Add to a micro fuge tube: 


Template DNA from PCR 

2.5 pi 

200 ng 

5x Transcription buffer 

1 pi 

lx 

DTT (0.1 M) 

0.5 pi 

10 mM 

DIG-RNA labeling mix (10x) 

0.5 pi 

lx 

RNAsein (40 U/ml) 

0.25 pi 

10 U 

T3 or T7 RNA polymerase (20 

0.25 pi 

5 U 


U/ml) 

Mix and incubate for 2 h at 37 °C (see Note 12). 

7. Add 2 pi of RNase-free DNase I and 18 pi of sterile water. Mix 
and incubate for 30 min at 37 °C. 

8. Stop the reaction by adding 1 pi of sterile 0.5 M EDTA and 9 
pi of sterile water. 

9. Place a Sigmaspin post-reaction purification column on top of 
a microfuge tube. Centrifuge for 15 s at 750 xg. 

10. Break the base of the column and discard the lid. Spin for 
2 min at 750 xg. 

11. Place the column on a new microfuge tube. Add the RNA 
template on top of the resin. Centrifuge for 4 min at 750 xg. 
Discard the column. 

12. Add 1 pi of sterile EDTA 0.5 M and 9 pi of RNAlater to the 
sample. 

13. Visualize 1/20 of the synthesized RNA on 1 % (wt/vol) aga¬ 
rose gel in lx TBE buffer after 30 min of electrophoresis at 
230 V. 

1. Treat AB embryos with A(! peptides as previously described. 

2. Fix embryos (72 hpf, after dechorionation) for 2 h at room 
temperature in 4 % paraformaldehyde/phosphate-buffered 
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saline, then wash twice in PBS-Tween, 5 min each, at room 
temperature. 

3. Dehydrate the embryos in 100 % methanol (MeOH) for 
15 min at room temperature and store at -20 °C until 
processed (r^Note 13). 

4. Rehydrate embryos into successive dilutions of methanol in lx 
PBS: 5 min in 75 % (vol/vol) methanol; 5 min in 50 % (vol/ 
vol) methanol; and 5 min in 25 % (vol/vol) methanol. 

5. Wash four times, 5 min per wash, in 100 % PBT. 

6. Permeabilize the embryos by digestion with proteinase Iv (10 
pg/ml in lx PBS) at room temperature (40 min) (see Note 14). 

7. Stop the proteinase Iv digestion by incubating the embryos for 
20 min in 4 % (wt/vol) paraformaldehyde in lx PBS. 

8. Transfer the embryos from to 1.5 ml sterile Eppendorf tubes 
(up to 50 embryos per tube). 

9. Prehybridize the embryos for at least 3 h at 62 °C in hybridiza¬ 
tion buffer [50 % formamide, 5x SSC, 50 pg/ml heparin, 500 
(tg/ml tRNA, 0.1 % Tween 20, 1 M citric acid pH 6.0]. 

10. Discard the hybridization buffer and replace with 400 pi of 
hybridization buffer containing 200 ng of antisense DIG-labeled 
RNA probe. Hybridize overnight at 62 °C (see Note 15). 

11. Incubate for 10 min the embryos with 200 pi of hybridization 
buffer (without RNase-freetRNA and heparin) warmed at 62 °C. 

12. Gradually change the hybridization buffer to 2x SSC: wash 
once in each of the following: 75 % hybridization buffer, 50 % 
hybridization buffer, 25 % hybridization buffer, and 100 % 
2x SSC. Perform washes in a 62 °C water bath with gentle 
shaking, 10 min each wash. 

13. Wash twice, for 30 min/wash, in 0.2x SSC at 62 °C. 

14. Gradually replace 0.2x SSC with PBT: wash once at room 
temperature, in agitation, in 200 pi of the following solutions: 
75 % 0.2x SSC, 50 % 0.2x SSC, 25 % 0.2x SSC and lx PBT, 
10 min each wash. 

15. Incubate the embryos for 3-4 h at room temperature in block¬ 
ing buffer under agitation. 

16. Incubate in 200 pi of anti-DIG antibody solution diluted at 
1/10,000 with blocking buffer overnight at 4 °C with gentle 
agitation. 

17. Discard the antibody solution and wash the embryos briefly 
in PBT. 

18. Wash six times, 15 min/wash, in PBT at room temperature 
with gentle shaking. 

19. Briefly dry the embryos on a sheet of absorbent paper. 
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20. Incubate the embryos at room temperature three times, 5 
min/wash, in alkaline Tris buffer with agitation. 

21. Transfer the embryos to 1.5 ml microfuge tubes. 

22. Remove the alkaline Tris buffer and replace with 0.7 ml stain¬ 
ing solution prepared fresh and kept in the dark. 

23. Transfer the embryos to 12 well ceramic plates. Monitor the 
color reaction periodically under a dissecting microscope, lit 
from above. Keep the embryos in the dark between checks. 

24. Stop the reaction by transferring the embryos to 1.5 ml 
Eppendorf tubes containing 1 ml stop solution. 

25. Transfer embryos to a six-well plate containing 100 % glycerol. 
Shake gently overnight at room temperature in the dark. 

26. Mount the embryos in 100 % glycerol and observe 
microscopically. 

27. Take images (Fig. 4). 


4 Notes 


1. All animal experiments should be performed in accordance 
with the relevant authorities’ guidelines and regulations. 

2. Methacrylate resins as LR White are hydrophilic and tend to 
wet the block surface because they attract water. Dry the block 
face with filter paper, and if necessary, use an antistatic device 
(gun) to eliminate electrostatic charging. 

3. To prepare 0.5 M EDTA, dissolve 186.1 g of EDTA in 
800 ml of water. Add 15 g of NaOH pellets and make up to 
1 1 by adding water when all pellets are dissolved. EDTA 
may behave as a mild irritant for the eyes, skin, and respira¬ 
tory system. 

4. Hydrogen peroxide solution should be prepared fresh immedi¬ 
ately before use. 

5. Stock solution is prepared by diluting 200 ml of Tween 20 
with 800 ml of sterile water. After complete homogenization 
of the solution, store at room temperature. Protect the solu¬ 
tion from light. 

6. Dissolve 50 mg of NBT in 0.7 ml of A, A'- dimethy 1 ft>rmamidc 
and 0.3 ml of sterile water and store at -20 °C for max 6 
months. 

7. Dissolve 50 mg of BCIP in 1 ml of A, A' - di m e th y 1 fo r m a m i de 
anhydrous and store at -20 °C for max 6 months. 

8. Dissolve 10.8 g of Na 2 HP0 4 , 65 g of NaH 2 P0 4 , 80 g ofNaCl, 
and 2 g of KC1 in 1 1 of water. 
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9. PTU solution prevents the formation of melanin pigments and 
greatly facilitates visualization of the final signal. PTU is an 
inhibitor of tyrosinase, an enzyme required for melanin syn¬ 
thesis. PTU affects early development: do not treat embryos 
before the end of gastrulation. Further, a reduction of cell 
viability in catecholaminergic neuronal cells has been reported 
after PTU treatment. These effects can be avoided by using the 
hydrogen peroxide for dechorionation. 

10. Ap (1-40) peptides, WT or bearing the Duch mutation—were 
synthesized at Espikem (University of Florence, Italy). In all 
cases, peptides were purified by reverse phase high pressure 
liquid chromatography, eluting as a single peak, and their 
respective molecular masses corroborated by mass spectrome¬ 
try. Peptides were first dissolved to 1 mM in cold (4 °C) 
hexafluoro-isopropanol (HFIP,) in a chemical fume hood to 
break down p-sheet structures and disrupt hydrophobic forces 
in aggregated Ap. HFIP was allowed to evaporate, and the 
resulting clear peptide films were vacuum-dried. Before use, 
HFIP-treated peptides were dissolved to 5 mM in anhydrous 
dimethyl sulfoxide (DMSO) and further diluted (1-25 pM) in 
fish water. 

11. In addition to the use of antisense RNA probes, sense 
(control) RNA probes of the corresponding gene should be 
performed to provide indications about the background signal 
that may appear. Primers should generate linear DNA contain¬ 
ing one T3 or T7 RNA polymerase promoter, which should be 
located at 3' (for antisense probes) or 5' (for sense probes) of 
the cDNA or exon of interest. The sequences to include the 
T3 or T7 RNA polymerase promoter in the appropriate primer 
are T3: 5'- CATTAACCCTCACTAAAGGGAA- 3' or T7: 
S'-TAATACGACTCACTATAGGG-3' (reverse primer for 
antisense probes, forward primer for sense probes). Sequences 
should be located at the 5' extremity of the primer. Be careful 
not to contaminate the PCRs. Use sterile tubes and filter tips 
and wear gloves. Alternatively to PCR amplification, cDNAs in 
plasmids can be linearized using restriction enzymes that have 
a unique site located 5' (for antisense probes) or 3' (for sense 
probes) to the insert. Purification of linear DNA can be 
achieved by phenol/chloroform extraction followed by etha¬ 
nol precipitation. 

12. In this chapter, we describe the approach using the synthesized 
p21 RNA probe tagged with dioxygenin uridine-5'- 
triphosphate. Following hybridization, the transcript is visual¬ 
ized by immunohistochemistry using an anti-digoxygenin 
antibody conjugated to alkaline phosphatase. 
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13. This step is necessary for permeabilization of embryos even if 
you don’t want to store them. These embryos can be stored at 
-20 °C for several months. Use MeOH and not ethanol 
because ethanol causes a higher background. 

14. This step permeabilizes the embryos and allows the RNA 
probe to penetrate. It is important to use the times indicated 
for proteinase K treatment. There are different times of treat¬ 
ment for each developmental stage. Under-digestion would 
not allow the probe to get in, whereas over-digestion will alter 
the morphology of the embryo. 

15. Do not use excessive amounts of RNA probe. This increases 
background labeling. This high hybridization temperature and 
the percentage of formamide in the hybridization buffer ensure 
high stringency of hybridization and decrease the occurrence 
of cross-hybridization. 
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cell.87-89 

tissue.63 


Basement membrane extract (BME).191,192, 

196,198,199,202 

Blood flow.19,261,265-268,270-279, 

293,334, 336-337,342, 358 

Bovine 

eye.115 

serum.79,110,170,182, 

192,291,360,389 

serum albumin (BSA).36, 63,124,162, 

195,209,233,291,312, 323, 340, 349,389 
Bromodeoxyuridine (BrdU).6,17, 366 


D2-40.6, 7,20, 36-38,40, 80, 86, 89 

Danio rerio (see Zebrafish) 

Diabetes. 107,122,205,222 

Dorsal skinfold assay.251—262 

Dynabead.62, 66, 71, 74, 75 
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Embryoid body (EB).180 

Embryonic stem cells (ES cells) 

culture.181,183 
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Embryonic stem cells (ES cells) ( cont .) 

differentiation.181 

medium.183 

Endothelial cell 

cryopreservation.87 

fixation.186 

markers.4,17, 62, 64, 67, 78,137, 322 

sprouting.214,217 

Epidermal growth factor receptor (EGFR).289 

E-selectin.64, 68, 70,232,246 

Extracellular matrix (ECM).15, 77, 82, 92, 

136,150,191,205,206,217,223,225,233,236,297, 
311,355 


F 

Feeder cells. See mouse embryonic fibroblasts(MEF) 


Fibrin 

gel.209,211,215,216 

scaffold.179-188 

Fibroblast growth factor (FGF) 

acidic (aFGF).74 

basic (bFGF).49, 63, 74, 99,103,125,205 

Fibroblasts 

dermal.159,161 

human.233 

mouse.181,183 

Fibronectin.18, 70, 79, 82, 85, 87, 89, 

124,130,140,159,160,232,233,246,333 
Fluorescent marker.267 

G 

P-galactosidase.388, 392—393 

Gelatin.63, 70,110,135,137, 

232,238,239,340 

Gelatin zymography.125 

Green fluorescent protein (GFP).140,199 

H 

Haptotaxis. 123,124,132,134 

Histology.252, 302,382 

Hollow fibre assay.375-379, 381, 

383-385 

Human arterial ring (hAR) assay.191-196,198-202 

Human endothelial cells 

adipose microvessel endothelial cells 

(HuAMEC).65-67 

aortic endothelial cells (HuAEC).73 

lung endothelial cells (HuLEC).63 

lymphatic endothelial cells (LEC).17, 44, 77-90 

lymphatic malformation lymphatic endothelial cells 

(LM LEC).78 

umbilical vein endothelial cells 

(HUVEC).123-124,151,232 


I 


ImageJ. 13,153,165,194,322, 329, 351, 371 

Immunofluorescence (IF).37,38,40-41, 

43,44,53,94-95,98,163-164,194,197,199,349-350 
Immunofluorescent 


imaging.194 

staining.212, 348 

Immunohistochemistry.4—6,15,17, 20,22, 

36-41,43,44,46,47, 50, 55, 80,101,252, 313-315, 
363,364,398 


In Situ Hybridization.389—390, 393—397 

Interleukin (IL)-ip.68,233, 312 

Intravital microscopy.251—262,266, 351 

Invasion.13,19,122,124,125, 

131-134,150,180,205,206,286,289,296 


K 

Ki67.17, 36,46, 347,351 

Knock-down. See RNAi 


L 


Laminin.18,140,160,170,232,233, 

245,246,364,368 

Lectin 

concanavalin A (Con A).313 

Griffonia (Bandeiraea) simplicifolia lectin 1 (GSL-1/ 

BSL-1).327, 347,359, 364 

Ulex europaeus agglutinin-1 (UEA-1).62, 74 

Lentivirus 


preparation.162,197 

transduction.198,199 

vectors.162,164,194 

Leukemia inhibitory factor (LIF).180,183 

Leukocyte.50—53, 55,181, 


231,232,235,236,241,243,245-247,252,311-313, 
315,316,334 


Lymphangiogenesis.20—21, 35—41, 43, 44, 

47,49-51,121, 311-316,345-347, 349, 351-353 

Lymphatic vessel density (LVD).36,43,45-47 

LYVE-1.6, 7,20,35,36,39, 41, 

42,46,47, 78,313, 315, 347, 349, 351 


M 


Matrigel.67, 89,124,131,133, 

141,149-152,157,160,170,180,192,224,225,228, 
297,356,375 

Matrigel tube formation.157 

Matrix metalloproteinase-1 (MMP-1).285, 288-290 

Mesenteric assay.345-347, 349, 351-353 

Metalloproteinase. 19,122,125,136 

Methylcellulose.171,174-176,182, 

184,188,194,199 
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Microvascular density.20 

Microvessel density.4,11,14,15, 

17-19,50,53 


Microvessel endothelial cell.66 

Migration.15,19, 92,122,125, 

129-134,140,141,150,231,232,239,241,245-247, 
334,355,356 

Monocyte chemoattractant protein-1 (MCP-1).312 

Mouse embryonic fibroblasts (MEF) 


culture.181-182 

cryopreservation medium.181—182 

mitomycin C treatment.181 

passaging.181—182 

Mural cell.170,221,222, 


350,366 


Muscle 

electrical stimulation.357 

extirpation.357 

fibre type composition.361, 369—370 

overload.357 

strain.355—357 


N 


Nestin.12 

Neutrophil.49, 92,239,241,245-247, 


311,312, 334,338 


o 


Oxygen induced retinopathy (OIR).317-329, 331 

P 


PECAM-1.378 

Pericyte 

bovine retinal.107—116,226,227 

culture.107 

human placental.93 

isolation.97,107,111-112 

P-PIX.155 

Plasmid.109,110,114,194, 

197,389,398 

Platelet endothelial cell adhesion molecule-1 (PECAM1/ 

CD31).62, 64, 68, 69,161,186 

Podoplanin.20, 35—37, 41, 48, 

80, 86, 88, 89 

Polyethylenimine (PEI).162,164 

Polymerase chain reaction (PCR).139,285, 

286,288,389,394,395, 398 

Prazosin.358, 363, 371-372 

Proliferation.5, 6,12,16,17,20, 35,44-47, 

49, 74, 75, 91, 98,102,108,121-142,150,223,226, 
283, 305,322,334,350, 355-357,360,366 

Proliferating cell nuclear antigen (PCNA).360 

PROX-1.78, 80, 86, 88 
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Radiotracer.271,277 

Rat.47, 62, 95,107,141,170,171,180, 

206,208,209,213,216,217,224,225,266,269-273, 
275,299,322,323, 326,328,335 

RBC velocity.266 

Retina.97,107,108, 111, 112,115,206, 

307, 315,317-319, 321,322, 327,328,330 

Retinal pigmented epithelium (RPE).108, 111, 112,115 

Retinopathy.102,107,122,205,222, 318, 322 

RhoJ.150,152,155 

RNAi 

short hairpin RNA (shRNA).194 

small inhibitory RNA (siRNA).140,160-161, 

163,165,288,290 


S 

Shear stress.141,243,247, 355—358 

Skeletal muscle. See Muscle 
Smooth muscle 

a-actin.347, 349, 352 

cells.67, 70, 72, 76-78, 85, 89, 

91-103,168,181,352, 365 

myosin heavy chain (SMMHC).99 

a-actin.67, 94,101, 359-360,365-366 

Spheroid 

endothelial.206 

Sponge implant model.333—341 

T 


Tissue 

explants.92, 96-97,102-103,191 

fibrous adipose.193,195-196,201,207,210-211 

Transfection 

liposomal.109 

transient.140 

Tube formation.150,152,156,159,170,180, 356 

Tumour 

associated macrophages.50 

microenvironment. 19,122,196,296 

vasculature.3, 4,10,14,19,284, 375 
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Umbilical 


artery.72, 95,191,195 

cord.72, 75,95,151,161,170,192,193,201 

vein.62, 72, 95,123,124,138,151,232,237 


V 

Vascular endothelial cadherin (VE-cadherin).186 

Vascular endothelial growth factor (VEGF) 

receptor 1 (VEGFR1).16,20 
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Vascular endothelial growth factor (VEGF) ( cont .) 


receptor 2 (VEGFR2).187,198 

receptor 3 (VEGFR3).48 

Vascular senescence.388 

Vascular smooth muscle.77, 78, 85, 89—103, 

168,352,365 

Vasodilation.342, 346 

von Willebrand factor (vWF).64, 68, 99 
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Wimasis.153,156 

Wound healing.35, 46, 48, 50,179,205,222,299 

Z 

Zebrafish.387-390,392,393, 395,397, 399 

Zymography.123,125,135—138,142 













